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Cyanate is a low abundance but actively cycled
nitrogen compound in soil
Maria Mooshammer1,5, Wolfgang Wanek 1, Stephen H. Jones2, Andreas Richter 1 &

Michael Wagner 1,3,4✉

Cyanate can serve as a nitrogen and/or carbon source for different microorganisms and as an

energy source for autotrophic ammonia oxidizers. However, the extent of cyanate availability

and utilisation in terrestrial ecosystems and its role in biogeochemical cycles is poorly known.

Here we analyse cyanate concentrations in soils across a range of soil types, land man-

agement practices and climates. Soil cyanate concentrations were three orders of magnitude

lower than ammonium or nitrate. We determined cyanate consumption in a grassland and

rice paddy soil using stable isotope tracer experiments. We find that cyanate turnover was

rapid and dominated by biotic processes. We estimated that in-situ cyanate production rates

were similar to those associated with urea fertilizer decomposition, a major source of cyanate

in the environment. We provide evidence that cyanate is actively turned over in soils and

represents a small but continuous nitrogen/energy source for soil microbes.
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Cyanate (NCO−) is an organic nitrogen compound that has
mainly been of interest in medical science due to its
negative effect on protein conformation and enzyme

activity1, in chemical industry as industrial feedstock, and in
industrial wastewater treatment, where it is produced in large
amounts, especially during cyanide removal2,3. However, in
recent years, cyanate received more attention in marine bio-
geochemistry and microbial ecology, with the discovery of the
involvement of cyanate in central nitrogen (N) cycling processes,
namely in nitrification and anaerobic ammonium oxidation
(anammox)4,5. Despite the emergent recognition of the role of
cyanate in marine ecosystems6–11, the environmental role and
significance of cyanate in terrestrial ecosystems remain entirely
unknown.

It has been shown that cyanate can serve as the sole N source
for microorganisms that encode the enzyme cyanase (also known
as cyanate hydrolase or cyanate lyase; EC 4.2.1.104)8,12,13. This
enzyme catalyzes the decomposition of cyanate in a bicarbonate-
dependent reaction yielding carbamate, which spontaneously
decarboxylates to ammonia and carbon dioxide14. The resulting
ammonia (which is in equilibrium with ammonium) and carbon
dioxide can then be assimilated13. The enzyme was first dis-
covered in Escherichia coli15 and genes encoding homologous
proteins have been found since in genomes of various bacteria,
such as proteobacteria and cyanobacteria, as well as in archaea,
fungi, plants, and animals16–18. Cyanase, and thus the potential to
use cyanate as a N source, therefore seems to be widespread
among prokaryotes and eukaryotes. Generally, it is assumed that
the main role of cyanase is cytoplasmic detoxification. Cyanate is
harmful because isocyanic acid (HCNO), the active form of
cyanate, reacts with amino and carboxyl groups, and conse-
quently carbamoylates amino acids, proteins and other molecules,
thereby altering their structure, charge, and function19. Further-
more, a regulatory function of cyanase in arginine biosynthesis
has been proposed17.

Recently, a new physiological role for the enzyme cyanase
was described in the chemoautotrophic ammonia-oxidizer Ca.
Nitrososphaera gargensis. This archaeon encodes a cyanase
and was shown to effectively use cyanate not only as a source of
N for assimilation but also as a source of energy and
reductant4. Moreover, the marine anammox Ca. Scalindua
profunda as well as several Ca. Scalindua single amplified
genomes from the Eastern Tropical North Pacific anoxic
marine zone also possess a cyanase and it has been suggested
that cyanate thus can be directly used as a substrate by ana-
mmox organisms5. Cyanate can be either directly utilized by
cyanase-positive microorganisms or indirectly by other
microorganisms that may assimilate ammonia released by the
former. A special case of indirect use of cyanate was shown
recently among nitrifiers exhibiting a reciprocal feeding rela-
tionship that enables growth of both partners on cyanate.
Cyanase-positive nitrite-oxidizers convert cyanate to ammonia,
providing the substrate for cyanase-deficient ammonia oxidi-
zers that oxidize ammonia to nitrite, providing, in turn, the
substrate for nitrite-oxidizers4.

Cyanate can be formed by photooxidation or chemical oxida-
tion of hydrogen cyanide20, or by hydrolysis of thiocyanate21.
Recently, it has also been shown that cyanate is formed in diatom
cultures, indicating a biological source of cyanate22. Within living
organisms, cyanate may result from the non-enzymatic decom-
position of carbamoyl phosphate, a precursor for nucleotide and
arginine biosynthesis23,24. Moreover, urea spontaneously dis-
sociates in aqueous solution, forming cyanate and ammonium25.
As urea is the most widely used agricultural N fertilizer
worldwide26, it is possibly one of the most significant sources of
cyanate in soils on a global scale.

Despite the potential relevance of cyanate as a N and energy
source for microorganisms, environmental cyanate sources,
concentrations, and fluxes (i.e., the production and consumption)
are largely unknown, especially in terrestrial ecosystems. Here, we
investigated, for the first time, cyanate availability and dynamics
in terrestrial ecosystems. We analyzed soil cyanate concentrations
across different soil and land management types along a con-
tinental gradient and discuss the abiotic behavior of cyanate in
the soil environment that controls its availability. We developed a
method for compound-specific isotope analysis of cyanate that
allowed us to assess biotic and abiotic cyanate turnover processes.
To yield further insights into the production and consumption of
cyanate in soils, we assessed quantitively the contribution of urea
to soil cyanate formation, by combining empirical and modeling
approaches that yielded estimates of gross rates of cyanate
transformations in soils.

Results and discussion
Cyanate concentrations and the influence of soil pH on its
recovery and availability. As cyanate concentrations have not yet
been determined in soils, we tested three commonly used soil
extractants: water (Ultrapure Water, resistivity >18.2MOhm), 10
mM CaSO4, and 1M KCl (Fig. 1). If cyanate is strongly adsorbed
in soils, increasing salt concentrations of the extractant result in a
higher recovery of cyanate. For an alkaline grassland soil (soil pH
= 8.3), we found that the recovery of added cyanate was complete
for all extractants (i.e., no significant difference between added
and recovered cyanate, t test, P > 0.05). However, the recovery of
added cyanate differed between extractants for a forest soil with a
soil pH of 7.0 (one-way analysis of variance (ANOVA), F2,9 =
308.5, P < 0.001). When using 1M KCl for this soil, recovery was
complete (101.5% ± 1.3 SE), whereas the use of 10 mM CaSO4 or
water resulted in significantly lower recoveries of 85.8% (±0.7 SE)
and 59.5% (±1.5 SE), respectively. In contrast to the alkaline and
neutral soil, cyanate recovery in an acidic grassland soil was on
average only 7% for all extractants. The stability of cyanate is pH-
dependent, which is explained in more detail below. For the
following experiments we chose 1M KCl as the extractant, as its
extraction efficiency was the same or higher as the others.

Fig. 1 Comparison of extractants for determination of soil cyanate
concentration. Cyanate recovery was assessed by spiking the extraction
solution with potassium cyanate (final concentration of 15 nM). Three
extractants (water, 10 mM Calcium sulfate (CaSO4), and 1M Potassium
chloride (KCl)) were tested for three soils: an alkaline grassland soil (soil
pH = 8.3), a pH-neutral mixed forest soil (soil pH = 7.0) and an acidic
grassland soil (soil pH = 4.3). Letters denote significant differences
between extractants within each soil type (one-way ANOVA followed by
Tukey’s HSD test, ɑ = 0.05). Asterisks indicate significant differences
between added and recovered cyanate (t test, ɑ = 0.05). Shown are
average values ±1 SE (n = 4).
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To obtain representative data on soil cyanate concentration, we
analyzed 46 soils across different soil and land management types
along a European climatic gradient (Fig. 2a). Although we used
the most sensitive analytical method available to date, with a
detection limit in the low nanomolar range in solution27, cyanate
was detectable only in 37% of the soils tested (Fig. 2b). Average
concentration of soil cyanate was 33.6 (±8.1 SE) pmol g−1 soil d.
w., excluding samples below detection limit. Notably, we found
that above soil pH 5.7 in 0.01 M CaCl2 or pH 6.6 in water cyanate
was detectable in all samples, indicating that soils with high pH
have higher cyanate concentrations, as also shown by the
extraction test mentioned above.

Soil pH is likely a major factor shaping the availability as well
as extractability of cyanate because its reactivity is strongly pH-
dependent. Cyanate is the anionic form of isocyanic acid, which is
a weak acid with a pKa of 3.66, so that cyanate is the dominant
species at neutral and alkaline pH (Fig. 2c). Based on what has
been observed for other inorganic ions, it is predicted that cyanate
adsorption in soils decreases with increasing pH, with no
adsorption at pH > 8 (Fig. 2c)28. Such adsorption behavior is in
line with the results of our extraction test: at high soil pH, cyanate
was completely extracted with water (i.e., no cyanate adsorption),
whereas at lower pH (here neutral pH) cyanate extraction was
incomplete when extracted with water, but when extracted with
salt solutions increasing amounts of cyanate (i.e., exchangeable/
adsorbed cyanate) were recovered. In turn, the distinctive low
recovery of added cyanate in the acidic soil, as well as the low
detectability of cyanate in soils with low pH across a European

transect, were most likely due to irreversible reactions of cyanate
and in particular isocyanic acid with amino- and carboxyl-groups
at low pH. Both chemical species hydrolyze abiotically to
ammonia/ammonium and carbon dioxide/bicarbonate in aqu-
eous solution according to three simultaneous reactions, which
are strongly pH-dependent: hydronium ion-catalyzed hydrolysis
of isocyanic acid (Eq. (6); dominant reaction at low pH), direct
hydrolysis of isocyanic acid (Eq. (7)), and direct hydrolysis of
cyanate (Eq. (8), dominant reaction at high pH). Combining these
reactions, the rate of cyanate/isocyanic acid hydrolysis substan-
tially increases with decreasing pH, rendering cyanate unstable at
low pH (markedly at pH < 4; Fig. 2d). Moreover, isocyanic acid
also reacts with carboxyl, sulfhydryl, phosphate, thiol, or phenol
groups, which mostly occurs at low pH29.

At neutral to alkaline pH, the most relevant abiotic reactions of
cyanate/isocyanic acid in the (soil) environment are the
irreversible reaction of isocyanic acid with the amino group of
amino acids and proteins (Eq. (12); carbamoylation) and the
reaction of cyanate and ammonium to urea (Eq. (3); equilibrium
reaction that favors urea more than 99%). As the rates plotted in
Fig. 2d are standardized rates, they do not take into account the
concentrations of the two reactants involved in the second-order
reactions (cyanate and amino acids or cyanate and ammonium).
Therefore, the actual rates will depend on the soil solution
concentrations of both reactants. Concentrations of amino acids
and ammonium in the soil solution are also modulated by their
adsorption behavior (i.e., weak or strong), which strongly
depends on their chemical properties and on physicochemical

Fig. 2 Soil cyanate concentrations and abiotic reactions of cyanate. a Map of Europe displaying the 46 soil sampling sites: G, grassland; F, forest; P,
pasture; A, arable. b Soil cyanate concentrations (extracted using 1M KCl) plotted as a function of soil pH in 0.01M CaCl2. The dashed line denotes the soil
pH threshold above which cyanate was detectable in all soil samples. c Acid–base dependency of cyanate and isocyanic acid as a function of pH (HNCO⇄
H+ + NCO−; pKa = 3.66 at 20 °C). The orange dotted line shows the predicted adsorption isotherm of a 10−4M cyanate solution on hydrous ferric oxide
(a major component of soil influencing stabilization of compounds) as a function of pH redrawn from Dzombak et al.43. The equilibrium surface
complexation constant was estimated based on correlations of acidity constants and surface complexation constants fitted to adsorption data for other
inorganic ions28. d Standardized rates (kstd; at 20 °C) of combined abiotic cyanate/isocyanic acid decomposition to ammonium (Eqs. (6)–(8), rate
constants from Equations 9-11), the reaction of cyanate with ammonium to urea (Eq. (3), rate constants from Eq. (5)) and the reaction of isocyanic acid
with the amino group of glycine (Eq. (12), rate constants from Eq. (13)). Note that kstd are plotted on a logarithmic scale.
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properties of the soil, such as clay content and cation exchange
capacity30. Therefore, the rates of abiotic reactions of cyanate
with amino acids/proteins or with ammonium may strongly vary
between different soil types, depending on soil physicochemical
properties other than soil pH. For example, low-nutrient soils
with high adsorption capacity for ions and low contents of amino
acids and ammonium have the greatest potential to limit these
abiotic reactions of cyanate. Nevertheless, cyanate is significantly
more stable in soils with high pH, as the rate of abiotic hydrolysis
of cyanate to ammonium at pH < 4 is about two orders of
magnitude higher compared to the reactions with amino acids or
ammonium (note that the standardized rates are plotted on a
logarithmic scale in Fig. 2d).

Soil cyanate dynamics. Understanding environmental dynamics
and turnover of cyanate requires the knowledge about both pool
sizes and fluxes. Therefore, we thoroughly assessed cyanate fluxes
in neutral/alkaline soils, where it does not rapidly decompose to
ammonium, by using two different approaches: first, we deter-
mined the half-life (t1/2) of cyanate by amending two soils with
isotopically labeled cyanate solution (13C15N-KOCN) and mea-
suring the decrease in concentration over time. To assess abiotic
reactions that may limit cyanate bioavailability in neutral/alkaline
soils, we also differentiated between biotic and abiotic decom-
position processes of cyanate in this approach using sterilized
(autoclaved) soils, where enzymatic activities are strongly
reduced. Second, we assessed urea quantitively as a source for
cyanate formation in soils, by combining an empirical and
modeling approach to obtain estimates of gross cyanate pro-
duction and consumption in a urea-amended soil. Throughout
the following discussion, we will refer to these two experiments as
“tracer experiment” and “urea addition experiment”, respectively.

In the tracer experiment, we added isotopically labeled cyanate
to two distinct soils with the same pH (7.4 in 0.01M CaCl2) and
similar in-situ cyanate concentrations: a grassland and an arable
soil with soil cyanate concentrations of 27.3 (±4.7 SE) and 21.2
(±4.5 SE) pmol g−1 soil d.w., respectively. Preliminary experi-
ments indicated rapid consumption of added cyanate. Thus, to
avoid fast depletion of the added cyanate pool, we added ~250-
fold the in-situ cyanate concentration. For comparison of cyanate
turnover between the two experiments see below discussion on
mean residence time and gross cyanate production. We found
that the depletion of isotopically labeled cyanate was substantially
faster in the grassland soil than in the arable soil: 58 (± 2 SD) and
25% (± 4 SD) of the labeled cyanate were lost in the grassland and
arable soil, respectively, after 90 min of incubation. Here, the
depletion of cyanate includes both biotic and abiotic processes.
To distinguish abiotic reactions and biotic cyanate consumption
over time, we corrected these data for abiotic cyanate loss rates
inferred from sterile (autoclaved) soil samples. We then fitted a
first-order exponential decay curve and used the exponential
coefficient to calculate the biotic half-life of cyanate. We found
that the grassland soil had a biotic half-life of 1.6 h, which
is significantly shorter than that of the arable soil, which was 5.0 h
(t = 6.64, P < 0.01; Fig. 3). The difference in cyanate turnover
between the two soils could be due to differences in the
composition and abundance of organisms expressing cyanases.
The grassland soil had a higher soil organic carbon content (37
mg g−1) compared to the arable soil (10 mg g−1). Thus, it is likely
that the grassland soil contained a larger microbial community, as
microbial biomass scales with soil organic carbon31. A higher
microbial biomass may correlate with a higher abundance of
cyanate-degrading organisms. The biotic-mediated turnover of
the soil cyanate pool was relatively fast and in the same
range as the turnover of free amino acids in soils and plant

litter (<6 h)32,33 and soil glucosamine34. By contrast, mean
residence times of soil ammonium and nitrate are found to be
around 1 day (half-life of 16.6 h), but can also be in the range of
several days due to lower input rates and larger pool sizes. For
instance, in arable soils, ammonium and nitrate had mean
residence times between 0.6 and 7.9 day (half-life of 10.0 h to
5.5 d), and between 1.1 and 25.7 d (half-life of 18.3 h to 17.8 d),
respectively35. The abiotic half-life of cyanate determined in
sterile soil samples was similar for both soils (t = 0.13, P=
0.9024), with 13.4 h and 15.1 h for the grassland and the arable
soil, respectively (Fig. 3). The ratio of the biotic (kb; min−1) and
abiotic (ka; min−1) rate constant of cyanate consumption was
8 (kb/ka = 0.007/0.0009) for the grassland soil and 3 (kb/ka =
0.002/0.0008) for the arable soil. This shows that the consump-
tion of cyanate in these neutral/alkaline soils is mainly biotic, with
only small contributions from abiotic processes.

The contribution of urea to soil cyanate formation has never
been quantified, although it has been speculated that cyanate
formation is the reason for the observed negative effects of urea
fertilizer (when applied at high rates) on early plant growth36. It
was found that cyanate was toxic to plant cells, although when
cyanate was added to soil, it did not have a negative effect on seed
germination and plant biomass yield36,37. Nevertheless, it is
unclear whether cyanate accumulates during fertilizer application,
and urea-derived cyanate has never been considered in the
context of microbial nutrient cycling in agricultural soils.
Studying cyanate formation from urea fertilizer application in
soils has been hindered by the lack of sensitive analytical methods
to measure cyanate in the environment, which has only recently
become available27. This is also complicated by the fact that rates
of cyanate formation from urea in soils depend on the pool sizes
of different N species, which, in contrast to sterile aqueous
solutions under laboratory conditions, change over time. These
changes are due to microbial activity, i.e., decrease in urea
concentration due to ureolytic activity, net change in ammonium
concentration as a result of the production from urea hydrolysis
and organic matter mineralization, and the consumption and/or
immobilization by nitrification, assimilation, and soil fixation
(abiotic immobilization by clay and humic substances), and the
biotic consumption of cyanate.

In order to obtain estimates of gross rates of cyanate dynamics,
we developed an approach that combines experimental data and
modeling. The chemical equilibrium reaction of urea and
ammonium cyanate has been intensively studied and the rate
constants for this reaction in aqueous solution are well established
under controlled laboratory conditions (Eqs. (3)–(5)). We took
advantage of these well-established rate constants by using them
to compute rates of cyanate production and consumption based
on observed changes in pool sizes in soil solution (Eq. (14) and
Fig. 4a). We assume that net changes in cyanate concentration are
the result of the production from urea and the biotic and abiotic
consumption of cyanate, and that no cyanate adsorption occurs
in the alkaline soil used in this experiment.

For this “urea addition experiment” we used the same arable
soil as in the tracer experiment, which was cultivated with rice
every second year and received N fertilizer in the form of urea.
Urea solution corresponding to the fertilizer application rate of
this soil (i.e., 180 kg N ha−1 y−1) was added, and soil solutions
were obtained at several time points throughout a 30-h
incubation period. We found that urea was almost completely
hydrolyzed at the end of the incubation (Fig. 4b), and that only a
very small fraction (<1%) of the resulting ammonium was
recovered in soil solution throughout the incubation (Fig. 4c).
Thus, most of the ammonium was adsorbed, abiotically fixed,
converted to nitrate or assimilated. When urea was added to the
soil incubations at the beginning, a small cyanate amount was
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added along with it. This was unavoidable as cyanate was
immediately formed upon urea dissolution when the solution was
prepared. This cyanate pool was rapidly consumed during the
first 6 h, after which steady cyanate concentrations were reached,
indicating balanced production and consumption rates (Fig. 4d).
The rate of cyanate formation from urea depends on the pool size
of urea, ammonium, and cyanate, which change over time. For
the model, urea concentration over time was described by a first-

order reaction (Eq. (15)), and ammonium and cyanate concen-
trations were fitted with a third and fourth-degree polynomial
function, respectively (Eqs. (16) and (17), respectively). By
integrating dynamics of biological processes into the abiotic
equilibrium reactions of urea (Eq. (14)), our model estimates
cyanate production of 86.8 nM from urea (180 kg N ha−1) after
30 h (Fig. 4e), which equals to an average gross cyanate
production rate from urea of 2.9 nM h−1. Gross cyanate

Fig. 3 Dynamics of soil 13C15N-cyanate consumption in two contrasting neutral soils (pH = 7.4) (“tracer experiment”). 13C15N-cyanate was added to a
sterile (i.e., abiotic control) and non-sterile (a) grassland soil and (b) arable soil, and incubations were stopped after 0, 10, 20, 30, 45, 60, and 90min. To
obtain biotic cyanate consumption over time, the non-sterile samples were corrected for abiotic loss of cyanate derived from the sterile samples. Dynamics
of cyanate consumption over time for the corrected non-sterile soils and sterile soils were described by fitting a first-order exponential decay curve and the
exponential coefficient was used to calculate half-life (t1/2) of the 13C15N-cyanate pool. Shown are average values ±1SE (n = 3).

a

b c
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Ammonium

Cyanate

Fixed/assimilated ammonium

Nitrite + nitrate

Consumed cyanate

k1a
k2a, k2b, k2c

k1b

Nitrification

e

Fig. 4 Gross cyanate production and consumption in soil solution of a urea-amended arable soil (“urea addition experiment”). a Schematic
representation of pools and fluxes used to model rates of abiotic cyanate formation from urea and microbial consumption of soil cyanate. Urea, ammonium
and cyanate, which are involved in the chemical equilibrium reaction, are highlighted as grey boxes. Rate constants of abiotic reactions are depicted in
orange and were used to model cyanate fluxes based on observed pool sizes. We included abiotic hydrolysis of cyanate to ammonium, as the rate
constants for the reaction are well established. b–d show urea, ammonium and cyanate concentrations in soil solution, respectively. Filled circles are
observed data (average ± 1SE) at 0, 6, 12, 24 and 30 h after urea addition. Model fits are described in detail in Material and Methods. e Modeled rates of
gross cyanate production from urea (orange line; “Formed from urea”) are shown as cyanate accumulation over time and gross cyanate consumption (blue
line; “Consumed”) calculated as the difference between cyanate production and the observed net change in concentration.

COMMUNICATIONS EARTH & ENVIRONMENT | https://doi.org/10.1038/s43247-021-00235-2 ARTICLE

COMMUNICATIONS EARTH & ENVIRONMENT |           (2021) 2:161 | https://doi.org/10.1038/s43247-021-00235-2 | www.nature.com/commsenv 5

www.nature.com/commsenv
www.nature.com/commsenv


consumption was 6.0 nM h−1 (180 nM during 30 h), encompass-
ing also the consumption of the added cyanate through urea
addition at the beginning of the incubation. Our study, therefore,
demonstrates that cyanate formed by isomerization of urea was
rapidly depleted by soil microorganisms and by abiotic reactions,
limiting cyanate accumulation in soils and, thus preventing
possible phytotoxic effects of urea-derived cyanate during
fertilizer application. The applied empirical modeling approach
provides the first estimates of gross cyanate production and
consumption rates from urea in a biological/environmental
system.

To better grasp the cyanate consumption potential of soil
microorganisms, we compared the rate constant of cyanate
consumption from the tracer experiment and urea hydrolysis
from the urea addition experiment, as both rates followed first-
order reaction kinetics (Figs. 3b and 4b, respectively). In the arable
soil used for both experiments, we obtained a rate constant of
0.0032min−1 for (biotic) cyanate degradation and 0.0009min−1

for urea hydrolysis, showing that cyanate consumption was
approximately 3.7-fold faster than urea hydrolysis. This indicates
that soil microorganisms have a remarkably high potential for
cyanate consumption, especially by comparison with the well-
known rapid hydrolysis of urea in soils due to high ureolytic
activity.

However, knowing how much cyanate is continuously
produced in-situ in soils without urea amendment is still
unknown. Soil cyanate concentrations were too low for perform-
ing an isotope pool dilution assay to determine gross rates of
cyanate production and consumption. We, therefore, explored in-
situ gross cyanate production rates by an alternative approach,
which may not accurately reflect actual rates but still yields first
insights into the magnitude of the cyanate flux in soils. We used
concentrations and mean residence times (MRT) of cyanate in
soils to calculate gross cyanate production rates assuming steady-
state conditions, i.e., productive and consumptive fluxes are
balanced, giving a zero net change in cyanate concentration, for
an unamended soil (flux = pool/MRT). Estimating MRTs for both
the urea addition and the tracer addition experiment allows to
explore whether MRTs are similar using two different experi-
mental approaches. For the urea addition experiment, we
computed MRTs of cyanate for 6 h-time intervals, which ranged
between 3.9 and 20.9 h, with lower MRTs at the beginning of the
incubation (Table 1). For the tracer experiment, where we added
isotopically labeled cyanate, we calculated half-life of cyanate
that includes both abiotic and biotic processes for the arable soil
(t1/2 = 3.6 h) and converted it to MRT (MRT = t1/2/0.693), which
was 5.2 h (Table 1). This MRT is in the same range as the MRTs
computed for the first 12 h of the urea addition experiment. Using
the MRT of 5.2 h derived from the tracer addition experiment
and the in-situ cyanate concentration of this soil (21.2 pmol g−1

d.w.), we obtained a gross cyanate production rate of 98.8 pmol
g−1 d.w. d−1. This gross cyanate production rate was approxi-
mately 4-times higher than the rate at which cyanate is formed
through isomerization of urea (26.0 pmol g−1 d.w. d−1; Table 1).
However, additions of substrates can stimulate consumptive
processes and, thus, can lead to an overestimation of fluxes in
relation to unamended conditions, which consequently results in
lower MRTs. Assuming that the MRT derived from the tracer
experiment as well as MRTs computed for the first 12 h of the
incubation with urea are underestimated due to the substrate
addition, we further calculated conservative estimates of gross
cyanate production rates, using MRTs of 24 h (which is similar to
the MRT for the end of the incubation with urea, when the initial
pulse of cyanate was depleted), and 48 h. This yielded gross
cyanate production rates of 21.2 and 10.6 pmol g−1 d.w. d−1,
respectively. These rate estimates are still in the same order of

magnitude as the average cyanate gross production rate during
the 30-h incubation with urea (26.0 pmol g−1 d.w. d−1; Table 1).
These rates are more than three orders of magnitude lower than
gross rates of N mineralization and nitrification in soils38 and
approximately one to two orders of magnitude lower than gross
production rates of some organic N compounds from microbial
cell wall decomposition in soils34. While our calculations do not
necessarily represent accurate estimates of in-situ gross cyanate
production rates, they provide a first approximation of their
magnitude in soils, as environmental cyanate production rates are
entirely unknown. Most importantly, our data thus suggest that
cyanate in unamended soils may be produced at rates similar to
rates of cyanate formation from urea fertilizer.

Sources of cyanate in natural ecosystems are not well
understood. It is possible that, in natural/uncontaminated soils,
cyanate is formed from cyanide, which can be released by
cyanogenic bacteria, fungi, and plants into the soil39,40. Another
source of cyanate can be urea excreted by soil fauna or released by
lysed microbes. In unfertilized soils, urea concentrations are in
the low nmol g−1 range41, being about three orders of magnitude
higher than soil cyanate concentrations. Furthermore, within
living organisms, cyanate may result from the non-enzymatic
decomposition of carbamoyl phosphate, a nucleotide precursor23,
which may leak into the environment during growth or lysis of an
organism. It has been shown that net cyanate production
occurred in diatom cultures during the stationary phase, but
not in a cyanobacterial culture22. However, the pathway of
cyanate production in these diatom cultures is unknown. This
certainly warrants future work, especially because cyanate
production through the repetitive process of organisms’ growth
and death would provide a continuous source of cyanate in the
environment. For the tracer and urea addition experiments, we
used soil with a pH of 7.4, which favors cyanate stability.
However, it may also be interesting to specifically look at low pH
soils with detectable cyanate concentrations, as the faster
abiotic decomposition needs to be compensated by higher
production rates.

Cyanate availability across different environments. The cyanate
concentrations measured in the soils studied here were low
compared to other N pools. The abundance of cyanate was about
three orders of magnitude lower than ammonium or nitrate in the

Table 1 Estimates of mean residence time (MRT) of cyanate
obtained from two approaches, the urea addition and the
tracer experiment.

MRT Gross cyanate production

(h) (pmol g−1 dw d−1)

Urea addition experiment (0–30 h) 26.0
Time interval 0–6 h 3.9 39.1
Time interval 6–12 h 6.5 28.9
Time inverval 12–18 h 20.9 21.1
Time inverval 18–24 h 19.1 15.4
Unamended soil 5.2a 98.8c

24b 21.2c

48b 10.6c

72b 7.1c

aEstimate from tracer addition experiment.
bHigher MRTs assumed for conservative calculations.
cCalculated using MRT assuming steady-state conditions of cyanate in soil solution.
We computed MRTs of cyanate and gross cyanate production rates for 6h-time intervals of the urea
addition experiment. For comparative analysis of the rates, we converted them from nmol L−1 soil
solution to rates based on a dry soil mass basis. We used MRTs to calculate gross cyanate
production rates for unamended soils, assuming steady-state conditions, i.e., production and
consumption fluxes are balanced, resulting in no change in cyanate concentration (flux = pool/MRT).
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soils across a European transect. To determine if cyanate con-
centrations are exceptionally low in soils in general, we compared
cyanate concentrations across different environments. As cyanate
concentrations are largely unknown in other environments, we
analyzed cyanate in salt marsh sediments including pore water,
and activated sludge as well as discharge from municipal waste-
water treatment plants. We additionally collected published data
on marine cyanate concentrations22. As direct comparisons of
cyanate concentrations are not possible due to different matrices
(seawater, soil extracts, pore water), we normalized cyanate
concentrations by calculating ammonium-to-cyanate ratios.
Ammonium is a major N source in the environment and can be
used as an indicator of the N status of an ecosystem, and, thus,
this ratio can be interpreted as a proxy of relative cyanate-N
availability. The median of ammonium-to-cyanate ratios was 955
for soil extracts, 1842 for salt marsh sediment extracts, 606 for
pore water extracted from salt marsh sediments, 2189 and 514 for
activated sludge and discharge of wastewater treatment plants,
respectively, and 14 for seawater (Fig. 5). Despite large differences
between median values between some environments, we found no
significant differences in relative cyanate availability between soils
and any of the other environments, except for seawater, which
had lower ammonium-to-cyanate ratios (Kruskal–Wallis test
followed by Dunn’s test, H(2) = 101.1, P < 0.001). These results
indicate that relative cyanate concentrations in soils are similar to
those in salt marsh sediments or activated sludge from wastewater
treatment plants. Seawater showed the lowest ammonium-to-
cyanate ratios, which were significantly lower than for all other
environments. Cyanate concentrations in seawater are in the
nanomolar range, which is in the same order of magnitude as
ammonium concentrations typically found in oligotrophic mar-
ine environments22,27,42. In contrast to the low MRT of cyanate
in soils, that of cyanate in marine surface water has been shown to
range between 2.3 d and 8.1 d (similar to MRT of ammonium)
but can be as high as 36 d42. Therefore, in marine systems relative
concentrations of cyanate are higher but cyanate turnover rates
are slower than in terrestrial systems.

Conclusion
Soil is a heterogenous environment in regard to its physico-
chemical properties, and thus assessing cyanate bioavailability
requires a thorough analysis of the abiotic and biotic behavior of

cyanate. Although soil cyanate concentrations may seem quan-
titatively insignificant compared to those of ammonium, cyanate
may constitute an important, yet largely overlooked, N and
energy source for soil microorganisms, specifically when con-
sidering the relatively high production rates. Additionally, cya-
nate is more mobile in soil solution compared to ammonium43,
the availability of which is strongly limited in soils through
adsorption, favoring the relative availability of cyanate-N in soil
solution. Clearly, the fate of cyanate-N in soils needs to be further
investigated, together with the microbial populations that are
involved in cyanate turnover or are able to use cyanate directly as
a N and energy source. Our study provides the first insight into
cyanate dynamics in soils, providing evidence that cyanate is
actively turned over in soils and represents a small but continuous
N source for soil microbes. Thus, it is warranted to explore
whether the direct use of cyanate in soils can represent a selective
advantage for specific microbial taxa and is an important ecolo-
gical adaptation of ammonia-oxidizing microorganisms.

Materials and methods
Cyanate analysis. To test soil extractants for cyanate analysis, three soils (0–15 cm
depth) differing in soil pH were collected in Austria, sieved to 2 mm and stored at
4 °C. An alkaline grassland soil was collected in the National Park Seewinkel (47°
46′ 32′′ N, 16° 46′ 20′′ E; 116 m a.s.l.), a neutral mixed forest soil in Lower Austria
(N 48° 20′ 29′′ N, 16° 12′ 48′′ E; 171 m a.s.l.) and an acidic grassland soil at the
Agricultural Research and Education Centre Raumberg-Gumpenstein (47° 29′ 45′′
N, 14° 5′ 53′′ E; 700 m a.s.l.). The recovery of cyanate was assessed by using
cyanate-spiked (15 nM potassium cyanate added) and unspiked extraction solu-
tions. We used water (Milli-Q, >18.2 MOhm, Millipore), 10 mM CaSO4 and 1M
KCl as extractants. The three soils (n= 4) were extracted using a soil:extractant
ratio of 1:10 (w:v), shaken for 10 min, and centrifuged (5 min at 14,000 × g). The
supernatant was stored at −80 °C until analysis, as it has been shown that cyanate
is stable at −80 °C over a period of 270 days27. In our study, the storage time of
samples ranged from a few days to a few months.

To explore soil cyanate concentrations across different soil and land
management types, and along a climatic gradient, we collected 42 soils from
Europe. Sites ranged from Southern France to Northern Scandinavia and included
forests (F), pastures (P), and arable fields (A) (Fig. 2a). At each site five soil cores
(5 cm diameter, 15 cm depth) were collected, after removal of litter and organic
horizons. Soil samples were shipped to Vienna and aliquots of the five mineral soil
samples of each site were mixed to one composite sample per site and the fresh soil
was sieved to 2 mm. In addition to those 42 samples, we collected a rice paddy soil
in Southern France (sample code A1; four replicates) and three grassland soils (G)
in close vicinity of Vienna, Austria (G1 and G2 from saline grassland, three
replicates; G3, one soil sample). Soil samples were stored at 4 °C and extracted
within a few days. All sampling sites with their location, soil pH, and cyanate,
ammonium, and nitrate concentrations are listed in Supplementary Data 1. For

Fig. 5 Comparison of relative cyanate availability across different environments. Samples include soils (n= 17), salt marsh sediments (n= 12), pore
water of salt marsh sediments (n= 10), ocean (n= 75), activated sludge (n= 12), and discharge (n= 9) from municipal wastewater treatment plants.
Relative cyanate availability is represented as the ratio of extractable ammonium over cyanate. Different letters indicate significant differences in relative
cyanate availability between environments (Kruskal-Wallis test followed by Dunn’s test, ɑ = 0.05). The box plot shows the median (solid line within box),
the average (rectangle), 25th and 75th percentiles as vertical bars, 10th and 90th percentiles as error bars and minimum and maximum as circles. Data on
marine cyanate and ammonium concentrations are from Widner et al.22.
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cyanate and ammonium analysis, soils (2 g fresh soil) were extracted with 15 mL 1
M KCl, shaken for 30 min and centrifuged (2 min at 10,000 × g). The supernatants
were transferred to disposable 30 mL syringes and filtered through an attached
filter holder (Swinnex, Millipore) containing a disc of glass microfiber filter (GF/C,
Whatman). To reduce abiotic decay of cyanate to ammonium during extraction,
the extraction was performed at 4 °C with the extracting solution (1 M KCl) cooled
to 4 °C prior to extraction. Soil extracts were stored at −80 °C until analysis.

To compare cyanate availability across different environments, we analyzed
cyanate in salt marsh sediments and activated sludge from municipal wastewater
treatment plants, and, additionally, we collected published data on cyanate
concentrations in the ocean. We collected sediment samples (0-10 cm, n= 4) from
a high and low salt marsh dominated by Spartina alterniflora Loisel in New
Hampshire, USA (43° 2′ 26′′ N, 70° 55′ 36′′ W), and from a S. alterniflora and a S.
patens (Aiton) Muhl salt marsh in Maine, USA (43° 6′ 31′′ N, 70° 39′ 56′′ W). We
chose these types of salt marsh because they have been shown to accumulate
cyanide44, which potentially could be oxidized to cyanate. Sediment samples were
stored at 4 °C and extracted within a few days after collection using 2M KCl at a
sediment:extractant ratio of 1:10 (w:v) for 30 min at room temperature. The
supernatants were filtered through glass microfibre filters as described above for
soil samples. Pore water was extracted with Rhizon samplers (Rhizon CSS, 3 cm
long, 2.5 mm diameter, Rhizosphere Research Products, Netherlands) with a filter
pore size of 0.15 µm. Triplicate samples of activated sludge were collected from four
municipal Austrian wastewater treatment plants (WWTPs), i.e., from Alland (48°
2′ 30′′ N, 16° 6′ 1′′ E), Bruck an der Leitha (48° 2’ 4” N, 16° 49′ 7′′ E), Wolkersdorf
(48° 21′ 31′′ N, 16° 33′ 31′′ E) and Klosterneuburg (48° 17′ 39′′ N, 16° 20′ 30′′ E).
Samples from the discharge were also collected from the first three listed WWTPs.
Samples were cooled on gel ice packs during the transport to Vienna. Upon arrival
in Vienna, samples were transferred to disposable 30 mL syringes and filtered
through an attached filter holder (Swinnex, Millipore) containing a disc of glass
microfiber filter (GF/C, Whatman). All samples were immediately stored at −80 °C
until analysis.

Cyanate concentrations were determined using high performance liquid
chromatography (HPLC) with fluorescence detection, after conversion to 2,4
(1H,3H)-quinazolinedione27. Briefly, a 230 µL aliquot of the sample was transferred
to a 1.5 mL amber glass vial, 95 µL of 30 mM 2-aminobenzoic acid (prepared in 50
mM sodium acetate buffer, pH = 4.8) were added, and samples were incubated at
37 °C for 30 min. The reaction was stopped by the addition of 325 µL of 12M HCl.
Standards (KOCN) were prepared fresh daily and derivatized with samples in the
same matrix. Derivatized samples were frozen at −20 °C until analysis. Just before
analysis samples were neutralized with 10M NaOH. The average detection limit
was 1.2 nM (±0.2 SE). Ammonium concentrations were quantified by the Berthelot
colorimetric reaction. As direct comparison of cyanate concentrations was not
possible across the different environments and matrices, we normalized cyanate
concentrations relative to ammonium concentrations, by calculating ammonium-
to-cyanate ratios. Data on marine cyanate and ammonium concentrations were
taken from Widner et al.22. For marine samples where cyanate was detectable but
ammonium was below detection limit, we used the reported limit of detection of
40 nM for ammonium. The presented soil and sediment data are biased toward
higher cyanate availabilities (i.e., low NH4

+/NCO− ratios), due to the exclusion of
samples where cyanate was possibly present but was below detection limit. Soil pH
was measured in 1:5 (w:v) suspensions of fresh soil in 0.01M CaCl2 and water.

Dynamics of cyanate consumption in soil using stable isotope tracer. For the
determination of half-life of cyanate, we used two soils: a grassland soil (G3) and a
rice paddy soil (A1). Both soils had a pH of 7.4 (determined in 0.01M CaCl2). The
grassland soil had a soil organic C concentration of 37 mg g−1, soil N concentration
of 1.92 mg g−1, molar C:N ratio of 22.4, ammonium concentration of 5.60 nmol g
−1 d.w., nitrate concentration of 1.03 µmol g−1 d.w., and an electrical conductivity
of 82.0 mS m−1. The rice paddy soil had a soil organic C concentration of 10 mg g
−1, soil N concentration of 0.98 mg g−1, molar C:N ratio of 11.9, ammonium
concentration of 2.47 nmol g−1 d.w., nitrate concentration of 0.91 µmol g−1 d.w.,
and an electrical conductivity of 21.7 mSm−1. To equilibrate soil samples after
storage at 4 °C, soil water content was adjusted to 55% water holding capacity
(WHC; gravimetric water content of water saturated soil) and soils incubated at 20
°C for one week prior to the start of the experiment. To correct for abiotic reactions
of cyanate, a duplicate set of soil samples was prepared and one set of them was
sterilized by autoclaving prior to label addition while the other set was left under
ambient conditions. Soil samples were autoclaved three times at 121 °C for 30 min
with 48 h-incubations at 20 °C between autoclaving cycles to allow spores to ger-
minate prior to the next autoclaving cycle and to inactivate enzymes45.

Preliminary experiments indicated rapid consumption of added cyanate. Thus,
to avoid fast depletion of the added cyanate pool, we added 5 nmol 13C15N-KOCN
g−1 f.w. (13C: 99 atom%; 15N: 98 atom%), which equals to approximately 250-fold
the in-situ cyanate concentration. With the tracer addition the soil water content
was adjusted to 70% WHC. After tracer addition, non-sterile and sterile soil
samples were incubated at 20 °C for a period of 0, 10, 20, 30, 45, 60 and 90 min
(n= 3) before stopping the incubation by extraction. Soil extractions were
performed with 1M KCl as described above for the 46 soil samples. Soil extracts
were stored at −80 °C until analysis.

As no method for compound-specific isotope analysis of cyanate existed, we
developed a method to measure isotopically labeled and unlabeled forms of cyanate
in soil extracts using hydrophilic interaction chromatography coupled to high-
resolution electrospray ionization mass spectrometry (HILIC-LC-MS). For this
analysis, cyanate was converted to 2,4(1H,3H)-quinazolinedione as described above
for the RP-HPLC method but with some modifications. Aliquots of 280 µL of each
sample were transferred to 2 mL plastic reaction vials, and 20 µL of internal
standard solution (4 µM 13C-KOCN, 98 atom%) were added. To start the reaction,
120 µL of 30 mM 2-aminobenzoic acid (prepared in ultrapure water) were added,
and samples were incubated at 37 °C for 30 min. The reaction was stopped by the
addition of 420 µL 12M HCl. To remove HCl and bring the target compound into
an organic solvent that can be easily evaporated, we performed liquid-liquid
extractions using a mixture of ethyl acetate/toluene (85/15 (v/v)). Each sample was
extracted 3 times with 1 mL organic solvent mixture. For extraction, samples were
thoroughly mixed by vortexing and the tubes were briefly spun down to separate
the two phases. The organic phases of each extraction were combined in a 10 mL
amber glass vial and dried under a stream of N2. Before analysis, samples were
redissolved in 200 µL mobile phase. Samples were analyzed on a UPLC Ultimate
3000 system (Thermo Fisher Scientific, Bremen, Germany) coupled to an Orbitrap
Exactive MS (Thermo Fisher Scientific). 2,4(1H,3H)-quinazolinedione was
separated using an Accucore HILIC column (150 mm × 2.1 mm, 2.6 µm particle
size) with a preparative guard column (10 mm × 2.1 mm, 3 µm particle size;
Thermo Fisher Scientific). We used isocratic elution with 90/5/5 (v/v/v)
acetonitrile/methanol/ammonium acetate, with a final concentration of
ammonium acetate of 2 mM (pH = 8). The sample injection volume was 7 µL, and
the flow rate 0.2 mLmin−1. The Orbitrap system was used in negative ion mode
and in full scan mode at a resolution of 50,000. The source conditions were: spray
voltage 4 kV, capillary temperature 275 °C, sheath gas 45 units, and AUX gas 18
units. The instrument was calibrated in negative ion mode before sample
acquisition using Pierce LTQ ESI Negative Ion Calibration Solution (Thermo
Fisher Scientific). To improve the accuracy of absolute quantification, external
calibration (concentration standards and 13C15N-KOCN standards) was paired
with an internal calibrant (13C-potassium cyanate) to correct for deviations in
liquid-liquid extraction efficiency, ionization efficiency and ion suppression.
13C-KOCN (98 atom%) and 13C15N-KOCN (13C: 99 atom%; 15N: 98 atom%) were
purchased from ICON Isotopes. The mass-to-charge (m/z) ratio of unlabeled, 13C-
and 13C15N-labeled cyanate was 161.0357, 162.0391, and 163.0361, respectively,
and the retention time was 2.2 min. The limit of detection was 9.7 nM.

To obtain biotic cyanate consumption rates, the non-sterile samples were
corrected for abiotic decomposition of cyanate derived from the sterile (autoclaved)
samples. Dynamics of cyanate consumption over time for the corrected non-sterile
soils were then described by fitting a first order exponential decay curve:

CðtÞ ¼ C0e
ð�ktÞ; ð1Þ

Where C(t) is the remaining 13C15N-cyanate concentration at time t, C0 is the
initial concentration of 13C15N-cyanate and k is the exponential coefficient for
13C15N-cyanate consumption. The half-life (t1/2) of the 13C15N-cyanate pool was
calculated as:

t1=2 ¼
lnð2Þ
k

: ð2Þ

Abiotic reactions of cyanate and isocyanic acid. Urea (CO(NH2)2) exists in
chemical equilibrium with ammonium cyanate (NH4CNO) in aqueous solution:

COðNH2Þ2$NH4CNO$NHþ
4 þNCO� ð3Þ

The rate constant for the decomposition of urea (k1a) and for the conversion of
ammonium cyanate into urea (k1b) were taken from Hagel et al.46, and temperature
dependence was calculated by using the Arrhenius equation:

k1a ¼ 1:02 ´ 1016e�1600þ=T ðmin�1Þ ð4Þ

k1b ¼ 4:56 ´ 1013e�11330=T ðM�1 min�1Þ ð5Þ
where T is temperature in Kelvin.

Cyanate is the anionic form of isocyanic acid. The latter exists as two isomers in
aqueous solution, where isocyanic acid is the dominant species. Thus, the acid will
be referred to as isocyanic acid. The decomposition of isocyanic acid and cyanate in
aqueous solution was found to take place according to three simultaneous
reactions:

HNCOþH3O
þ ! NHþ

4 þ CO2; ð6Þ

HNCOþ H2O ! NH3 þ CO2; ð7Þ

NCO� þ 2H2O ! NH3 þHCO�
3 ; ð8Þ

Eq. (6) is for the hydronium ion catalyzed hydrolysis of isocyanic acid (rate
constant k2a; dominant reaction at low pH), Eq. (7) is for the direct hydrolysis of
isocyanic acid (k2b), and Eq. (8) is for the direct hydrolysis of cyanate (k2c;
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dominant reaction at high pH). The rate constants are as follows46:

k2a ¼ 3:75 ´ 1011e�7382=T ðM�1min�1Þ; ð9Þ

k2b ¼ 1:54 ´ 1010e�7637=T ðmin�1Þ; ð10Þ

k2c ¼ 2:56 ´ 1011e�119333=T ðmin�1Þ: ð11Þ
Isocyanic acid reacts with amino groups of proteins, in a process called

carbamoylation19:

R � NH2 þHNCO ! R �NHCðOÞNH2: ð12Þ
We used glycine as an example for an amino acid, with the following rate

constant47:

k3 ¼ 8:68 ´ 1015e�80008=T ðM�1min�1Þ: ð13Þ

Urea-derived cyanate formation in a fertilized agricultural soil. For studying
the formation and consumption of cyanate after urea addition, we used a rice
paddy soil (A1; the same soil as used in the stable isotope tracer experiment), which
was cultivated with rice once every second year with a urea application rate of
180 kg N ha−1 y−1. Treatment of the soil samples was the same as for the stable
isotope tracer experiment. Briefly, soil water content was adjusted to 55% water
holding capacity (WHC) and soil samples (4 g of fresh soil in a 5 mL centrifugation
tube) were incubated at 20 °C for one week prior to the start of the experiment.
With the addition of the urea solution, the soil water content was adjusted to 70%
WHC. We added 140 µg urea g−1 soil d.w., which corresponds to ~180 kg N ha−1.
Soil samples were incubated at 20 °C for a period of 0, 6, 12, 24, and 30 h (n= 4).
At each sampling, we collected the soil solution. For this a hole was pierced in the
bottom of the 5 mL centrifugation tube containing the soil sample. This tube was
then placed into another, intact, 15 mL centrifugation tube and this assembly was
then centrifuged at 12,000 × g for 20 min at 4 °C to collect the soil solution. Soil
solution samples were stored at −80 °C until analysis. For comparative analysis, we
converted rates based on nmol L−1 soil solution to rates based on a dry soil mass
basis. For the conversion, we recorded the volume of the soil solution collected and
determined the water content of the soil samples after centrifugation.

Cyanate concentrations in soil solution were determined as described above
using HPLC. Urea was quantified by the diacetyl monoxime colorimetric method,
ammonium by the Berthelot colorimetric reaction and ammonium, and nitrite and
nitrate by the Griess colorimetric procedure. For cyanate analysis, aliquots of two
replicates were pooled because of insufficient sample volume.

We used the well-established rate constants for the equilibrium reaction of urea
in aqueous solution and decomposition of cyanate to ammonia/ammonium and
carbon dioxide/bicarbonate, to model gross cyanate production and consumption
after urea amendment from observed changes in urea, ammonium and cyanate
concentrations over time. Cyanate accumulation was calculated as cyanate
formation from urea (rate constant k1a, Eq. (4)) minus the conversion of
ammonium cyanate into urea (rate constant k1b, Eq. (5)), and minus abiotic
cyanate hydrolysis to ammonium and carbon dioxide (rate constants k2a, k2b, k2c,
Eqs. (9)–(11)). It has been found that only the ionic species (i.e., NCO− and NH4

+)
are involved in the reaction of ammonium cyanate to urea. The difference between
cyanate accumulation and the net change in cyanate concentration over time gives
then cyanate consumption, as follows:

d½consumedNCO��
dt

¼ k1a½COðNH2Þ2� � kb
KHNCO½NCO��
KHNCO½H3O

þ�

� � ½H3O
þ�½NHþ

4 �
KNH3

þ ½H3O
þ�

 !

� ðk2a½H3O
þ�Þ ½H3O

þ�½NCO��
KHNCO þ ½H3O

þ�

� �
þ k2b

½H3O
þ�½NCO��

KHNCO þ ½H3O
þ�

� �

þ KHNCO½NCO��
KHNCO þ ½H3O

þ�

� �
� ½NCO��;

ð14Þ

where [NCO-] represents the concentration of cyanate and isocyanic acid, [NH4
+]

is the sum of ammonium and ammonia, KHNCO and KNH3 is the acid dissociation
constant of isocyanic acid and ammonia, respectively, and [H3O+] is the
hydronium ion concentration. Urea concentration over time was described by a
first order reaction (Eq. (15); unit of rate constant is min−1), and ammonium and
cyanate concentrations were fitted with a third and fourth degree polynomial
function, respectively (Eqs. (16) and (17), respectively), as follows:

d½COðNH2Þ2�
dt

¼ 8:64 ´ 10�4½COðNH2Þ2�; ð15Þ

d½NHþ
4 �

dt
¼ 2:74 ´ 10�13t2 � 3:52 ´ 10�10t þ 8:04 ´ 10�8; ð16Þ

d½NCO��
dt

¼ 3:47 ´ 10�19t3 � 1:20 ´ 10�15t2 ´ 10�12t � 4:41 ´ 10�10; ð17Þ

where t is time in min and concentrations are mol/L soil solution.
The input parameters were 7.4 for pH (pH of solution: 7.4 ± 0.1 SD) and 20 °C

for temperature. As rate constant k1b is dependent on the ionic strength, we
corrected the rate constant (given at I = 0.2546) using the Extended Debye–Hückel

expression:

� log f ¼ Az2
ffiffi
I

p

I þ aB
ffiffi
I

p ; ð18Þ

Where f is the activity coefficient, A and B are constants that vary with temperature
(at 20 °C, A= 0.5044 and B= 3.28 × 108), z is the integer charge of the ion, and a is
the effective diameter of the ion (a = 5 Å46). We used an ionic strength I = 0.01,
which is within the range observed for soils.

Statistical analysis. Statistical significance of the difference between extractants
within each soil type was analyzed by one-way ANOVA followed by Tukey HSD
post-hoc test. Levene’s Test was used to test equality of variances and QQ plot and
Kolmogorov Smirnov Test were used to assess normal distribution of residuals. For
each extractant, statistical significance of the difference between added and
recovered cyanate was tested using t test on raw data, where F-test was used for
testing equality of variances. To analyze the effect of type of environment on
relative cyanate availability (i.e., NH4

+/NCO−), we used the Kruskal-Wallis test
(assumption for parametric procedure were not met) followed by a non-parametric
multiple comparison test (Dunn’s test). For solving differential equations in the
model, we used the “deSolve” package in R48.

Data availability
Data supporting the findings of this work are available within the paper and in
Supplementary Data 1 as well as at https://doi.org/10.6084/m9.figshare.14813697.

Received: 14 March 2021; Accepted: 21 July 2021;

References
1. Jaisson, S., Pietrement, C. & Gillery, P. Carbamylation-derived products:

bioactive compounds and potential biomarkers in chronic renal failure and
atherosclerosis. Clin. Chem. 57, 1499–1505 (2011).

2. Dash, R. R., Gaur, A. & Balomajumder, C. Cyanide in industrial wastewaters
and its removal: a review on biotreatment. J. Hazard. Mater. 163, 1–11 (2009).

3. Kantor, R. S. et al. Bioreactor microbial ecosystems for thiocyanate and
cyanide degradation unravelled with genome-resolved metagenomics.
Environ. Microbiol. 17, 4929–4941 (2015).

4. Palatinszky, M. et al. Cyanate as an energy source for nitrifiers. Nature 524,
105–108 (2015).

5. Ganesh, S. et al. Single cell genomic and transcriptomic evidence for the use of
alternative nitrogen substrates by anammox bacteria. ISME J 12, 2706–2722
(2018).

6. Kamennaya, N. A. & Post, A. F. Distribution and expression of the cyanate
acquisition potential among cyanobacterial populations in oligotrophic marine
waters. Limnol. Oceanogr. 58, 1959–1971 (2013).

7. Kitzinger, K. et al. Cyanate and urea are substrates for nitrification by
Thaumarchaeota in the marine environment. Nat. Microbiol. 4, 234 (2019).

8. Guilloton, M. & Karst, F. Isolation and characterization of Escherichia coli
mutants lacking inducible cyanase. J Gen Microbiol 133, 645–653 (1987).

9. Kitzinger, K. et al. Single cell analyses reveal contrasting life strategies of the
two main nitrifiers in the ocean. Nat. Commun. 11, 1–12 (2020).

10. Pachiadaki, M. G. et al. Major role of nitrite-oxidizing bacteria in dark ocean
carbon fixation. Science 358, 1046–1051 (2017).

11. Babbin, A. R. et al. Multiple metabolisms constrain the anaerobic nitrite
budget in the Eastern Tropical South Pacific. Glob. Biogeochem. Cycles
258–271 (2017). https://doi.org/10.1002/2016GB005407

12. Wood, A. P. et al. A novel pink-pigmented facultative methylotroph,
Methylobacterium thiocyanatum sp. nov., capable of growth on thiocyanate or
cyanate as sole nitrogen sources. Arch. Microbiol. 169, 148–158 (1998).

13. Miller, A. G. & Espie, G. S. Photosynthetic metabolism of cyanate by the
cyanobacterium Synechococcus UTEX 625. Arch. Microbiol. 162, 151–157
(1994).

14. Johnson, W. V. & Anderson, P. M. Bicarbonate is a recycling substrate for
cyanase. J. Biol. Chem. 262, 9021–9025 (1987).

15. Taussig, A. The synthesis of the induced enzyme, “cyanase”, in E. coli.
Biochim. Biophys. Acta 44, 510–519 (1960).

16. Wybouw, N. et al. A horizontally transferred cyanase gene in the spider mite
Tetranychus urticae is involved in cyanate metabolism and is differentially
expressed upon host plant change. Insect Biochem. Mol. Biol. 42, 881–889
(2012).

17. Elleuche, S. & Pöggeler, S. A cyanase is transcriptionally regulated by arginine
and involved in cyanate decomposition in Sordaria macrospora. Fungal Genet.
Biol. 45, 1458–1469 (2008).

COMMUNICATIONS EARTH & ENVIRONMENT | https://doi.org/10.1038/s43247-021-00235-2 ARTICLE

COMMUNICATIONS EARTH & ENVIRONMENT |           (2021) 2:161 | https://doi.org/10.1038/s43247-021-00235-2 | www.nature.com/commsenv 9

https://doi.org/10.6084/m9.figshare.14813697
https://doi.org/10.1002/2016GB005407
www.nature.com/commsenv
www.nature.com/commsenv


18. Spang, A. et al. The genome of the ammonia-oxidizing Candidatus
Nitrososphaera gargensis: Insights into metabolic versatility and
environmental adaptations. Environ. Microbiol. 14, 3122–3145 (2012).

19. Stark, G. R. Reactions of cyanate with functional groups of proteins. III.
Reactions with amino and carboxyl Groups. Biochemistry 4, 1030–1036
(1965).

20. Malhotra, S., Pandit, M., Kapoor, J. C. & Tyagi, D. K. Photo-oxidation of
cyanide in aqueous solution by the UV/H2O2 process. J. Chem. Technol.
Biotechnol. 19, 13–19 (2005).

21. Watts, M. P. & Moreau, J. W. New insights into the genetic and metabolic
diversity of thiocyanate-degrading microbial consortia. Appl. Microbiol.
Biotechnol. 100, 1101–1108 (2016).

22. Widner, B., Mulholland, M. R. & Mopper, K. Distribution, sources, and sinks
of cyanate in the coastal north atlantic ocean. Environ. Sci. Technol. Lett. 3,
297–302 (2016).

23. Purcarea, C. et al. Aquifex aeolicus aspartate transcarbamoylase, an enzyme
specialized for the efficient utilization of unstable carbamoyl phosphate at
elevated temperature. J. Biol. Chem. 278, 52924–52934 (2003).

24. Guilloton, M. I. & Karst, F. Cyanate specifically inhibits arginine biosynthesis
in Escherichia coli K12: a case of by-product inhibition? Microbiology 133,
655–665 (1987).

25. Dirnhuber, P. & Schütz, F. The isomeric transformation of urea into
ammonium cyanate in aqueous solutions. Biochem. J. 42, 628–632 (1948).

26. IFA. International fertilizer association. Fertilizer outlook 2017-2021. in IFA
Annual Conference—22–24 May 2017 Marrakech (Marocco). Paris: IFA
International Fertilizer Association, Services PITaA (2017).

27. Widner, B., Mulholland, M. R. & Mopper, K. Chromatographic determination
of nanomolar cyanate concentrations in estuarine and sea waters by
precolumn fluorescence derivatization. Anal. Chem. 85, 6661–6666 (2013).

28. Dzombak, D. A. & Morel, F. M. M. Surface Complexation Modeling: Hydrous
Ferric Oxide. (Wiley-Interscience, 1990).

29. Stark, G. R. Modification of proteins with cyanate. Methods Enzymol. 25,
579–584 (1972).

30. Dashman, T. & Stotzky, G. Adsorption and binding of amino acids on
homoionic montmorillonite and kaolinite. Soil Biol. Biochem. 14, 447–456
(1982).

31. Hartman, W. H. & Richardson, C. J. Differential nutrient limitation of soil
microbial biomass and metabolic quotients (q CO2): is there a biological
stoichiometry of soil microbes? PloS One 8(3), e57127 (2013).

32. Jones, D. L. et al. Soil organic nitrogen mineralization across a global
latitudinal gradient. Global Biogeochem. Cycles 23, 1–5 (2009).

33. Wanek, W., Mooshammer, M., Blöchl, A., Hanreich, A. & Richter, A.
Determination of gross rates of amino acid production and immobilization in
decomposing leaf litter by a novel 15N isotope pool dilution technique. Soil
Biol. Biochem. 42, 1293–1302 (2010).

34. Hu, Y., Zheng, Q., Zhang, S., Noll, L. & Wanek, W. Significant release and
microbial utilization of amino sugars and d-amino acid enantiomers from
microbial cell wall decomposition in soils. Soil Biol. Biochem. 123, 115–125
(2018).

35. Inselsbacher, E. et al. Short-term competition between crop plants and
soil microbes for inorganic N fertilizer. Soil Biol. Biochem. 42, 360–372
(2010).

36. Rotini, O. La trasformazione enzimatica dell’urea nel terreno. Ann Fac Agric
Univ Pisa 17, 1–25 (1956).

37. Bremner, J. M. & Krogmeier, M. J. Evidence that the adverse effect of urea
fertilizer on seed germination in soil is due to ammonia formed through
hydrolysis of urea by soil urease. Proc. Natl. Acad. Sci. U.S.A. 86, 8185–8188
(1989).

38. Booth, M. S., Stark, J. M. & Rastetter, E. Controls on nitrogen cycling in
terrestrial ecosystems: a synthetic analysis of literature data. Ecol. Monogr. 75,
139–157 (2005).

39. Zdor, R. E. Bacterial cyanogenesis: impact on biotic interactions. J. Appl.
Microbiol. 118, 267–274 (2015).

40. Poulton, J. E. Cyanogenesis in plants. Plant Physiol. 94, 401–405 (1990).
41. Reay, M. K. et al. High resolution HPLC-MS confirms overestimation of urea

in soil by the diacetyl monoxime (DAM) colorimetric method. Soil Biol.
Biochem. 135, 127–133 (2019).

42. Widner, B., Mordy, C. W. & Mulholland, M. R. Cyanate distribution and
uptake above and within the Eastern Tropical South Pacific oxygen-deficient
zone. Limnol. Oceanogr. 63, S177–S192 (2017).

43. Dzombak, D. A., Ghosh, R. S. & Wong-Chong, G. M. Cyanide in Water and
Soil: Chemistry, Risk and Management. (CRC Press, 2006).

44. Kamyshny, A., Oduro, H., Mansaray, Z. F. & Farquhar, J. Hydrogen cyanide
accumulation and transformations in non-polluted salt marsh sediments.
Aquat. Geochem. 19, 97–113 (2013).

45. Wolf, D. C. & Skipper, H. D. Soil Sterilization. in Methods of Soil Analysis,
Part 2. Microbiological and Biochemical Properties (eds. Weaver, R. W.,
Angle, J. S. & Bottomley, P. S.) 41–51 (Soil Science Society of America, 1994).
https://doi.org/10.2136/sssabookser5.2.c3

46. Hagel, P., Gerding, J. J. T., Fieggen, W. & Bloemendal, H. Cyanate formation
in solutions of urea. I. Calculation of cyanate concentrations at different
temperature and pH. Biochim. Biophys. Acta 243, 366–373 (1971).

47. Taillades, J. et al. A pH-dependent cyanate reactivity model: application to
preparative N-carbamoylation of amino acids. J. Chem. Soc. Perkin Trans. 2,
1247–1254 (2001).

48. Soetaert, K., Petzoldt, T. & Setzer, R. W. Package deSolve: solving initial value
differential equations in R. J. Stat. Softw 33, 1–25 (2010).

Acknowledgements
We thank Ricardo J. E. Alves for helpful comments on the manuscript. We thank Ludwig
Seidl for assistance with HPLC, Yuntao Hu for help with LC-MS, Roland Albert and
Margarete Watzka for collecting soil samples at the National Park Seewinkel, Cyrille
Thomas from the Centre Français du Riz, France, for providing soil samples, Markus
Schmid for help with collecting samples from wastewater treatment plants, and Lisa Noll,
Qing Zheng, Shasha Zhang, Yuntao Hu, and Daniel Wasner for collecting soil samples
across Europe and providing data on soil pH. We are grateful to the National Park
Seewinkel, Austria, and to the wastewater treatment plants in Alland, Bruck an der
Leitha, Klosterneuburg and Wolkersdorf, Austria, for permission to collect samples. This
study was supported by European Research Council Advanced Grant project NITRI-
CARE (294343) and the Wittgenstein Award of the Austrian Science Fund FWF
(Z-383B) to M.W.

Author contributions
M.M. and M.W. designed the experimental concept; M.M. performed experimental work,
data analysis and modeling; M.M. developed analytical tools with advice of W.W.; S.J.,
W.W., and A.R. provided resources and samples. All authors contributed to data
interpretation. The manuscript was written by M.M. with input from all authors.

Competing interests
The authors declare no competing interests.

Additional information
Supplementary information The online version contains supplementary material
available at https://doi.org/10.1038/s43247-021-00235-2.

Correspondence and requests for materials should be addressed to M.W.

Peer review information Communications Earth & Environment thanks the anonymous
reviewers for their contribution to the peer review of this work. Primary Handling
Editors: Clare Davis. Peer reviewer reports are available.

Reprints and permission information is available at http://www.nature.com/reprints

Publisher’s note Springer Nature remains neutral with regard to jurisdictional claims in
published maps and institutional affiliations.

Open Access This article is licensed under a Creative Commons
Attribution 4.0 International License, which permits use, sharing,

adaptation, distribution and reproduction in any medium or format, as long as you give
appropriate credit to the original author(s) and the source, provide a link to the Creative
Commons license, and indicate if changes were made. The images or other third party
material in this article are included in the article’s Creative Commons license, unless
indicated otherwise in a credit line to the material. If material is not included in the
article’s Creative Commons license and your intended use is not permitted by statutory
regulation or exceeds the permitted use, you will need to obtain permission directly from
the copyright holder. To view a copy of this license, visit http://creativecommons.org/
licenses/by/4.0/.

© The Author(s) 2021

ARTICLE COMMUNICATIONS EARTH & ENVIRONMENT | https://doi.org/10.1038/s43247-021-00235-2

10 COMMUNICATIONS EARTH & ENVIRONMENT |           (2021) 2:161 | https://doi.org/10.1038/s43247-021-00235-2 | www.nature.com/commsenv

https://doi.org/10.2136/sssabookser5.2.c3
https://doi.org/10.1038/s43247-021-00235-2
http://www.nature.com/reprints
http://creativecommons.org/licenses/by/4.0/
http://creativecommons.org/licenses/by/4.0/
www.nature.com/commsenv

	Cyanate is a low abundance but actively cycled nitrogen compound in soil
	Results and discussion
	Cyanate concentrations and the influence of soil pH on its recovery and availability
	Soil cyanate dynamics
	Cyanate availability across different environments

	Conclusion
	Materials and methods
	Cyanate analysis
	Dynamics of cyanate consumption in soil using stable isotope tracer
	Abiotic reactions of cyanate and isocyanic acid
	Urea-derived cyanate formation in a fertilized agricultural soil
	Statistical analysis

	Data availability
	References
	Acknowledgements
	Author contributions
	Competing interests
	Additional information




