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Directly imaging emergence of phase separation in
peroxidized lipid membranes
Miguel Paez-Perez 1, Aurimas Vyšniauskas 1,2, Ismael López-Duarte 1,3, Eulalie J. Lafarge 4,

Raquel López-Ríos De Castro 5, Carlos M. Marques 4,6, André P. Schroder4,7, Pierre Muller 4,

Christian D. Lorenz 5, Nicholas J. Brooks 1✉ & Marina K. Kuimova 1✉

Lipid peroxidation is a process which is key in cell signaling and disease, it is exploited in

cancer therapy in the form of photodynamic therapy. The appearance of hydrophilic moieties

within the bilayer’s hydrocarbon core will dramatically alter the structure and mechanical

behavior of membranes. Here, we combine viscosity sensitive fluorophores, advanced

microscopy, and X-ray diffraction and molecular simulations to directly and quantitatively

measure the bilayer’s structural and viscoelastic properties, and correlate these with ato-

mistic molecular modelling. Our results indicate an increase in microviscosity and a decrease

in the bending rigidity upon peroxidation of the membranes, contrary to the trend observed

with non-oxidized lipids. Fluorescence lifetime imaging microscopy and MD simulations give

evidence for the presence of membrane regions of different local order in the oxidized

membranes. We hypothesize that oxidation promotes stronger lipid-lipid interactions, which

lead to an increase in the lateral heterogeneity within the bilayer and the creation of lipid

clusters of higher order.
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The effect of oxidized lipids on membrane organization is
key in controlling the cell cycle and signaling pathways1–4,
and in the development of several pathologies including

atherosclerosis5,6, cancer7–9, Alzheimer’s10–12, or Parkinson’s
diseases2,13. In addition, enzymatic control of lipid oxidation is a
key signaling mediator in metabolic processes, inflammation,
immune response, and cell death14–17. From a biomedical per-
spective, lipid oxidation is central to photodynamic therapy
(PDT), where targeted photosensitizers produce reactive oxygen
species (ROS) to selectively cause apoptosis or necrosis of
malignant cells through lipid and protein photo-(per)
oxidation18–20.

The oxidation of lipid tails is often caused by reactions of alkyl
chain’s double bonds with reactive oxygen species, which can
proceed in two ways. In Type II reactions the triplet state of a
photosensitizer transfers energy to molecular oxygen to produce
its singlet excited state, so called singlet oxygen, 1O2, which can
create lipid hydroperoxide products with a trans configuration via
an -ene reaction mechanism21,22. On the other hand, in Type I
reactions the triplet state of a photosensitizer participates in
electron transfer processes to produce free radicals, and these
reactions are expected to yield a chain cleavage, likely at double
bond sites22. These two processes result in the generation of a
highly-polar group and the modification of the chain’s archi-
tecture within the membrane’s core (Fig. 1), and this leads to
distinct alterations of the bilayer’s biophysical properties.

An ensemble of lipid molecules making up a bilayer can be
modelled as a two-dimensional viscoelastic material, where the
elastic constitutive parameters (e.g. bending rigidity, κc, or
stretching modulus KA) quantify the extent of membrane defor-
mation under a given load and the membrane’s microviscosity, η,
the inverse of the membrane’s fluidity, determines the lateral
diffusion of the membrane-embedded components. Experimen-
tally, it has been suggested that both quantities, KA and η, are
correlated, as they both depend on the intermolecular interaction
between the membrane’s lipids23; yet this relationship is not
necessarily universal, and exceptions could be seen in membranes
with a more complex structure24–26.

Existing experimental and computational studies suggest that
the less hydrophobic aldehyde and peroxide groups generated as a
result of Type I and Type II oxidation can migrate from the

bilayer’s hydrophobic core towards the aqueous interface27–30. It
was reported that this causes an increase in the area per lipid and
a decrease in the membrane thickness and the order parameter of
lipid tails27,30–32. Microscopically, this is manifested in the
appearance of an excess membrane area, a lower membrane
stretching modulus, KA, a higher polarity at the water-lipid
boundary33, a change in membrane morphology34, an increase in
membrane permeability35 and, for Type I oxidation, in pore
formation36, among others. Strikingly though, all-atom (AA) and
coarse-grained (CG) molecular dynamics (MD) simulations
predicted decreased diffusion coefficients of lipids27,37. Experi-
mentally these computational results were supported by Borst
et al. who looked at pyrene excimer formation and DPH-HPC
fluorescence anisotropy in oxidized lipid mixtures, and reported a
decrease in membrane fluidity upon oxidation38. In addition,
numerical simulations also predict a decrease of the stretching
modulus KA

27,33 and of the bending rigidity κc27, in agreement
with experiments26 but at odds with the standard correlation
between rigidity and microviscosity in simple bilayers.

The membrane’s microviscosity is inversely related to the
membrane’s fluidity. We note that, while viscosity reflects the
time-dependent deformation of a substance for a given load, the
term microviscosity refers to the molecular mobility of the
probe’s local environment39, which in turn defines the in-plane
membrane diffusivity. Microviscosity is commonly measured
through techniques such as fluorescence correlation
spectroscopy40, fluorescence recovery after photobleaching41,
single particle tracking42 or time-dependent vesicle
deformation43. However, these approaches are hard to combine
with spatiotemporal mapping of a sample and typically measure
diffusion coefficients in a single focal spot, at any one time.
Alternatively, environmentally sensitive fluorescent dyes have
been used to map the lipid order within the membrane. Pre-
viously, microviscosity sensitive dyes44–47 or polarity sensitive
fluorophores48–51 were extensively used to study membrane
properties. It was reported, for example, that lipid peroxidation
mediated a depth-dependent increase in membrane polarity28.
However, to the best of our knowledge, the spatially resolved
imaging of lipid organization of the oxidized lipid membranes
was not yet reported.

Viscosity-sensitive dyes, termed molecular rotors (MRs), can
be used to directly map changes in the bilayer microviscosity
upon oxidation. With molecular rotors, the efficiency of the non-
radiative decay pathway is coupled to the molecule’s intramole-
cular rotation. In less crowded or low viscosity environments
intramolecular motion is not restricted and, therefore, the non-
radiative decay dominates, leading to a decrease in the fluores-
cence quantum yield and lifetime. Using the lifetime to quantify
the environment’s microviscosity is particularly advantageous, as
it is independent of a probe’s concentration, and is largely
unaffected by optical properties of the medium and the excitation
setup. This advantage has been exploited to quantify the micro-
mechanical properties of model, prokaryotic and eukaryotic lipid
bilayers through Fluorescence Lifetime Imaging Microscopy
(FLIM)52–56. Furthermore, molecular rotors were used to study
membrane’s behavior under osmotic pressure25, flow-induced
shear57, drug treatment58, hyper-gravity conditions59 or oxidative
stress53. In the latter case, we previously observed an increase in
membrane microviscosity following photo-induced Type II oxi-
dation of unsaturated lipid bilayers. However, the decrease in
membrane fluidity contrasted with the expected disruption of the
hydrophobic core by the hydroperoxides.

In this work, we elucidate the mechanism responsible for the
increase in microviscosity of oxidized membranes and its
uncoupling from the bilayer’s elastic properties. Molecular rotors
directly visualize domain formation in single component oxidized

Fig. 1 Schematic of the lipid and dye structures used in this work.
Peroxidation of POPC results in the addition of a peroxide group (-OOH)
which locates at either 9’ or 10’ position (see ESI). Membrane order is
measured using the dyes Laurdan, BC10 and BC6++ .
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lipid bilayers via FLIM, while MD simulations indicate that such
behavior is driven by attractive interactions between the lipid
peroxides. Our results provide a theoretical framework to
understand the drastic effects of lipid peroxidation on the bio-
physical properties and lateral organization of lipid membranes,
which could be of use in the design of oxidation-based
therapies8,60 and in the engineering of synthetic cells61.

Results and discussion
Effect of lipid peroxidation on membrane structure. Initially,
we studied the effect of lipid peroxidation on 1-palmitoyl-2-
oleoyl-sn-glycero-3-phosphocholine (POPC) bilayers by com-
bining the microviscosity data obtained using two well-
characterized BODIPY-based molecular rotors45,55 (BC10 and
BC6++ , Fig. 1) and the Laurdan polarity-based fluorescent
probe, with the data from X-Ray diffraction.

We have previously used BODIPY-based molecular rotors to
measure a large increase in microviscosity upon Type II
photooxidation (during PDT) of unsaturated lipid 1,2-dioleoyl-
sn-glycero-3-phosphocholine (DOPC), from ca 180 cP to
480 cP53. We also measured a large microviscosity increase, from
ca 80 cP to 350 cP, in hydrophobic organelles of cultured
mammalian cells exposed to PDT with Type II
photosensitisers62,63. Hence, we aimed to directly relate the
observed increase in microviscosity with an increased presence of
peroxidized lipid.

Consequently, we synthesized POPC-OOH and prepared
mixed liposomes containing mixtures of POPC/POPC-OOH
with increasing fractions of the oxidized lipid. As shown in
Fig. 2a, b, BC10 lifetime increased from 1.8 ± 0.1 to 2.1 ± 0.07 ns,
indicating a change in microviscosity from 159 ± 21 cP for pure
POPC bilayers to 241 ± 16 cP for pure POPC-OOH membranes,
according to the previously published lifetime-viscosity

calibration64. We note that molecular rotor BC10 is localized in
the hydrophobic core of the membrane;55 as the rotor shows a
polarity and temperature-independent responses within the
studied viscosity range65, it is expected that changes in BC10
lifetime are truly representative of changes in the bilayer’s
microviscosity. This was further supported by the MD simula-
tions described later and by FRAP experiments on pure POPC
and POPC-OOH membranes (Fig. S1). The change in micro-
viscosity reported here is significantly higher than that reported
in26, where interfacially localized TMA-DPH was used as a probe,
which was affected by both hydration and viscosity.

Similar results were obtained when BC10 labelled POPC giant
unilamellar vesicles (GUVs) were subjected to in situ Type II
oxidation (Fig. 3) using singlet oxygen production from the
photosensitiser tetraphenylporphyrin (TTP), Fig. S2. TPP is a
hydrophobic porphyrin which localizes inside the lipid bilayer
and produces significant amounts of singlet oxygen upon
irradiation53,66. The photo-induced increase in microviscosity
(from 121 ± 11 cP to 298 ± 14 cP, Fig. 3d) is comparable to that
observed for premixed synthetic lipids, Fig. 2, indicating that,
indeed, lipid-hydroperoxide formation via reactions with singlet
oxygen is responsible for the significant increase in membrane
microviscosity, as a result of Type II peroxidation.

Of note, the microviscosity values detected for the oxidized
membranes are comparable to those obtained from the liquid-
ordered region of phase-separated vesicles, ~290 cP, and are
significantly higher than those recorded for liquid disordered
phase lipids, ~130 cP55. Similar to the highly ordered lipid “rafts”,
these high microviscosity values reinforce the suggested possible
roles of lipid oxidation products in signal transduction67,68.

The higher order of POPC-OOH containing membranes was
also confirmed by monitoring Laurdan fluorescence. Unlike the
BC10 molecular rotor, Laurdan is sensitive to the polarity of the
surrounding solvent and is capable of reporting on both the

Fig. 2 Spectroscopic characterization of POPC/POPC-OOH large
unilamellar vesicles (LUVs). a Time resolved decay traces and (b)
calculated microviscosity of BC10 labelled LUVs. c Emission spectra and (d)
calculated GP of Laurdan-labelled LUVs. Instrument response function (IRF)
is shown in black (a). Data shown as mean ± S.D. (n≥ 3 independent
repeats).

Fig. 3 Type II photo-oxidation of POPC GUVs, monitored by FLIM of
BC10. a–c FLIM images recorded at 0 s, 150 s and 450 s. Only the bottom
left section was irradiated. Scalebar: 20 µm. d Changes in microviscosity
recorded for irradiated (red) and non-irradiated (blue) GUVs. Data shown
as mean ± S.D (N≥ 3 GUVs in n= 3 independent repeats). e Lifetime
distribution histogram and a zoomed in FLIM image of the irradiated GUV
indicated by the white arrow in (c). Discrete color-coding of the inset FLIM
image has been used to highlight areas of different microviscosity.
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membrane’s polarity and hydration69,70. The commonly reported
measure of polarity is the general polarization (GP) value (defined
in Methods), which is assumed to be proportional to lipid packing
density for simple membrane compositions23. As seen in Fig. 2c,
d, increasing amounts of POPC-OOH changed Laurdan’s GP
from −0.11 ± 0.01 for pure POPC membranes to −0.01 ± 0.02 for
fully peroxidized bilayers, consistent with a decrease in polarity
and hydration and an increase in lipid packing as a result of
peroxidation. This data is consistent with a previously reported
trend26 and with the increase in membrane microviscosity
reported by using molecular rotor BC10. We note that the
relation between Laurdan’s GP and microviscosity does not
appear to be significantly affected by the presence of lipid
peroxides compared to standard temperature-induced changes in
the membrane’s structure (Fig. S3a) nor does the presence of
charged lipids or hydrogen-bonding affect the readout from the
BC10 probe (Fig. S3b, Fig. S17).

In contrast, our previous work using 3-hydroxyflavone based
reporters28 suggested that the local polarity increased in a depth-
dependent manner, upon increasing the fraction of POPC-OOH.
This should, in principle, cause a decrease in Laurdan’s GP,
opposite to what was observed here. To attempt to understand
this discrepancy, we measured Laurdan’s emission spectra in
vesicles composed of POPC with an increasing fraction of POPC-
OOH, at increasing temperature. We hypothesized that a higher
temperature may favor the migration of the -OOH groups
towards the surface, due to looser lipid packing. Each spectrum
was fitted using 3 lognormal curves, to represent three
contributions: apolar (centred at ~425 nm), polar aprotic
(~450–470 nm) and polar protic (~480–510 nm) components,
according to a published procedure69.

These peaks were assigned to Laurdan localized at three
different heights within the membrane, reporting on the
hydrocarbon region, membrane’s polarity and membrane’s
hydration, respectively69. The fitting results are shown in Fig. S4.
As shown in Fig. S5b, the Laurdan’s GP value in membranes
containing 50 and 100% POPC-OOH was higher than that
obtained in pure POPC bilayers, regardless of the temperature.
However, when POPC-OOH was present, the contribution from
membrane polarity to Laurdan’s spectra increased with tempera-
ture whereas the contribution from the membrane hydration
component did not vary significantly (Fig. S4). This is consistent
with an increased migration of hydroxyl groups towards the
membrane-water interface, increasing the polarity at the
phosphate level, in agreement with existing reports7,26–28,30,33.
Therefore, given the most red-shifted component (centered at
~480–510 nm) does not vary significantly, an increase in the
polarity contribution should be reflected in a larger GP, in
agreement with our observations.

Overall, these results contribute evidence that peroxidized
lipids increase the membrane’s polarity. However, an unexpected
result is that the membrane’s microviscosity was also increased.
We tested whether this increase could be due to the trans
configuration adopted by lipid peroxides21. We measured BC10
lifetime in membranes composed of POPC and the trans lipid
DEPC (1,2-dielaidoyl-sn-glycero-3-phosphocholine, the trans
isomer of DOPC). As shown in Fig. S6, a slight increase in
lifetime (and microviscosity), from 159 ± 21 cP to 191 ± 19 cP,
was observed in the case of LUVs composed of pure DEPC.
Notably, this increase is significantly lower than for POPC/
POPC-OOH containing membranes. This suggests that the trans-
nature of oxidized POPC is not solely responsible for the
observed increase in microviscosity and there is a more complex
cause for the decrease in membrane fluidity upon peroxidation.

To further investigate this phenomenon, we performed small-
and wide-angle X-ray diffraction (SAXS/WAXS) on POPC bilayer

stacks containing an increased fraction of either POPC-OOH or
DEPC. The position of the SAXS peaks is determined by both the
actual bilayer thickness and the water layer in between the
lamellae, both affected by the presence of lipid peroxides30. Our
results, shown in Fig. 4a, b, indicate a swelling of the lipid stacks
by ~9 Å when POPC-OOH completely replaces POPC, in
agreement with previous reports26.

These samples were prepared with excess hydration, allowing
the water to move into and out of the interlamellar space. As
these membranes are formed from neutral lipids, changes in the
interlamellar distance would be determined by the balance
between the Helfrich repulsion forces (due to membrane’s
undulations) and the dispersive attractive forces. Under these
conditions, an increase of the repeat distance can be viewed as the
result of an increase in the repulsion strength, compatible with
the expected reduction of the bending modulus of the bilayer.
This reduction of the bending modulus is further supported by
the observed broadening of the SAXS peaks, and the intensity
decrease of the higher-order peaks at higher POPC-OOH
fractions. According to Caillé theory71, the peak broadening
corresponds to a larger stack fluctuation and lower bending
modulus, the later also confirmed by flickering spectroscopy
(Fig. S7). This result matches previous observations26, and is
consistent with the decrease of the phase transition temperature
(Tm) observed by DSC (Fig. S8), which suggests the presence of
POPC-OOH could lower the cohesive forces between POPC
molecules. On the contrary, exchanging POPC-OOH for DEPC
resulted in a significantly lower increase in d-spacing, compatible
with the expected increase in membrane thickness corresponding
to a cis-trans isomerization. Furthermore, the use of DEPC did
not result in peak broadening, indicating membrane elasticity was
not compromised (Fig. S9).

On the other hand, the position and shape of the WAXS peak
report on the lipid packing density (i.e., area per lipid). When
POPC was substituted by POPC-OOH the WAXS peak position,

Fig. 4 X-Ray scattering intensity profiles for POPC/POPC-OOH bilayers.
a, b SAXS profile and interlamellar spacing calculated from the 1st Bragg
peak. c, d WAXS traces and width of the fitted Lorentzian component. Data
shown as mean ± S.D. S.D. in POPC-OOH containing membranes was
estimated according to the S.D. of pure POPC samples, see ESI for details.
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corresponding to the fluid lamellar phase (d ~ 0.45 nm, area per
lipid ~68 Å2), did not shift; suggesting the average inter-lipid
spacing remained unchanged (Fig. 4c, d). However, the WAXS
peaks became significantly broader, predominantly towards larger
q-values (corresponding to lower lipid spacing), which could be
compatible with a wider area per lipid (APL) distribution, as
would be expected in a bilayer displaying lateral heterogeneity. In
contrast, for DEPC containing bilayers, the WAXS peak shift was
small, which agreed with the small changes observed in BC10
lifetime and SAXS traces, while no broadening of the WAXS
spectrum was evident. This indicates a gradual, homogeneous
thickening of the membranes in case of the DEPC addition, with
lipid molecules getting closer together and similar lateral
heterogeneity.

All in all, these results suggest that, even if the overall lattice
parameter remains the same, there is an increase of heterogeneity
in the lateral distribution of POPC-OOH containing membranes;
a behavior that could be compatible with lipid bilayers displaying
membrane regions with distinct degrees of lipid packing. This is
further supported by the concurrent increase in microviscosity
and decrease in bending rigidity, a deviation from the generalist
trend where both magnitudes are directly correlated23. A similar
effect, where lipid bilayers follow a non-classical behavior, has
been reported for membranes containing highly ordered lipid
clusters of low fluidity24,25.

Peroxide-induced domain formation. Lipid peroxide-induced
phase separation was previously reported in the
literature22,72,73, where the presence of lipid hydroperoxides
was thought to increase the membrane’s tension, leading to the
emergence and/or fusion of highly ordered lipid domains in
vesicles containing a mixture of saturated and unsaturated
lipids, and cholesterol74. However, to the best of our knowledge,
the presence of lipid domains in membranes composed of a
single lipid together with its hydroperoxidised analogue has not
yet been described.

In fact, probing such a phase separation using conventional
microscopy techniques (i.e., using fluorescently tagged lipids that
partition into a given phase) is challenging, as the two domains
are expected to have a relatively similar packing (see for example
WAXS data in Fig. 4). To overcome this issue, we mapped the
microviscosity of POPC GUVs with increasing fractions of
POPC-OOH via FLIM using viscosity sensitive molecular rotors.

Here, we substituted BC10 for the well characterized water-
soluble molecular rotor BC6++ , because of the apparent
interaction of BC10 with oxidized lipids during the electroforma-
tion process (Fig. S10, see ESI for further discussion). We
confirmed that the change in GUVs microviscosity at increasing
fractions of peroxidized lipid from 144 ± 6 cP to 239 ± 16 cP,
recorded using BC6++ , (Fig. 5) was comparable to the changes
seen in LUVs with BC10, Fig. 2. We verified that there is also a
small difference in microviscosity values seen in LUVs stained
with BC10 and BC6++ (Fig. S11).

Notably, by performing FLIM microscopy, we were able to
detect a significantly wider microviscosity distribution of POPC-
OOH containing GUVs, compared to pure POPC (Fig. 5). The
wider lifetime histograms as well as a non-gaussian histogram
shape was seen for both 50 and 100% POPC-OOH (Fig. S12) gave
evidence for the presence of membrane regions with significantly
higher order, Fig. 5b-d. The increase in membrane heterogeneity
was also seen in POPC GUVs that were photooxidised in situ
(Fig. 3e and Fig. S13). We interpret this data as evidence for
domain formation in POPC/POPC-OOH GUVs. This conclusion
is consistent with the increased width of the WAXS peaks.

To further explore evidence for the existence of lipid domains,
we measured changes in Laurdan GP and BC10 intensity of
POPC-OOH containing LUVs at increasing temperatures
(Fig. S5). We expected these temperature-dependent curves to
be linear if only one lipid phase is present. However, it could be
seen that in the presence of POPC-OOH, a clear change in the
slope of both GP and fluorescence intensity vs T, for both
Laurdan and BC10 signals, was observed. The presence of these
points of changing gradient at ~50 °C gives further evidence for
the phase-separation, with transition temperature consistent
between both methods. A similar behavior was also seen upon
heating POPC-OOH GUVs at 60 °C (Fig. S14).

Our data suggests, for the first time, that lipid peroxides can
cluster together creating regions of higher order, even in the
absence of canonical Lo domain-forming lipids. Prior electrical
current recordings of POPC-OOH containing membranes by
Corvalán et al.36 also indirectly suggested that lipid peroxides
could cluster together, leading to the formation of ion lipid
conductive pores. Altogether, these findings indicate that the
presence of lipid peroxidation products can promote the
appearance of lipid clusters of higher local order, which can play
a crucial role in signal transduction and mechanical behavior of
the cell’s membrane.

MD simulations of peroxidized membranes. In order to further
interpret our experimental observations, we studied the atomic
organization of POPC-OOH containing membranes by using all-
atom (AA) molecular dynamics (MD) simulations.

Figure 6d–f shows the electron density profile (EDP)
corresponding to the lipid species, water and BC10 as a function
of the z-coordinate (normal to the lipid bilayer interface) from the
AA-MD simulations. An increased fraction of POPC-OOH (0, 50
and 100%mol) leads to a smoother EDP trace and to a larger lipid
density at the membrane’s midplane. This suggests a higher
degree of delocalization of the lipid molecules (Fig. 6a–c), in

Fig. 5 FLIM imaging of POPC/POPC-OOH GUVs. a–c Sample FLIM images
of BC6++ stained GUVs with increasing fractions of POPC-OOH. Scale
bar: 20 µm. d Calculated membrane microviscosity using the reported rotor
calibration85. Box plots display the 25–75% range, error bars
represent ± S.D., median is shown by a horizontal line and mean by a dot of
N≥ 30 GUVs from n= 3 independent repeats.
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agreement with the disruptive effect caused by the snorkelling of
~40% of the oxidized chains towards the membrane interface
(Fig. S15). This effect is reflected in the change of the POPC EDP
for pure and mixed (50% POPC-OOH) peroxidized bilayers
(Fig. 6e, f). Here, the snorkelling POPC-OOH chains lead to
POPC depletion at the water/lipid interface and, simultaneously,
to a higher density of the lipid tails from the non-oxidized POPC
lipid molecules and the bilayer’s core. We also observed an
increase in water penetration with increasing amounts of POPC-
OOH, in agreement with previous reports36,37,75. With regard to
the location of BC10, peak density was within the highest density
region of the membrane and in a similar location to our previous
studies55,76,77, regardless of the bilayer’s composition (Fig. S16).
In addition, we observed no significant interaction between BC10
and the oxidized moiety (Fig. S17). Altogether, this data gives us
confidence that the change in BODIPY rotor’s lifetime signal
does, indeed, reflect the changes in membrane’s packing, rather
than a relocalization of the sensor during peroxidation.

Regarding the bilayer’s structural properties (Fig. 6g), we
calculated a decrease in the bilayer thickness (determined as the
phosphate-phosphate distance) from 39.2 ± 0.4 Å for pure POPC
to 32.4 ± 0.6 Å for pure POPC-OOH membranes. This decrease
in membrane thickness was accompanied by an increase of the
mean area per lipid from 63 ± 10 Å2 to 81 ± 16 Å2, in agreement

with previous reports7,30. For the mixed membrane composition
(50% POPC-OOH) the area per lipid of POPC molecules
increased to 72 ± 14 Å2 while that of POPC-OOH decreased to
76 ± 16 Å2.

We also measured the conformational flexibility of the acyl
chains through the order parameter Scd given by:

Scd ¼
1
2

3 cos2 θ � 1
� � ð1Þ

where θ is the angle between the bilayer normal and the carbon-
hydrogen vector of a carbon atom in an acyl tail, and the average
is taken over time and over all molecules of a given species within
the membrane. As depicted in Fig. S18, the fully saturated sn1
chain was generally less ordered for POPC-OOH lipids, in
agreement with the observed increase in lipid area for peroxidized
bilayers. In the case of the sn2 chain, however, the effect of the
hydroxyl group in POPC-OOH molecules becomes dependent on
the carbon number and is characterized by a sudden increase of
Scd at the carbon positions 8 and 11, which are attributed to the
snorkeling of the peroxidized chain towards the membrane
interface. It is likely that the looping of the peroxidized sn2 chain
and the increase in ordering would increase the local lipid areal
density, thereby increasing the membrane’s microviscosity, as
directly detected by FLIM of molecular rotors in this work.

Fig. 6 MD simulations of POPC-OOH containing membranes. a–c Lateral snapshots of the simulated bilayers containing increasing amounts of POPC-
OOH. Colour coding: Green-POPC, Gray-oxPOPC9, Purple-oxPOPC10 (see Fig. S15 for details), Yellow-Phosphorous, Red-Oxygen. BC10 is also shown
(cyan), within the leaflet regardless of the membrane’s composition, but closer to the phospholipid headgroups in the 100% POPC-OOH membrane.
d, f Electron density profiles of membranes containing increasing amounts of POPC-OOH. In (e) the red traces correspond to all lipids (continuous trace),
POPC (dotted) and POPC-OOH (dashed). g Area-thickness relationship for lipid peroxide containing bilayers. Data shown as mean ± S.D. from two
independent simulations. h Relative variation of the 2-dimensional diffusion coefficient obtained from the MD simulations (⎕) and from molecular rotor
data using the Saffman-Delbrück equation (∎). i, j Snapshots of a coarse-grained simulation showing the area per lipid (APL) maps of pure POPC (i) and
POPC-OOH (j) membranes. Scalebar: 30 nm. k Bimodal APL distribution seen for the oxidized membranes (j), supporting the observation of lipid
segregation in POPC-OOH membranes.
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To test this hypothesis, we calculated the lateral mean squared
displacement (MSD) of the different lipid species and used it to
extract the lateral diffusion coefficient D (see ESI for details).
When comparing POPC-OOH and POPC lipids, we observed a
decrease of ~20% in the diffusion coefficient in the case of POPC-
OOH (Fig. 6h). This is in agreement with the values of diffusion
coefficients derived using the Saffman-Delbrück formula from the
microviscosity data reported by molecular rotor BC10. For mixed
membranes of equimolar POPC/POPC-OOH composition we
observed some discrepancy between the calculated values of D
and measured viscosities, which may be due to lipid cooperativity
and clustering.

Finally, to assess the degree of lipid mixing within membranes
containing oxidized species, we defined the fractional enrichment
of species i around molecules j, Eij, within a 12 Å neighbourhood
as:

Eij ¼
Cj;local

Cj;bulk
ð2Þ

where Cj,local and Cj,bulk are the local and bulk concentrations of
species j around species i; hence a higher value of Eij will indicate
a preference of molecule types i and j to cluster together. Our
results suggest that the oxidised species prefer to associate with
other oxidised lipid molecules, (Eij > 1, i= j) while POPC lipids
had no association preference (Eij < 1, i ≠ j). This result indicates
the formation of lipid clusters rich in POPC-OOH, in good
agreement with our experimental data and previous
predictions36. In order to visualize these results, we created a
map showing the area per lipid (APL) and the distance between
the C9 chain position (for pure POPC) or the -OOH group (for
pure POPC-OOH) to the membrane’s midplane. As depicted in
Fig. 6i and Fig. S19, significant spatial heterogeneity was observed
in oxidized membranes compared to their non-oxidized counter-
parts. This result confirms the presence of phase-separated lipid
domains, which we experimentally observed using molecular
rotors, even in single component oxidized bilayers. To the best of
our knowledge, this is the first instance where lipid clustering has
been reported in otherwise single-component membranes.

We note that, although the presence of lipid clusters in single-
component membranes is apparently inconsistent with the Gibbs
phase rule, it must be considered that POPC-OOH is found in
two states (e.g., with the -OOH group either embedded within the
hydrocarbon region or snorkelling towards the membrane’s
surface). While, thermodynamically, this should not allow
formation of two phases, we believe that interconversion between
the snorkelling and non-snorkelling configurations is slow,
leading to kinetic trapping of the molecular states, which allows
formation of the observed membrane heterogeneity. This is
supported by our MD results that suggest approximately 40% of
the POPC-OOH molecules display a snorkelling behavior during
the simulation time (Fig. S15). In addition, apparent violations of
the Gibbs rule are commonly seen in lipid vesicles, although
poorly understood. For example, pure DPPC membranes display
gel-fluid domain coexistence over a temperature range around the
main transition, which has been attributed to finite-size effects
and metastable states78.

To gain a deeper understanding of the molecular interactions
driving this lipid segregation, we created contact maps between
the different lipids, calculated by all-atom simulations. As shown
in Fig. S20, a significant amount of contact is seen between the
oxygens in the oxidized -OOH tail of the lipids (O9 & O10) and
also between those oxygens and the oxygens in the ester groups of
lipid heads (O6 & O7). These contacts are indicative of hydrogen
bonds formed between the OH group in the neighboring oxidized
tails, as well as between the oxygens in the oxidized tails and ester

groups of neighboring lipids. These bonds could serve as a
mechanism for the local clustering of the oxidized species, which
were observed both in our all-atom MD, and, over longer time
scales, the formation of domains observed in our experimental
FLIM investigations measuring lipid packing using molecular
rotors.

By combining advanced microscopy and environmentally
sensitive probes, X-ray diffraction experiments and MD simula-
tions, we show that lipid peroxidation results in an increased
interaction between the lipids. Snorkelling of the -OOH contain-
ing alkyl chains towards the membrane surface will increase the
area per lipid, but will also increase the molecular crowding
within the bilayer and will promote H-bonding interaction
between peroxidized lipids, leading to a decreased diffusivity and
membrane fluidity. In addition, the emerging lipid-lipid interac-
tions would stabilize the formation of lipid regions of higher
microviscosity. Simultaneously, snorkelling of the peroxidized
chains would decrease the chain-chain interactions at the bilayer’s
midplane, causing a decrease in membrane thickness and bending
rigidity. Overall, this is reflected in the disruption of the canonical
correlation between membrane elasticity and viscosity and the
emergence of more-ordered lipid regions in otherwise single-
component membranes (Fig. 7). The change in the relationship
between membrane viscosity and bending rigidity suggests a shift
in the balance between the inter-leaflet and intra-leaflet lipid
interactions; hence, we anticipate the drastic effect of lipid
peroxidation on the membrane’s structure will be key in the
cellular response to environmental stress. In addition, we envision
the proposed membrane-remodeling mechanism could be
exploited in the design of membrane-sorting artificial cell
systems.

Methods
Materials. Lipids solutions in CHCl3 of 1-palmitoyl-2-oleoyl-sn-glycero-3-phos-
phocholine (POPC), 1,2-dielaidoyl-sn-glycero-3-phosphocholine (DEPC) and 1-
palmitoyl-2-azelaoyl-sn-glycero-3-phosphocholine (PAzePC) were purchased from
Avanti Polar Lipids® and diluted to a 20 mM stock before use. The BODIPY-based

Fig. 7 Effect of lipid peroxidation on membrane architecture. Snorkelling
of the lipid tails leads to an increased lipid packing towards the interface,
yet this causes the increase of the individual area per lipid. Concurrently,
chain snorkelling creates a “void” at the membrane’s midplane, which lead
to a lower membrane thickness and elastic properties.
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dyes BC10 and BC6++were synthesized according to the previously published
procedures55. Stock solutions were prepared in CHCl3 (300 µM for BC10 and
Laurdan) or DMSO (3 mM, BC6++ ). 99.8% deuterated methanol (MeOD) for
NMR analysis was supplied by Fisher/Acros Organics. All other reagents were
purchased from Sigma Aldrich® or VWR and used without further purification.
Solvents for fluorescence studies were of spectrophotometric grade.

Lipid hydroperoxidation. Hydroperoxidized POPC (POPC-OOH) was obtained
following a photochemical technique using methylene blue (MB) as a
photosensitizer28,79. Briefly, to 6 mL of POPC in MeOD (5 mgmL−1), 50 µl of a
6 mM MB solution in MeOD was added, to reach a concentration in MB of 50 µM
(20.8 µg mL−1). The obtained solution was illuminated under a red light
(λ= 656 nm), and kept under constant oxygen flux and stirring for 10 min. The
solution was then characterized by NMR, to determine the hydroperoxidation
degree (see Fig. S21 for typical NMR spectra). Lipids were purified by dialysis and
absence of lipid degradation was checked by a last NMR spectrum acquisition.
Each final hydroperoxidized lipid solution was dried and redispersed in MeOD, to
reach a 10 mgmL−1 concentration. The POPC-OOH solutions in MeOD were kept
at −20 °C until further use.

Large Unilamellar Vesicle (LUV) formation. POPC and POPC-OOH stock
solutions were mixed at the appropriate molar ratio and, where appropriate,
Laurdan or BC10 were added at a 1:200 dye:lipid molar ratio. CHCl3 was then
removed using a rotatory evaporator to create a lipid film. The dried lipids were
then hydrated to a final concentration of 1 mM lipid using a 400 mM sucrose
solution and the vial was vortexed until the solution turned cloudy, after which it
was extruded 21 times through a 200 nm polycarbonate filter (Avanti Polar
Lipids®).

For BC6++ stained LUVs, pure liposomes were prepared as described above,
without adding the dye before a film formation. After extrusion, the liposome
solution was incubated for ~1 h with a 10 µM BC6++ solution to stain the bilayer
(~1:150 dye:lipid molar ratio, final DMSO concentration <1%v/v).

LUVs were resuspended in 400 mM glucose to a 0.1 mM lipid concentration
before measurement. Vesicle size for POPC-OOH containing membranes was
confirmed to be in the expected range (~190 nm diameter) using Dynamic Light
Scattering (Malvern Panalytical, Zetasizer Ultra).

Giant Unilamellar Vesicle (GUV) formation. 30 µL of a 1 mgmL−1 lipid solution
with the indicated POPC/POPC-OOH molar ratio, supplemented with 0.05%
BC10 when required, was spread onto an ITO slide. After drying for >1 h under
vacuum, a PDMS spacer was pressed onto the slide, the chamber was filled with a
400 mM sucrose solution and was then closed with a second ITO slide. The
electroformation protocol consisted of the application of 1Vpp@10 Hz electric field
for 90 min, followed by a 30 min detachment phase at 1Vpp@2 Hz. We note that
the low voltage was used to avoid lipid oxidation. For BC6++ labelled GUVs,
vesicles were incubated for ~1 h with a 10 µM BC6++ solution to (<1%v/v
DMSO). GUVs were then diluted ten-fold before imaging (using a custom-made
PDMS chamber on top of a BSA-coated glass slide). Samples where the micro-
viscosity for pure POPC GUVs was significantly different to LUVs of the same
composition were discarded due to suspected electroformation-induced oxidation.

Fluorescence spectra and lifetime measurements. Samples were placed in low
volume 500 µL cuvettes (10 mm path length). Fluorescence wavelength-corrected
emission spectra was recorded using a Horiba Yvon Fluoromax 4 fluorimeter under
404 nm (BC10) or 360 nm (Laurdan) excitation. The time-resolved fluorescence
decay traces were obtained using a Horiba Jobin Yvon IBH5000 F time-correlated
single photon counting (TCSPC) instrument. The sample was excited using a
404 nm pulsed laser (NanoLED) and the decay trace was recorded at 515 nm, until
peak counts reached 10.000. These traces were then fitted to either a mono-
exponential (BC10) or biexponential (BC6++ )55 decay models using DAS®
software. For the later, the longer lifetime component was used to calculate the
membrane’s microviscosity55. Temperature was controlled through a Peltier cell
(fluorimeter experiments, precision ±0.5 °C) or a water bath (TCSPC experiments,
precision: ±1 °C), and was set to 22.5 °C unless stated otherwise.

Fluorescence Lifetime Imaging Microscopy (FLIM). GUVs were diluted 10-fold
in 400 mM glucose solution and added to a BSA-coated observation chamber.
Lifetime images were obtained using a Leica TSC SP5 II inverted confocal
microscope and a 20x air objective. A Ti:Sapphire laser (Coherent, Chameleon
Vision II, 80MHz) provided two-photon excitation at either 930 nm (premixed
vesicles) or at 900 nm (for the in situ oxidation experiments) and fluorescence
emission was collected either between 500–580 nm (premixed vesicles) or between
500 and 600 nm (for in situ oxidation). FLIM images (256 × 256 pixels, 256
channels) were acquired using a TCSPC card (Becker & Hickl GmbH®, SPC-830).
Instrument response function (IRF) was measured using the second harmonic
generation signal from urea crystals. The lifetimes were calculated by fitting the
decays to either a monoexponential (BC10, minimum 200 counts per pixel at peak
after binning) or biexponential (BC6++ , minimum 500 counts per pixel at peak
after binning) models.

X-Ray diffraction experiments. Dry samples of a given lipid mixture (20 mg total
mass) were hydrated with DI water to 70% and subjected to 15 freeze-thaw cycles
to ensure a proper lipid mixing. The sample was then loaded into a 2 mm diameter
polymer capillary tube and sealed with a rubber stopper. SAXS and WAXS mea-
surements were performed at beamline I22 (Diamond Light Source, UK)80. Ana-
lysis of the diffraction patterns is described in the ESI.

All-atom (AA) simulations. All atom simulations of three systems have been
performed: one consisting of 100% POPC, one consisting of 50% POPC and 50%
POPC-OOH (25% oxPOPC9 & 25% oxPOPC10) and one consisting of 100%
POPC-OOH (50% oxPOPC9 & 50% oxPOPC10). Each system contains a lipid
bilayer consisting of 200 lipids per leaflet surrounded by an aqueous environment,
which contains approximately 50 water molecules per lipid. Packmol was used to
build each of the three membrane systems81.

The lipids were modelled using the CHARMM36 forcefield. The standard
parameters were used for POPC, oxPOPC9 and oxPOPC10. The models of the
oxidized PC lipids were then modified to incorporate the forcefield terms of the
oxidized group as reported by Wong-Ekkabut et al.82. Meanwhile the water
molecules were modelled with the CHARMM-modified version of the TIP3P
potential83. Finally, the BODIPY molecule was modelled with the same forcefield as
we have used previously76,77.

Each lipid membrane system was minimized and then equilibrated to a
temperature of 300 K and a pressure of 1 bar following the simulation protocol
prescribed by CHARMM-GUI84. Then the membranes are simulated for 500 ns at
300 K and 1 bar in order to make sure the membranes are thoroughly equilibrated
before the BODIPY dye molecules are added to the systems. Then the BODIPY
molecules are inserted into the final configuration of these long simulations. One
BODIPY molecule is added to each system into the aqueous phase of the bilayer
systems. Then the systems are simulated for a further 200 ns at 300 K and 1 bar.
The temperature was controlled by a Nosé-Hoover thermostat and a Parrinello-
Rahman barostat was used to control the pressure. Three replicas were created for
each of the bilayer systems with BODIPY and simulations were carried out for
each. The results presented in this manuscript are taken by performing statistical
analysis of the results from each of the three replicas for each system.

Supplementary methods. For other methods (NMR characterization of POPC-
OOH, estimation of the diffusion coefficient from BC10 lifetime, FRAP, Laurdan
GP and spectral decomposition analysis, analysis of intra-vesicle lifetime hetero-
geneity, viscosity-lifetime calibration, analysis of SAXS/WAXS datasets, flickering
spectroscopy, µ-DSC and analysis of MD simulations) please refer to the ESI.

Statistical analysis. Data is shown as mean ± S.D. Box plots display the 25–75%
range, error bars represent ± S.D., median is shown by a horizontal line and mean
by a dot. Origin® software was used to perform one-way ANOVA test. *p < 0.05;
**p < 0.01; ***p < 0.001.

Data availability
The data that support the findings of this study are available from the corresponding
author upon reasonable request.

Received: 23 August 2022; Accepted: 29 December 2022;

References
1. Barrera, G., Pizzimenti, S. & Dianzani, M. U. Lipid peroxidation: Control of cell

proliferation, cell differentiation and cell death. Mol. Asp. Med. 29, 1–8 (2008).
2. Deigner, H. P. & Hermetter, A. Oxidized phospholipids: Emerging lipid

mediators in pathophysiology. Curr. Opin. Lipido. 19, 289–294 (2008).
3. Pamplona, R. Membrane phospholipids, lipoxidative damage and molecular

integrity: A causal role in aging and longevity. Biochim. Biophys. Acta -
Bioenerg. 1777, 1249–1262 (2008).

4. Wiernicki, B. et al. Excessive phospholipid peroxidation distinguishes
ferroptosis from other cell death modes including pyroptosis. Cell Death Dis.
11, 922 (2020).

5. Berliner, J. A., Leitinger, N. & Tsimikas, S. The role of oxidized phospholipids
in atherosclerosis. J. Lipid Res. 50, S207–S212 (2009).

6. Que, X. et al. Oxidized phospholipids are proinflammatory and
proatherogenic in hypercholesterolaemic mice. Nature 558, 301–306 (2018).

7. Van Der Paal, J., Neyts, E. C., Verlackt, C. C. W. & Bogaerts, A. Effect of lipid
peroxidation on membrane permeability of cancer and normal cells subjected
to oxidative stress. Chem. Sci. 7, 489–498 (2016).

8. Clemente, S. M., Martínez-Costa, O. H., Monsalve, M. & Samhan-Arias, A. K.
Targeting lipid peroxidation for cancer treatment. Molecules 25, 5144 (2020).

ARTICLE COMMUNICATIONS CHEMISTRY | https://doi.org/10.1038/s42004-022-00809-x

8 COMMUNICATIONS CHEMISTRY |            (2023) 6:15 | https://doi.org/10.1038/s42004-022-00809-x | www.nature.com/commschem

www.nature.com/commschem


9. Hietanen, E., Punnonen, K., Punnonen, R. & Auvinen, O. Fatty acid
composition of phospholipids and neutral lipids and lipid peroxidation in
human breast cancer and lipoma tissue. Carcinogenesis 7, 1965–1969 (1986).

10. Chew, H., Solomon, V. A. & Fonteh, A. N. Involvement of lipids in Alzheimer’s
disease pathology and potential therapies. Front. Physiol. 11, 1–28 (2020).

11. Butterfield, D. A. Brain lipid peroxidation and alzheimer disease: Synergy
between the Butterfield and Mattson laboratories. Ageing Res. Rev. 64, 101049
(2020).

12. Peña-Bautista, C., Vento, M., Baquero, M. & Cháfer-Pericás, C. Lipid
peroxidation in neurodegeneration. Clin. Chim. Acta 497, 178–188 (2019).

13. Valdez, L. B. et al. Complex I syndrome in striatum and frontal cortex in a rat
model of Parkinson disease. Free Radic. Biol. Med. 135, 274–282 (2019).

14. Gaschler, M. M. & Stockwell, B. R. Lipid peroxidation in cell death. Biochem.
Biophys. Res. Commun. 482, 419–425 (2017).

15. Yang, W. S. et al. Peroxidation of polyunsaturated fatty acids by lipoxygenases
drives ferroptosis. Proc. Natl Acad. Sci. 113, E4966–E4975 (2016).

16. Hajeyah, A. A., Griffiths, W. J., Wang, Y., Finch, A. J. & O’Donnell, V. B. The
biosynthesis of enzymatically oxidized lipids. Front. Endocrinol. (Lausanne).
11, 1–32 (2020).

17. Katikaneni, A. et al. Lipid peroxidation regulates long-range wound detection
through 5-lipoxygenase in zebrafish. Nat. Cell Biol. 22, 1049–1055 (2020).

18. Zhou, Z., Song, J., Nie, L. & Chen, X. Reactive oxygen species generating
systems meeting challenges of photodynamic cancer therapy. Chem. Soc. Rev.
45, 6597–6626 (2016).

19. Girotti, A. W. Photosensitized oxidation of membrane lipids: Reaction
pathways, cytotoxic effects, and cytoprotective mechanisms. J. Photochem.
Photobiol. B Biol. 63, 103–113 (2001).

20. Dos Santos, A. F. et al. Distinct photo-oxidation-induced cell death pathways
lead to selective killing of human breast cancer cells. Cell Death Dis. 11, 1070
(2020).

21. Bacellar, I. O. L. & Baptista, M. S. Mechanisms of photosensitized lipid
oxidation and membrane permeabilization. ACS Omega 4, 21636–21646
(2019).

22. Itri, R., Junqueira, H. C., Mertins, O. & Baptista, M. S. Membrane changes
under oxidative stress: The impact of oxidized lipids. Biophys. Rev. 6, 47–61
(2014).

23. Steinkühler, J., Sezgin, E., Urbančič, I., Eggeling, C. & Dimova, R. Mechanical
properties of plasma membrane vesicles correlate with lipid order, viscosity
and cell density. Commun. Biol. 2, 1–8 (2019).

24. Colom, A. et al. A fluorescent membrane tension probe. Nat. Chem. 1–22.
https://doi.org/10.1038/s41557-018-0127-3 (2018).

25. Páez-Pérez, M., López-Duarte, I., Vyšniauskas, A., Brooks, N. J. & Kuimova,
M. K. Imaging non-classical mechanical responses of lipid membranes using
molecular rotors. Chem. Sci. 12, 2604–2613 (2021).

26. Scanavachi, G. et al. Lipid Hydroperoxide compromises the membrane structure
organization and softens bending rigidity. Langmuir 37, 9952–9963 (2021).

27. Guo, Y., Baulin, V. A. & Thalmann, F. Peroxidised phospholipid bilayers:
Insight from coarse-grained molecular dynamics simulations. Soft Matter 12,
263–271 (2016).

28. Junqueira, H. et al. Molecular organization in hydroperoxidized POPC
bilayers. Biochim. Biophys. Acta - Biomembr. 184, 183659 (2021).

29. Neto, A. J. P. & Cordeiro, R. M. Molecular simulations of the effects of
phospholipid and cholesterol peroxidation on lipid membrane properties.
Biochim. Biophys. Acta - Biomembr. 1858, 2191–2198 (2016).

30. De Rosa, R., Spinozzi, F. & Itri, R. Hydroperoxide and carboxyl groups
preferential location in oxidized biomembranes experimentally determined by
small angle X-ray scattering: Implications in membrane structure. Biochim.
Biophys. Acta - Biomembr. 1860, 2299–2307 (2018).

31. Schumann-Gillett, A. & O’Mara, M. L. The effects of oxidised phospholipids
and cholesterol on the biophysical properties of POPC bilayers. Biochim.
Biophys. Acta - Biomembr. 1861, 210–219 (2019).

32. Jurkiewicz, P. et al. Biophysics of lipid bilayers containing oxidatively modified
phospholipids: Insights from fluorescence and EPR experiments and from MD
simulations. Biochim. Biophys. Acta - Biomembr. 1818, 2388–2402 (2012).

33. Weber, G. et al. Lipid oxidation induces structural changes in biomimetic
membranes. Soft Matter 10, 4241–4247 (2014).

34. Sankhagowit, S. et al. The dynamics of giant unilamellar vesicle oxidation
probed by morphological transitions. Biochim. Biophys. Acta - Biomembr.
1838, 2615–2624 (2014).

35. Runas, K. A. & Malmstadt, N. Low levels of lipid oxidation radically increase
the passive permeability of lipid bilayers. Soft Matter 11, 499–505 (2015).

36. Corvalán, N. A., Caviglia, A. F., Felsztyna, I., Itri, R. & Lascano, R. Lipid
Hydroperoxidation effect on the dynamical evolution of the conductance
process in bilayer lipid membranes: A condition toward criticality. Langmuir
36, 8883–8893 (2020).

37. Siani, P., de Souza, R. M., Dias, L. G., Itri, R. & Khandelia, H. An overview of
molecular dynamics simulations of oxidized lipid systems, with a comparison

of ELBA and MARTINI force fields for coarse grained lipid simulations.
Biochim. Biophys. Acta - Biomembr. 1858, 2498–2511 (2016).

38. Borst, J. W., Visser, N. V., Kouptsova, O. & Visser, A. J. W. G. Oxidation of
unsaturated phospholipids in membrane bilayer mixtures is accompanied by
membrane fluidity changes. Biochim. Biophys. Acta - Mol. Cell Biol. Lipids
1487, 61–73 (2000).

39. Bittermann, M. R., Grzelka, M., Woutersen, S., Brouwer, A. M. & Bonn, D.
Disentangling Nano- and macroscopic viscosities of aqueous polymer
solutions using a fluorescent molecular rotor. J. Phys. Chem. Lett. 12,
3182–3186 (2021).

40. Chiantia, S., Ries, J. & Schwille, P. Fluorescence correlation spectroscopy in
membrane structure elucidation. Biochim. Biophys. Acta - Biomembr. 1788,
225–233 (2009).

41. Pincet, F. et al. FRAP to characterize molecular diffusion and interaction in
various membrane environments. PLoS One 11, e0158457 (2016).

42. Manzo, C. & Garcia-Parajo, M. F. A review of progress in single particle
tracking: from methods to biophysical insights. Rep. Prog. Phys. 78, 124601
(2015).

43. Wu, S. H. et al. Viscoelastic deformation of lipid bilayer vesicles. Soft Matter
11, 7385–7391 (2015).

44. Haidekker, M. A. & Theodorakis, E. A. Environment-sensitive behavior of
fluorescent molecular rotors. J. Biol. Eng. 4, 11 (2010).

45. Wu, Y. et al. Molecular rheometry: Direct determination of viscosity in Lo and
Ld lipid phases via fluorescence lifetime imaging. Phys. Chem. Chem. Phys. 15,
14986 (2013).

46. Ma, C. et al. A minireview of viscosity-sensitive fluorescent probes: Design and
biological applications. J. Mater. Chem. B 8, 9642–9651 (2020).

47. Vyšniauskas, A. & Kuimova, M. K. A twisted tale: Measuring viscosity and
temperature of microenvironments using molecular rotors. Int. Rev. Phys.
Chem. 37, 259–285 (2018).

48. Klymchenko, A. S., Mély, Y., Demchenko, A. P. & Duportail, G. Simultaneous
probing of hydration and polarity of lipid bilayers with 3-hydroxyflavone
fluorescent dyes. Biochim. Biophys. Acta - Biomembr. 1665, 6–19 (2004).

49. Klymchenko, A. S. & Kreder, R. Fluorescent probes for lipid rafts: From model
membranes to living cells. Chem. Biol. 21, 97–113 (2014).

50. Demchenko, A. P., Mély, Y., Duportail, G. & Klymchenko, A. S. Monitoring
biophysical properties of lipid membranes by environment-sensitive
fluorescent probes. Biophys. J. 96, 3461–3470 (2009).

51. Gunther, G., Malacrida, L., Jameson, D. M., Gratton, E. & Sánchez, S. A.
LAURDAN since Weber: The quest for visualizing membrane heterogeneity.
Acc. Chem. Res. 54, 976–987 (2021).

52. López-Duarte, I. et al. Thiophene-based dyes for probing membranes. Org.
Biomol. Chem. 13, 3792–3802 (2015).

53. Vyšniauskas, A., Qurashi, M. & Kuimova, M. K. A molecular rotor that
measures dynamic changes of lipid bilayer viscosity caused by oxidative stress.
Chem. - A Eur. J. 22, 13210–13217 (2016).

54. Mika, J. T. et al. Measuring the viscosity of the Escherichia coli plasma
membrane using molecular rotors. Biophys. J. 111, 1528–1540 (2016).

55. Dent, M. R. et al. Imaging phase separation in model lipid membranes
through the use of BODIPY based molecular rotors. Phys. Chem. Chem. Phys.
17, 18393–18402 (2015).

56. Dent, M. R. et al. Imaging plasma membrane phase behaviour in live cells
using a thiophene-based molecular rotor. Chem. Commun. 52, 13269–13272
(2016).

57. Haidekker, M. A., L’Heureux, N. & Frangos, J. A. Fluid shear stress increases
membrane fluidity in endothelial cells: A study with DCVJ fluorescence. Am.
J. Physiol. Circ. Physiol. 278, H1401–H1406 (2000).

58. Shimolina, L. E. et al. Mapping cisplatin-induced viscosity alterations in
cancer cells using molecular rotor and fluorescence lifetime imaging
microscopy. J. Biomed. Opt. 25, 1–16 (2020).

59. Woodcock, E. M. et al. Measuring Intracellular Viscosity in Conditions of
Hypergravity. Biophys. J. 1984–1993 https://doi.org/10.1016/j.bpj.2019.03.038
(2019).

60. Ademowo, O. S., Dias, H. K. I., Burton, D. G. A. & Griffiths, H. R. Lipid (per)
oxidation in mitochondria: an emerging target in the ageing process?
Biogerontology 18, 859–879 (2017).

61. Dreher, Y., Jahnke, K., Schröter, M. & Göpfrich, K. Light-triggered cargo
loading and division of DNA-containing giant unilamellar lipid vesicles. Nano
Lett. 21, 5952–5957 (2021).

62. Kuimova, M. K. et al. Imaging intracellular viscosity of a single cell during
photoinduced cell death. Nat. Chem. 1, 69–73 (2009).

63. Izquierdo, M. A. et al. Dual use of porphyrazines as sensitizers and viscosity
markers in photodynamic therapy. J. Mater. Chem. B 3, 1089–1096
(2015).

64. Hosny, N. A. et al. Mapping microbubble viscosity using fluorescence lifetime
imaging of molecular rotors. Proc. Natl Acad. Sci. U.S A. 110, 9225–9230
(2013).

COMMUNICATIONS CHEMISTRY | https://doi.org/10.1038/s42004-022-00809-x ARTICLE

COMMUNICATIONS CHEMISTRY |            (2023) 6:15 | https://doi.org/10.1038/s42004-022-00809-x | www.nature.com/commschem 9

https://doi.org/10.1038/s41557-018-0127-3
https://doi.org/10.1016/j.bpj.2019.03.038
www.nature.com/commschem
www.nature.com/commschem


65. Vyšniauskas, A. et al. Exploring viscosity, polarity and temperature sensitivity
of BODIPY-based molecular rotors. Phys. Chem. Chem. Phys. 19,
25252–25259 (2017).

66. Ibrahim, H. et al. Meso-tetraphenyl porphyrin derivatives: The effect of
structural modifications on binding to DMPC liposomes and albumin. J.
Photochem. Photobiol. A Chem. 217, 10–21 (2011).

67. Jin, S., Zhou, F., Katirai, F. & Li, P.-L. Lipid Raft redox signaling: Molecular
mechanisms in health and disease. Antioxid. Redox Signal. 15, 1043–1083
(2011).

68. Girotti, A. W. Lipid hydroperoxide generation, turnover, and effector action in
biological systems. J. Lipid Res. 39, 1529–1542 (1998).

69. Watanabe, N. et al. Solvatochromic Modeling of Laurdan for multiple polarity
analysis of Dihydrosphingomyelin bilayer. Biophys. J. 116, 874–883 (2019).

70. Suhaj, A., Gowland, D., Bonini, N., Owen, D. M. & Lorenz, C. D. Laurdan and
Di-4-ANEPPDHQ influence the properties of lipid membranes: A classical
molecular dynamics and fluorescence study. J. Phys. Chem. B 124,
11419–11430 (2020).

71. Nagle, J. F. & Tristram-Nagle, S. Structure of lipid bilayers. Biochim. Biophys.
Acta - Rev. Biomembr. 1469, 159–195 (2000).

72. Jacob, R. F. & Mason, R. P. Lipid peroxidation induces cholesterol domain
formation in model membranes. J. Biol. Chem. 280, 39380–39387 (2005).

73. Tsubone, T. M., Junqueira, H. C., Baptista, M. S. & Itri, R. Contrasting roles of
oxidized lipids in modulating membrane microdomains. Biochim. Biophys.
Acta - Biomembr. 1861, 660–669 (2019).

74. Veatch, S. L. & Keller, S. L. Separation of liquid phases in giant vesicles of
ternary mixtures of phospholipids and cholesterol. Biophys. J. 85, 3074–3083
(2003).

75. Conte, E., Megli, F. M., Khandelia, H., Jeschke, G. & Bordignon, E. Lipid
peroxidation and water penetration in lipid bilayers: A W-band EPR study.
Biochim. Biophys. Acta - Biomembr. 1828, 510–517 (2013).

76. Steinmark, I. E. et al. Time-resolved fluorescence anisotropy of a molecular
rotor resolves microscopic viscosity parameters in complex environments.
Small 16, (2020).

77. Steinmark, I. E. et al. Targeted fluorescence lifetime probes reveal responsive
organelle viscosity and membrane fluidity. PLoS One 14, 1–20 (2019).

78. Knorr, R. L., Steinkühler, J. & Dimova, R. Micron-sized domains in quasi
single-component giant vesicles. Biochim. Biophys. Acta - Biomembr. 1860,
1957–1964 (2018).

79. Mertins, O. et al. Physical damage on giant vesicles membrane as a result of
methylene blue photoirradiation. Biophys. J. 106, 162–171 (2014).

80. Smith, A. J. et al. I22: SAXS/WAXS beamline at Diamond Light Source – an
overview of 10 years operation. J. Synchrotron Radiat. 28, 939–947 (2021).

81. Martínez, L., Andrade, R., Birgin, E. G. & Martínez, J. M. PACKMOL: A
package for building initial configurations for molecular dynamics
simulations. J. Comput. Chem. 30, 2157–2164 (2009).

82. Wong-Ekkabut, J. et al. Effect of lipid peroxidation on the properties of lipid
bilayers: A molecular dynamics study. Biophys. J. 93, 4225–4236 (2007).

83. Jorgensen, W. L., Chandrasekhar, J., Madura, J. D., Impey, R. W. & Klein, M.
L. Comparison of simple potential functions for simulating liquid water. J.
Chem. Phys. 79, 926–935 (1983).

84. Lee, J. et al. CHARMM-GUI input generator for NAMD, GROMACS, AMBER,
OpenMM, and CHARMM/OpenMM simulations using the CHARMM36
additive force field. J. Chem. Theory Comput. 12, 405–413 (2016).

85. López-Duarte, I., Vu, T. T., Izquierdo, M. A., Bull, J. A. & Kuimova, M. K. A
molecular rotor for measuring viscosity in plasma membranes of live cells.
Chem. Commun. 50, 5282–5284 (2014).

Acknowledgements
M.P.P. acknowledges the Engineering and Physical Sciences Research Council (EPSRC)
and the British Heart Foundation (BHF) for the Doctoral Training Studentship (EP/
L015498/1, RE/13/4/30184) from the Institute of Chemical Biology (Imperial College
London). M.K.K. is grateful to the EPSRC for a Career Acceleration Fellowship (EP/
I003983/1). C.D.L. acknowledges the UK HPC Materials Chemistry Consortium, which
is funded by EPSRC (EP/R029431), for providing access to Young (which is part of the
UK Materials and Molecular Modelling Hub for computational resources, MMM Hub,
which is partially funded by EPSRC (EP/T022213)), a Tier-II high performance com-
puting resource, for the molecular dynamics simulations reported in this manuscript,
R.L.R.D.C acknowledges the support by the Biotechnology and Biological Sciences
Research Council (BB/T008709/1) via the London Interdisciplinary Doctoral Programme
(LIDo).

Author contributions
M.P.P. and A.V. performed the experiments, I.L.D. synthesized the molecular rotors and
E.L. synthesized POPC-OOH. R.LR.C and C.D.L. performed M.D. simulations. M.P.P.,
R.L.R.D.C and C.D.L. analyzed the data. All the authors contributed to designing the
experiments, discussions and writing the manuscript. N.J.B. and M.K.K. supervised the
project.

Competing interests
The authors declare no competing interests.

Additional information
Supplementary information The online version contains supplementary material
available at https://doi.org/10.1038/s42004-022-00809-x.

Correspondence and requests for materials should be addressed to Nicholas J. Brooks or
Marina K. Kuimova.

Peer review information Communications Chemistry thanks the anonymous reviewers
for their contribution to the peer review of this work. Peer reviewer reports are available.

Reprints and permission information is available at http://www.nature.com/reprints

Publisher’s note Springer Nature remains neutral with regard to jurisdictional claims in
published maps and institutional affiliations.

Open Access This article is licensed under a Creative Commons
Attribution 4.0 International License, which permits use, sharing,

adaptation, distribution and reproduction in any medium or format, as long as you give
appropriate credit to the original author(s) and the source, provide a link to the Creative
Commons license, and indicate if changes were made. The images or other third party
material in this article are included in the article’s Creative Commons license, unless
indicated otherwise in a credit line to the material. If material is not included in the
article’s Creative Commons license and your intended use is not permitted by statutory
regulation or exceeds the permitted use, you will need to obtain permission directly from
the copyright holder. To view a copy of this license, visit http://creativecommons.org/
licenses/by/4.0/.

© The Author(s) 2023

ARTICLE COMMUNICATIONS CHEMISTRY | https://doi.org/10.1038/s42004-022-00809-x

10 COMMUNICATIONS CHEMISTRY |            (2023) 6:15 | https://doi.org/10.1038/s42004-022-00809-x | www.nature.com/commschem

https://doi.org/10.1038/s42004-022-00809-x
http://www.nature.com/reprints
http://creativecommons.org/licenses/by/4.0/
http://creativecommons.org/licenses/by/4.0/
www.nature.com/commschem

	Directly imaging emergence of phase separation in peroxidized lipid membranes
	Results and discussion
	Effect of lipid peroxidation on membrane structure
	Peroxide-induced domain formation
	MD simulations of peroxidized membranes

	Methods
	Materials
	Lipid hydroperoxidation
	Large Unilamellar Vesicle (LUV) formation
	Giant Unilamellar Vesicle (GUV) formation
	Fluorescence spectra and lifetime measurements
	Fluorescence Lifetime Imaging Microscopy (FLIM)
	X-Ray diffraction experiments
	All-atom (AA) simulations
	Supplementary methods
	Statistical analysis

	Data availability
	References
	References
	Acknowledgements
	Author contributions
	Competing interests
	Additional information




