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Grazing-incidence diffraction
reveals cellulose and pectin
organization in hydrated plant
primary cell wall
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The primary cell wall is highly hydrated in its native state, yet many structural studies have been
conducted on dried samples. Here, we use grazing-incidence wide-angle X-ray scattering (GIWAXS)
with a humidity chamber, which enhances scattering and the signal-to-noise ratio while keeping outer
onion epidermal peels hydrated, to examine cell wall properties. GIWAXS of hydrated and dried onion
reveals that the cellulose (110/110) lattice spacing decreases slightly upon drying, while the (200)
lattice parameters are unchanged. Additionally, the (110/110) diffraction intensity increases relative
to (200). Density functional theory models of hydrated and dry cellulose microfibrils corroborate
changes in crystalline properties upon drying. GIWAXS also reveals a peak that we attribute to pectin
chain aggregation. We speculate that dehydration perturbs the hydrogen bonding network within
cellulose crystals and collapses the pectin network without affecting the lateral distribution of pectin
chain aggregates.

In plants, the primary cell wall provides structural integrity, imparts tissue flexibility, and mediates growth in
response to cell turgor pressure. The components of primary cell walls include crystalline cellulose microfibrils
(CMFs) embedded in a matrix of pectin, xyloglucan, and endogenous proteins. The structural properties of these
components and the interactions between them govern the mechanical properties of the primary cell wall as a
whole!?. Primary cell wall is also a material source for a variety of products. Pectin is used as an additive in food
industries, and in pharmaceutical and biomedical applications in recent years®. Cellulose is the major feedstock
for textiles, paper, lumber, and biofuels. Nevertheless, the degradation of cellulose for use in these industries has
been a historical challenge*. Detailed material characterization of primary cell walls is needed to develop more
efficient pathways for conversion of its components into commodity chemicals, fuels, and bio-inspired materials.

X-ray diffraction (XRD), often termed wide-angle X-ray scattering (WAXS) when in a transmission geom-
etry, has been used to probe crystalline properties of cellulose, such as lattice spacing, crystallite size, and
crystallinity®~. The structure of native pectin on the other hand is less established. A previous study suggested
that pectin in dried mung bean primary cell walls contributes to a broad amorphous peak in WAXS data that
corresponds to a circa 4.5 A spacing’. Nevertheless, XRD of pectin varies greatly based on source and extraction
method. While a spacing of about 4.5 A in pectin has been reported in many cases®'°, wider spacings ranging
from 6.5 to 8.0 A have also been observed® 2. Overall, the structural properties of hydrated pectin in the native
state remain unclear.
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The high level of hydration of primary cell wall leads to challenges in characterizing crystalline properties.
X-ray scattering studies often examine dried samples, but this could be an inaccurate representation of the native
state. Upon drying, plant tissues decrease in size and porosity'*!4. Primary cell walls undergo an increase in
modulus and exhibit collapse of the pectin matrix'>. As such, shrinking or denaturation that may result from
these changes can lead to artefacts in structural studies'”. Large amounts of water in a sample, however, will
produce a strong peak at around 2.0 A~! that often interferes with the scattering from cellulose. In one example
of a powder XRD study, the water peak overwhelmed the cellulose peaks in hydrated Acetobacter cellulose'®.

Raman spectroscopy of never-dried wood cellulose suggests the possibility that water binds to internal cel-
lulose chains in “water accessible” regions as well as at the CMF surface'. To further expand this hypothesis,
and how that would in turn affect diffraction, we use density functional theory (DFT) simulations of 18-chain
microfibrils?®?!. We consider the possibility that water interacts with both the surface and internal chains of
the cellulose crystal. The (200) lattice spacing, the distance between cellulose sheets, is around 4 A. This is large
enough to contain a water molecule with a 2.8 A diameter??. Our DFT models thus simulate the effects of dehy-
dration on CMFs with and without water molecules in between cellulose sheets.

To overcome the experimental challenge of probing a highly hydrated system, we employ grazing-incidence
wide-angle X-ray scattering (GIWAXS). Grazing-incidence scattering near the critical angle for total external
reflection provides a large sample probing area and consequently a high signal-to-noise ratio®. Additionally,
grazing-incidence has the capability to decouple scattering features out-of-plane from in-plane with respect to
the sample. Previous GIWAXS work on primary cell walls, however, was conducted on dried samples®.

Here, we use GIWAXS to examine the hydrated and dehydrated states of onion outer epidermal peel, a model
system for primary cell walls. Peeling the outer epidermal layer from an onion scale ruptures the outermost
layer of cells, exposing the newly deposited primary cell wall surface, and makes the sample amenable to vari-
ous characterization techniques, such as microscopy and scattering™. An excess amount of water, however, will
dominate scattering data. To mitigate this issue, we employ a humidity chamber to preserve the hydration of the
onion peel without the need for immersion. We find changes in cellulose lattice spacing and relative intensities
of (110/110) and (200) reflections, which we speculate occur from dehydration. These results are qualitatively
consistent with our DFT models. A scattering feature from pectin does not diminish upon drying, suggesting a
lateral aggregation that persists upon collapse of the pectin network from dehydration.

Materials and methods

DFT calculations. Recent evidence suggests that the shape of primary CMFs in plant cell walls is a 6-layer
CMF in an arrangement of 234432 glucan chains where each integer represents the number of chains in
a given layer®. Here, for direct comparison against experimental results, four 234432 models with different
water contents were obtained via energy minimization conducted with Vienna Ab-initio Simulation Package
(VASP)?26-3% Model 1 is comprised of a CMF without any H,O molecules (72C;OsH,,), Model 2 of a CMF
with a monolayer of H,O molecules [72C;OsH,,+102H,0 (outside)], Model 3 of a CMF with H,O molecules
inside the cellulose microfibril [72C,OsH,,+ 36H,0 (inside)], and Model 4 of a CMF with H,O molecules inside
the cellulose microfibril plus a monolayer of H,O molecules [72C,OsH,,+ 36H,0 (inside) + 108H,0O (outside)].

Initial atomic structures of CMF Model 1 were based upon previously reported cellulose structure®'. The
unit cell of cellulose was doubled to include 4 glucan units along the c-dimension, and 18 polymer CMFs were
constructed in Materials Studio 2016. Initial atomic structures of CMF with a monolayer of H,O molecules in
Model 2 were based upon classical molecular dynamics (MD) simulations?>*%. From the last step of the classical
MD simulation, the 18 -chain fibril plus all H,0 molecules within 3 A of the fibril (i.e., a “monolayer” of hydra-
tion) were extracted for DFT energy minimizations. Initial atomic structures of Model 3 and 4 were generated
by manually placing H,O molecules, the number of which was arbitrarily selected that could fit within the CMF
in Model 1 using the Visualizer module of Materials Studio. The interior H,O molecules then were relaxed
through Geometry Optimization using the COMPASSII force field in Materials Studio while the atoms of the
CMEF were constrained to the positions originally derived from DFT-D3 calculations. D3 denotes the D3 disper-
sion correction of Grimme et al. using the VASP code®. The DFT-D3 dispersion energy correction considers
not only all pairs of atoms but also triplets of atoms to account for three-body effects. It is an add-on term that
does not directly alter the wave function. The model structures were converted into VASP input files (POSCAR)
via a Perl script written by Andrei V. Bandura (Saint Petersburg State University, Russia) within a simulation
cell of 40 x40 x 40 A%, All atomic positions were relaxed during energy minimizations with periodic DFT-D3
calculations*** with PBEO pseudopotentials, ENCUT =500 eV, D3 dispersion correction of Grimme et al. using
the VASP code?®*"2%3336_ After convergence of the chain lengths, the lattice parameters were then held constant
in order to prevent artificial aggregation of the CMFs with their periodic images (i.e., contraction of the aand b
cell dimensions until the CMF would sense images of itself).

To compare against experimental results, scattering curves of CMF Models 1-4 in aqueous solution were
calculated based on explicit-solvent all-atom MD simulations using WAXSiS*”*%. The 18-chain CMF structures
were obtained based on the energy minimizations conducted with VASP. Each chain contained 16 glucose units.
Each CMF structure was solvated in a box of TIP3P water so that the CMF was surrounded in all directions by
20 A. Short (50 ps) MD simulations were performed using AMBER® and the Glycam06 carbohydrate force field
at 300 K, at 1 bar, in the NPT ensemble, with 2 fs time step, 10 A non-bonded interaction cutoff, and SHAKE-
constrained hydrogen bonds. The positions of the CMF were constrained using a force constant of 250 kcal/mol/
A2 Simulation frames were written every 0.5 ps so that the solvent configurations were uncorrelated®. From
the MD trajectories, the theoretical scattering curves were then calculated using the WAXSiS webserver. The
scattering from cellulose crystals I(q) is calculated by subtracting the scattering from the surrounding TIP3P
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water I,g(q) using 1(q) = Lupie(q) = (1 = v) Ly,g,(q), where v is the volume fraction of the solute and I, is the
scattering from the CMF and solvent?®.

Sample preparation. White onions (Allium cepa, cv. Cometa, ca. 7 cm in diameter) were purchased from a
local grocery store. Epidermal peels from the abaxial side of the 5" scale of the onion (counting from the outside)
were removed using previously described methods?*?°. The peels were extracted in 20 mM HEPES buffer at pH
6.8 containing 0.1% Tween-20 for 1 h to remove cellular debris. Samples were then washed six times in deion-
ized water and washed once in 2 mM sodium azide to prevent bacterial growth. For hydrated GIWAXS samples,
the peels were mounted onto cleaned silicon wafers, cuticle-side down, and stored in between glass slides sur-
rounded by moist tissue paper to preserve hydration.

For the identification of amorphous cell wall components, GIWAXS of enzymatically treated peel was con-
ducted. For the pectate lyase treatment, samples were washed with 0.1% Tween 20 in 20 mM MES at pH 6.8 for
approximately 12 h and then incubated in 20 ug/ml pectate lyase (Megazyme E-PLYC], Cellvibrio japonicus) in
20 mM TRIS with 5 mM CaCl, at pH 9.5 and 37 °C for approximately 12 h while on an orbital shaker at 50 rpm.
The enzyme used in this experiment had a pH optimum of 10.0. Potassium hydroxide was used to adjust the
pectate lyase buffer to pH 10 for optimum activity of the enzyme. After pectate lyase treatment, the samples
were rinsed in DI water six times, mounted onto silicon wafers, and air-dried. Driselase treatment for GIWAXS
characterization was performed as previously described*.

GIWAXS and rocking scan measurements. Hydration experiments were conducted at beamline 11-3
of the Stanford Synchrotron Radiation Lightsource. The humidity chamber is composed of a water reservoir and
sponge placed inside the sample chamber. Samples were equilibrated in the chamber for at least 20 min, after
which time the relative humidity (RH) reaches about 65% (Supplementary Fig. S1). Gravimetric measurements
of water loss in air indicate that onion peels are 91% water, and that samples remain translucent until 80% water
content (Supplementary Fig. S2). Thus, although no water loss is apparent in GIWAXS samples stored within
the humidity chamber, we can also confirm that samples used for scattering measurements contain more than
80% water, or that the water loss is less than 12%. GIWAXS measurements were performed with a 12.7 keV
X-ray beam at an incident angle of 0.12°. Rocking scan measurements were collected at 5.07 +0.73°, near the
(110/110) reflection. Scattering was collected with a Raxyonics 225 detector. Hydrated samples were measured
in the humid air environment. Afterwards, the samples were air-dried for 12 h and measured again in a helium
environment. Enzymatically digested samples were measured at the Advanced Light Source beamline 7.3.3.
GIWAXS measurements were performed with a 10.0 keV X-ray beam at an incident angle of 0.15°. Scattering
was collected with a Pilatus 2 M detector.

GIWAXS and rocking scan images were analyzed using WxDiff** and Xi-Cam*' as previously described.
We denote 7 as the azimuthal angle around the beam center, where x =0° is defined to be vertical direction
above the beam center. Out-of-plane profiles were obtained by integrating sectors at y =— 17° to 17°. A linear
baseline background was subtracted from the out-of-plane profile sector cuts. In-plane profiles were obtained
by integrating sectors at x =56° to 90°. Azimuthal intensity profiles of the (110/110) reflection in GIWAXS and
rocking scan data were integrated from q=1.0 to 1.3 A~!. Azimuthal intensity profiles integrated from q=0.5
to 0.6 A~ were taken as backgrounds for both GIWAXS and rocking scan data and were subtracted from the
(110/110) reflections. GIWAXS and rocking scan azimuthal intensity profiles were reduced and stitched into
complete (110/110) x pole figures as previously described?*2.

Thermogravimetric analysis. Thermogravimetric analysis (TGA) was conducted using a Discovery
Series TGA Q5500 coupled with a Discovery mass spectrometer (TA Instruments) in an argon environment,
from 25 to 250 °C at a rate of 10 °C/min. Onion epidermal peels used in TGA were separate from those used in
X-ray measurements. 10 mg of hydrated onion peel and 1.5 mg of air-dried onion peel were measured. Dried
samples were exposed to the furnace isothermally at 25 °C for 30 min before heating to remove absorbed water.
Water content was determined by calculating the weight percent difference between 25 and 150 °C. Data are
reported as mean + standard deviation (n=3). Statistical analysis used a Students t-test.

Results

DFT models. Four DFT models (Fig. 1a, inset) explore the effect of water on the structure of an 18-chain
elementary CME Water monolayers simulate the effects of bulk water around a cellulose Ip crystal. Cellulose Ip
is the most dominant allomorph in higher plants, although CMFs usually consist of a mixture of If and Ia***.
We consider a dry cellulose crystal (Model 1) and a crystal with a water monolayer on the outside of the crystal
(Model 2). We also consider the possibility of water inside the crystal between layers of glucan chains (Model
3), and water inside and as a single layer outside the crystal (Model 4). The removal of surface-bound water and
embedded water is highly unlikely from air drying*. We compare Model 1 (dry) and Model 2 (hydrated) when
we assume there is no water inside crystals, and Model 3 (dry) and Model 4 (hydrated) when we consider the
possibility of water molecules within crystals.

Simulated diffraction patterns are shown in Fig. 1a as scattering intensities versus scattering vector (scatter-
ing vector q=4mnsind/A, where 0 is one half of the scattering angle, and A is the X-ray wavelength). Diffraction
peaks that correspond to the (110/110) and (200) lattice spacings are near 1.1 and 1.5 A’l, respectively (Fig. 1a),
which are roughly consistent with published lattice parameters of cellulose IB*!. The (110/110) region appears
to have multiple peaks, possibly representing the individual (110) and (110) reflections. The (200) lattice spacing
varies within the models (Supplementary Table S1). Model 1 has smaller (110/110) and (200) lattice spacings
than Model 2, as indicated by shifts in peak positions. The peak positions between Models 3 and 4 are similar,
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Figure 1. Theoretical and experimental X-ray scattering data. (a) Predicted scattering curves of CMF models
normalized to the (200) maximum peak intensity. Inset: Potential crystal habits of cellulose microfibrils with (1)
no H,0 molecules, (2) monolayer of H,0O molecules on the outside of the cellulose crystal, (3) H,O molecules
inside the cellulose microfibril, and (4) H,O molecules inside the cellulose microfibril and a monolayer of H,O
molecules on the outside surface. (b,c) GIWAXS data for onion epidermal wall in (b) hydrated and (c) dried
states. g, and q,, denote out-of-plane and in-plane scattering vectors, respectively. (d) GIWAXS out-of-plane
profiles of hydrated (blue) and dried (red) onion epidermal wall. A linear background was subtracted and data
are normalized to the (200) peak intensity for comparison to (a). Profiles are averaged over three replicates.

q (A"

although shifts corresponding to the (110/110) reflection are more challenging to interpret. Thus, when water
is not present within the crystal, hydrated models exhibit larger lattice constants, while when water is included
within microfibrils, lattice spacings stay relatively constant regardless of the presence of water outside crystals.
In addition, our models with a surface water monolayers have a higher (110/110) intensity relative to (200) than
the models without external water.

GIWAXS and rocking scans. Previous GIWAXS data of dried onion epidermal wall reveals that cellulose
crystal planes are textured out-of-plane and that scattering from cellulose can be decoupled from that of cuticu-
lar wax, which has features that are textured in-plane with respect to the cell wall surface?*. The decoupling of
these signals allows GIWAXS to differentiate scattering from cellulose and cuticle without the need for cuticle
removal treatments. Building on this work, GIWAXS of hydrated and dried onion epidermal cell wall are shown
in Fig. 1b,c. In both the hydrated and dried samples, (110/110) and (200) reflections that are characteristic of cel-
lulose I are broadly distributed about the g, axis, indicating out-of-plane texturing with multiple populations,
as previously described*. The features along the g, axis are textured in-plane and are attributed to cuticle wax
crystal planes.

Reduced 1D scattering profiles of the out-of-plane GIWAXS data shown in Fig. 1d reveal (110/110) and
(200) peak positions near 1.1 and 1.5 A~ respectively, which are consistent with the cellulose If structure?!*6,
The (110) and (110) reflections appear as a single peak, which has been observed in WAXS of primary cell walls.
The merging of the two reflections is attributed to small crystallite size and disorder in cellulose Ip>%*47. We
interpret the position of the combined (110/110) peak as the average between the (110) and (110) lattice spac-
ings. A feature at around 0.4 A~ in the GTWAXS data is also present in DFT models 1 and 2. Some features are
present in the theoretical scattering curves but not in the experimental data, at around 1.9 A~! in models 3 and
4, and at around 0.6 A ! for all models (Fig. 1a).

The in-plane GIWAXS profiles (Fig. 2) contain sharp features between 1.45 and 1.55 A~! and between 1.65
and 1.75 A~!, which are attributed to cuticular wax crystals®. The peak positions vary between samples, result-
ing in multiple peaks visible in averaged profiles (Fig. 2c). The multiple peaks could arise from the presence of
multiple orientations or populations (i.e., multiple allomorphs) of crystals in the cuticle.

To identify amorphous components, GIWAXS was performed on enzymatically-treated onion peels. Scat-
tering from onion peels treated with pectate lyase, which removes pectin from the cell wall, leads to a decrease
in the intensity of one of the broad peaks (at lower g, Amorphous 1 in Fig. 3 and Supplementary Fig. S3). We
thus attribute this peak to scattering from pectins in the cell wall. A small decrease in the intensity of the higher
q broad peak (Amorphous 2 in Fig. 3 and Supplementary Fig. S3) is also observed, although the peak appears
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Figure 2. In-plane GIWAXS profiles of (a) three hydrated onion epidermal walls, and of (b) three dried onion
outer epidermal walls. (¢) Comparison of averaged in-plane GIWAXS profiles of hydrated and dried samples
shown in (a) and (b).

dominated by another component. Scattering from cuticle was measured by removing all other cell wall compo-
nents from onion epidermis using Driselase, which is an enzyme mixture that degrades cellulose, hemicellulose,
and pectin. As shown in Supplementary Fig. S4, Driselase-treated samples show a broad out-of-plane reflection
at g=1.41 A" that can be described as a Gaussian peak. Previous work attributes this feature to pectin® as well
as amorphous cellulose and hemicellulose*®. Nevertheless, Supplementary Fig. S4 shows that cuticle is the most
prominent component of this broad reflection (Amorphous 2 in Fig. 3).

We deconvoluted the out-of-plane GIWAXS profiles by fitting two broad Gaussian amorphous components,
two Gaussian crystalline cellulose reflections from the (110/110) and (200) planes, and a linear instrumental
background extrapolated from high q (Fig. 3). The fit parameters are summarized in Supplementary Table S2.
The low q broad peak corresponding to scattering from pectin (Amorphous 1) is at g=0.85 A~! for hydrated
and q=0.89 A~ for dried samples (p<0.01). A scattering contribution from cuticle (Amorphous 2) is fixed at
g=1.41 A, although the peak width decreases from 0.77 A~! to 0.54 A~! upon drying. Furthermore, as shown
in Table 1, the (110/110) intensity increases and this reflection shifts to higher g upon drying, corresponding to
a d-spacing change from 5.57 A when hydrated to 5.52 A (d=2n/q) when dry. In contrast, the (200) peak posi-
tion does not change between hydrated and dried samples.

The coherence length L, which is related to the crystal size, was calculated from the width of the scattering
peaks using the Scherrer equation (L =KA/Bcosf), where A is the X-ray wavelength in A, f is the scattering angle
full width at half maximum (FWHM) in radians after an instrumental broadening correction, 8 is one half of
the peak scattering angle, and K is a dimensionless shape factor taken to be 0.9%°. In general, the peak width is
affected by several factors, including the crystal size, paracrystallinity, and non-uniform strain®**!. The (110/110)
peak is composed of two reflections, such that any changes could be due to changes in position of one of the
constituent peaks or broadening of either peak. Nevertheless, the width of the (110/110) reflection increases
from 0.240 to 0.277 A~ after drying (Supplementary Table S2). The peak width or coherence length of the (200)
plane does not change significantly after drying (Supplementary Table S3).

The (110/110) peak intensity relative to (200) is significantly higher in dried samples than in hydrated sam-
ples, as shown in Fig. 1d, where scattering intensities are scaled to the (200) peak. Table 1 compares the relative
intensity of these two reflections for dry and hydrated samples after peak fitting.

The amorphous peak positions used in the fitting model of Fig. 3 are consistent with the scattering results
from enzymatic digestion of onion cell wall. We also explored other choices of fitting parameters and amorphous
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Figure 3. Examples of peak deconvolutions of the out-of-plane profiles from GIWAXS of (a) hydrated and (b)
dried onion epidermal wall. GIWAXS data is shown in black (GIWAXS out-of-plane profile), and components
that make up a fit to the data (Sum Fit) are also shown. Amorphous 1 and Amorphous 2 primarily arise from
pectin and cuticle, respectively. The (110/110) and (200) reflections are from crystalline cellulose for the Ip
allomorph.

d(110/110) (A) d(200) (A) 1(110/110)/1(200)
Hydrated 5.57+0.01* 4.03+0.01 0.5240.02*
Dried 5.52+0.01 4.02+0.01 0.86+0.04

Table 1. Cellulose lattice spacings of the (110/110) and (200) planes and the ratio of the peak intensity at
(110/110) to that of (200) from the out-of-plane GIWAXS profiles of hydrated and dried onion epidermal wall.
Values shown are the sample mean + standard deviation, where n=3. p-values obtained by comparing hydrated
and dried using a paired student’s t-test. *p <0.05 for comparison between hydrated and dried samples.

backgrounds. Changing the position of Amorphous 2 does not affect the apparent decrease in the (110/110)
spacing with drying; for example, if Amorphous 2 is centered at q=1.2 A" instead of 1.41 A~, the contraction of
(110/110) is still present (Supplementary Fig. S5a,b, Supplementary Table S4). Introducing asymmetry to back-
ground peaks also does not appear to affect any trends. Applying an asymmetric peak function for Amorphous
1 changes the values for d-spacing and intensity ratio slightly, although all trends are preserved (Supplemen-
tary Fig. S5¢,d, Supplementary Table S4). A fit that incorporates a smooth, broad asymmetric background also
results in the same trends (Supplementary Fig. S5e,f, Supplementary Table S4). Thus, we present Fig. 3 as our
best estimate of appropriate fitting parameters that are consistent with the scattering from components isolated
via enzymatic digestions.

We estimate the relative crystalline cellulose content from the (110/110) x pole figures in Supplementary
Fig. S6 for both dry and hydrated samples, given by fon/ % sin(x)1(x)dy, where X is the azimuthal angle”**. There
is no statistically significant change in the relative crystalline cellulose content after drying. The values of the
FWHM of the  pole figures are 38.3 +1.8° and 40.0 + 3.2° for hydrated and dried samples, respectively, with no
statistically significant difference. Thus, drying does not perturb the degree of preferred crystal orientation with
respect to the cell wall plane*.

TGA revealed 90.9+ 1.7 and 7.0 £ 0.8 wt% water content for hydrated and air-dried onion epidermal peels,
respectively (p <0.001, Supplementary Fig. S7). The small amount of water in the dried samples is attributed
to water that is bound to cellulose crystals®®. Complete dehydration of the sample is likely not possible without
compromising the integrity of the cell wall. Previous reports of TGA of oven-dried cellulose suggest irreversible
changes after the removal of residual bound water®.
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Discussion

DFT models were used to predict how diffraction from cellulose would change in the presence of water while
including the possibility of internal water molecules. Models 1 and 2 simulate a dry and hydrated CMF with
no internal water molecules. In this case, the (110/110) and (200) lattice spacings contract upon dehydration.
Models 3 and 4 simulate a dry and hydrated CMF with water present in between cellulose sheets. When water
is present within the crystal, we see no changes in the (200) lattice between dry and hydrated conditions, and
only subtle changes in the (110/110) reflections. These models, however, only capture a single CMF segment
that is 4 glucan units long, whereas the actual primary cell wall is the average of many CMFs as well as other
cell wall components.

The grazing-incidence geometry is crucial to enable X-ray scattering studies of hydrated primary cell walls
because it allows for maximization of the signal-to-noise ratio of diffraction peaks while using a humidity cham-
ber. The relative crystalline cellulose content or degree of preferred crystal orientation (texturing), calculated
from the (110/110)  pole figure, did not change after drying. GIWAXS results indicate that the (110/ 110) lattice
spacing decreases by an average of 0.05 A. This is observed in DFT Models 1 and 2, which do not have internal
water. Conversely, the (200) reflection in the GIWAXS data did not change position after dehydration. This is
observed in DFT Models 3 and 4, which had internal water molecules. Secondary cell wall has been reported to
have the opposite effect, where the (200) spacing is larger and the (200) coherence length is smaller in the dried
state?*+%5 This discrepancy may be due to differences in environments around cellulose in primary and second-
ary cell wall and in how the cell wall components interact with water. The experimental value of the (200) lattice
spacing (Table 1) is also most consistent with Models 3 and 4, at 4.0 A (Supplementary Table S1).

Neither set of DFT models fully captures the experimental results, but they still provide qualitative justifica-
tion for the changes observed. The models have only a small, arbitrary amount of water molecules due to com-
putational limitations. Therefore, we can expect that changes due to water loss can be more drastic in primary
cell wall, which is > 90 wt% water, according to TGA measurements. We speculate that the different effects of
dehydration on the (110/110) and (200) lattice spacings are due to differences in hydrophilicity of the faces of the
CME Hydroxymethyl groups on (110) and (110) surfaces lead to more hydrophilicity than on (100) surfaces™.
Water likely interacts more strongly with (110) and (110) surfaces and may influence the crystalline structure.

The hydrogen-bonding network that binds glucan chains into sheets is integral to the crystalline ordering
of cellulose IB*"*. Perturbations to this network would consequentially alter the crystalline structure of cellu-
lose. Water in non-freezing and freezing states is known to bind to crystalline cellulose®****. Inelastic neutron
scattering spectroscopy studies of hydrated cellulose I suggested that bound non-freezing water interacts with
outward facing hydroxymethyl groups, and that the hydrogen bonds within cellulose chains loosen when less
water is present®. Raman spectroscopy of never-dried wood cellulose detected evidence of hydrogen bonding
of water with cellulose’®. Molecular modeling shows evidence of water hydrogen-bonding at crystalline cellulose
interfaces®. Furthermore, single molecule AFM has suggested that hydration supports intrachain hydrogen
bonding in individual cellulose molecules®!, which we speculate may lead to the stabilization of cellulose crystals.
Therefore, the removal of water may weaken cellulose-water and cellulose-cellulose hydrogen bonds in a manner
that decreases the (110/110) lattice spacing.

The intensity of the (110/110) reflection relative to (200) increases upon dehydration in GIWAXS data as
well as for both sets of DFT models. WAXS simulations of CMFs suggest the ratio of intensities between crystal
lattice peaks depends on the arrangement of chains in microfibrils. Simulated WAXS diffractograms of CMFs
also show larger (110/110) intensity relative to the (200) intensity when either random uncorrelated or correlated
disorder is imposed on the model®. In addition, the relative (110/110) intensity varies from WAXS simulations of
18-chain microfibrils with different chain conformations®’. The 333333 conformation has the largest (110/110)
to (200) intensity ratio, but is less energetically favorable than the 234432 and 34443 models (numbers represent
the number of glucan chains per layer along the 200 direction of the crystal). Thus, the increase in the 1(110/110)
/1(200) peak ratio after drying (Table 1) may be due to an increase in chain packing disorder. The same trend
is seen in XRD data from moisture-controlled wood, where the relative intensity of the (110/110) reflection is
larger in dry samples when compared to moist samples®. Altogether, this suggests that water may play a role in
stabilizing cellulose crystals.

Enzymatic treatments of onion cell wall reveals that there are two major broad, amorphous peaks in GIWAXS
data: a peak from pectin at ~0.85 A~ and a cuticle peak at 1.41 A", Peak deconvolution (Fig. 3) reveals that the
weakly-ordered pectin feature (Amorphous 1) is present both before and after dehydration (7.4 and 7.1 A for
hydrated and dried, respectively). The major pectin species in onion epidermal cell wall is homogalacturonan,
comprising of about 50% of the cell wall®2. The pectin matrix has previously been observed to collapse after
dehydration, causing the overall cell wall thickness to decrease by 39% with little changes to lateral dimensions
(perpendicular to the cell wall thickness) of onion peels!®. We postulate that Amorphous 1 corresponds to a
weakly ordered aggregate of pectin chains that is characteristic of the hydrated, unextracted state. This feature is
not diminished after dehydration and collapse. Thus, we propose that little, if any, water is contained in pectin
aggregates and that the bulk of the water is instead around widely-spaced pectins. The hydrophilic groups on
pectin chains may make this structure more sensitive to surrounding water, which may explain why it appears
to be more prominent in the scattering from the hydrated sample. The structure of the pectin aggregates may
be a result of physical crosslinking (ionic or interchain interactions). Approximately 7.1 A spacings have been
observed in water-extracted pectin from fig seeds'? and dry commercial pectin powder’. Our results show that
pectin is very weakly ordered and do not suggest the formation of highly crystalline nanofilaments, as previously
suggested for Arabidopsis pavement cells®. The dehydration and collapse of the pectin matrix may also alter
the surrounding environment of CMFs and may be another contributor to perturbation of the (110/110) lattice
spacing and peak width. Additionally, internal strain in the cellulose crystal due to drying may also be possible,

Scientific Reports |

(2023) 13:5421 | https://doi.org/10.1038/s41598-023-32505-8 nature portfolio



www.nature.com/scientificreports/

as was previously observed in molecular dynamics simulations® and vibrational sum frequency generation spec-
troscopy of onion epidermal peel'®. Strain may contribute to broadening of the (110/110) reflection after drying.

We propose a model of the primary cell wall dehydration process. The left-hand side of Fig. 4 depicts an
18-chain model of a microfibril>®®-%%, in a 234432 configuration®’. When the cell wall is hydrated, bulk water
outside of the microfibril is expected to have a stronger interaction with the (110/110) surface than the (100)
surface because of the hydroxymethyl groups on (110/110). When the bulk water is removed, the hydrogen
bonding network is disrupted such that the chains contract towards the middle of the microfibril, decreasing the
average (110/110) spacing by 0.05 A. Because no change in the (200) spacing or coherence length is observed in
GIWAXS experiments, chains must only shift parallel to the (100) plane. Trapped water molecules in between
cellulose sheets may prevent the (200) spacing from collapsing. Removal of external water causes the chain
positions to also become more disordered, illustrated in Fig. 4 as rotations of glucan chains. This corresponds
to the relative intensity change of the (110/110) peak with drying. In pectin, a 7.4 A broad spacing is present in
the hydrated state that corresponds to weakly ordered or aggregated pectin chains. When the cell wall dries, the
matrix collapses mostly along the thickness of the cell wall, and the lateral spacing (in-plane with the cell wall)
of the pectin chain aggregates persists and contracts by 0.3 A (Fig. 4, right).

Conclusion

We have used GIWAXS with a humidity chamber to enhance diffraction signal-to-noise ratios and minimize
interference from scattering of water to examine the effect of dehydration on plant primary cell walls. Hydrated
and dehydrated DFT models of CMFs and GIWAXS data of onions suggest that water stabilizes cellulose crystals.
As such, dehydration perturbs the hydrogen bonding network and the crystal structure of cellulose in onion
primary cell walls. GIWAXS also reveals an approximately 7 A spacing that corresponds to the structure in native
hydrated pectin that persists after dehydration despite the large collapse of the pectin matrix, due to this collapse
occuringly mostly along the thickness of the cell wall.

hydrated cellulose microfibril hydrated pectin

(100)

(110) HommmmonommmmmoH ®

° o
HO- _oﬁo—b.W_OH @

(10)° o o

dried cellulose microfibril
(100)

HO R o D

——== cellulose microfibril dried pectin
pectin
~—— xyloglucan

Figure 4. Proposed model of dehydration in primary cell wall. (Left) Changes in cellulose chain organization
before and after dehydration. Dark gray bars indicate glucan chains. Water molecules outside of the light gray
hexagon represent bulk water. Water interacts strongly with the (110) and (110) surfaces in the hydrated state
due to the presence of hydroxymethyl groups along the sides of the chains. Upon dehydration of bulk water,
cellulose chains contract towards the center of the microfibril, parallel to (100), decreasing the (110/110)
spacing. The (200) lattice spacing does not collapse, possibly due to the presence of water molecules between
the sheets. Chain packing disorder of glucan chains increases following dehydration. Dotted areas indicate the
position of glucan rings prior to dehydration. (Middle) Illustration of a single lamella of primary cell wall based
on coarse-grained simulations®. (Right) Changes in pectin assembly before and after dehydration. Water fills
the gaps between loosely packed pectins, which vertically collapse after dehydration. A weakly ordered pectin
chain aggregate, indicated by blue dashed lines, is preserved after the dehydration-induced collapse of the

matrix.

Scientific Reports|  (2023) 13:5421 |

https://doi.org/10.1038/s41598-023-32505-8 nature portfolio



www.nature.com/scientificreports/

Data availability
Raw and reduced data from this study are available from the corresponding authors upon reasonable request.

Received: 17 October 2022; Accepted: 28 March 2023
Published online: 03 April 2023

References

1.

2.

3.

10.

11.

12.

13.

14.

15.

16.

17.

18.

19.

20.

21.

22.

23.

24.

25.

26.

27.

28.

29.

30.

31.

32.

33.

34.

Zhang, T., Tang, H., Vavylonis, D. & Cosgrove, D. J. Disentangling loosening from softening: Insights into primary cell wall struc-
ture. Plant J. 100, 1101-1117. https://doi.org/10.1111/tpj.14519 (2019).

Wang, X., Wilson, L. & Cosgrove, D. J. Pectin methylesterase selectively softens the onion epidermal wall yet reduces acid-induced
creep. J. Exp. Bot. 71, 2629-2640. https://doi.org/10.1093/jxb/eraa059 (2020).

Mishra, R. K., Banthia, A., Bakar, A. & Majeed, A. Pectin based formulations for biomedical applications: A review. Asian J. Pharm.
Clin. Res. 5, 1-7. https://doi.org/10.1002/9781118301234.ch1 (2012).

. Motagamwala, A. H., Won, W,, Maravelias, C. T. & Dumesic, J. A. An engineered solvent system for sugar production from lignocel-

lulosic biomass using biomass derived y-valerolactone. Green Chem. 18, 5756-5763. https://doi.org/10.1039/c6gc02297a (2016).

. Newman, R. H., Hill, S. J. & Harris, P. ]. Wide-angle X-ray scattering and solid-state nuclear magnetic resonance data combined

to test models for cellulose microfibrils in Mung bean cell walls. Plant Physiol. 163, 1558-1567. https://doi.org/10.1104/pp.113.
228262 (2013).

. Thomas, L. H. et al. Structure of cellulose microfibrils in primary cell walls from collenchyma. Plant Physiol. 151, 465-476. https://

doi.org/10.1104/pp.112.206359 (2013).

. Lopez-Sanchez, P. et al. Nanostructure and poroviscoelasticity in cell wall materials from onion, carrot and apple: Roles of pectin.

Food Hydrocolloids 98, 105253. https://doi.org/10.1016/j.foodhyd.2019.105253 (2020).

. Hastuti, B. & Hadi, S. Adsorption of Pb(II) ion using pectin membrane. IOP Conf. Ser. Mater. Sci. Eng. https://doi.org/10.1088/

1757-899X/858/1/012014 (2020).

. Minhas, M. U,, Ahmad, M., Anwar, J. & Khan, S. Synthesis and characterization of biodegradable hydrogels for oral delivery of

5-fluorouracil targeted to colon: Screening with preliminary in vivo studies. Adv. Polym. Technol. 37, 221-229. https://doi.org/10.
1002/adv.21659 (2018).

Kumar, A. & Chauhan, G. S. Extraction and characterization of pectin from apple pomace and its evaluation as lipase (steapsin)
inhibitor. Carbohyd. Polym. 82, 454-459. https://doi.org/10.1016/j.carbpol.2010.05.001 (2010).

Sutar, P. B., Mishra, R. K., Pal, K. & Banthia, A. K. Development of pH sensitive polyacrylamide grafted pectin hydrogel for con-
trolled drug delivery system. J. Mater. Sci. Mater. Med. 19, 2247-2253. https://doi.org/10.1007/s10856-007-3162-y (2008).
Wang, R. S. et al. Solubility difference between pectic fractions from creeping fig seeds. Polymers https://doi.org/10.3390/polym
11010159 (2019).

Lewicki, P. P. Effect of pre-drying treatment, drying and rehydration on plant tissue properties: A review. Int. J. Food Prop. 1, 1-22.
https://doi.org/10.1080/10942919809524561 (1998).

Le Bourvellec, C. & Renard, C. M. G. C. Non-covalent interaction between procyanidins and apple cell wall material Part II:
Quantification and impact of cell wall drying. Biochim. Biophys. Acta 1725, 1-9. https://doi.org/10.1016/j.bbagen.2005.06.003
(2005).

Kim, K., Yi, H., Zamil, M. S., Haque, A. M. & Puri, V. M. Multiscale stress—strain characterization of onion outer epidermal tissue
in wet and dry states. Am. J. Bot. 102, 12-20. https://doi.org/10.3732/ajb.1400273 (2015).

Huang, S. et al. Dehydration-induced physical strains of cellulose microfibrils in plant cell walls. Carbohyd. Polym. 197, 337-348.
https://doi.org/10.1016/j.carbpol.2018.05.091 (2018).

Rongpipi, S., Ye, D., Gomez, E. D. & Gomez, E. W. Progress and opportunities in the characterization of cellulose—An important
regulator of cell wall growth and mechanics. Front. Plant Sci. 9, 1894. https://doi.org/10.3389/fpls.2018.01894 (2019).

Astley, O. M., Chanliaud, E., Donald, A. M. & Gidley, M. J. Structure of Acetobacter cellulose composites in the hydrated state.
Int. J. Biol. Macromol. 29, 193-202. https://doi.org/10.1016/S0141-8130(01)00167-2 (2001).

Agarwal, U. P, Ralph, S. A,, Reiner, R. S. & Baez, C. Probing crystallinity of never-dried wood cellulose with Raman spectroscopy.
Cellulose 23, 125-144. https://doi.org/10.1007/s10570-015-0788-7 (2016).

Kubicki, J. D. et al. The shape of native plant cellulose microfibrils. Sci. Rep. 8, 13983. https://doi.org/10.1038/s41598-018-32211-w
(2018).

Yang, H. & Kubicki, J. D. A density functional theory study on the shape of the primary cellulose microfibril in plants: Effects of
C6 exocyclic group conformation and H-bonding. Cellulose 27, 2389-2402. https://doi.org/10.1007/s10570-020-02970-9 (2020).
D’Arrigo, J. S. Screening of membrane surface charges by divalent cations: An atomic representation. Am. J. Physiol. Cell Physiol.
4,9-17. https://doi.org/10.1152/ajpcell.1978.235.3.c109 (1978).

Rivnay, J., Mannsfeld, S. C. B., Miller, C. E., Salleo, A. & Toney, M. E. Quantitative determination of organic semiconductor micro-
structure from the molecular to device scale. Chem. Rev. 112, 5488-5519. https://doi.org/10.1021/cr3001109 (2012).

Ye, D. et al. Preferred crystallographic orientation of cellulose in plant primary cell walls. Nat. Commun. 11, 4720. https://doi.org/
10.1038/s41467-020-18449-x (2020).

Zhang, T. & Cosgrove, D. Preparation of onion epidermal cell walls for imaging by atomic force microscopy (AFM). Bio-Protoc.
7,2647. https://doi.org/10.21769/bioprotoc.2647 (2017).

Kresse, G. & Hafner, J. Ab initio molecular dynamics for open-shell transition metals. Phys. Rev. B 47, 558-561. https://doi.org/
10.1103/PhysRevB.48.13115 (1993).

Kresse, G. & Hafner, J. Ab initio molecular-dynamics simulation of the liquid-metalamorphous-semiconductor transition in
germanium. Phys. Rev. B 49, 14251-14269. https://doi.org/10.1103/PhysRevB.49.14251 (1994).

Kresse, G. & Furthmuller, J. Efficiency of ab-initio total energy calculations for metals and semiconductors using a plane-wave
basis set. Comput. Mater. Sci. 6, 15-50 (1996).

Kresse, G. & Furthmiiller, ]. Efficient iterative schemes for ab initio total-energy calculations using a plane-wave basis set. Phys.
Rev. B 54, 11169-11186. https://doi.org/10.1103/PhysRevB.54.11169 (1996).

Kresse, G. & Joubert, D. From ultrasoft pseudopotentials to the projector augmented-wave method. Phys. Rev. B. 59, 1758-1775
(1999).

Nishiyama, Y., Langan, P. & Chanzy, H. Crystal structure and hydrogen-bonding system in cellulose Ip from synchrotron X-ray
and neutron fiber diffraction. J. Am. Chem. Soc. 124, 9074-9082. https://doi.org/10.1021/ja0257319 (2002).

Ochme, D. P, Yang, H. & Kubicki, J. D. An evaluation of the structures of cellulose generated by the CHARMM force field: Com-
parisons to in planta cellulose. Cellulose 25, 3755-3777. https://doi.org/10.1007/s10570-018-1793-4 (2018).

Grimme, S., Ehrlich, S. & Goerigk, L. Effect of the damping function in dispersion corrected density functional theory. J. Comput.
Chem. 32, 1456-1465. https://doi.org/10.1002/jcc.21759 (2011).

Klimes, J., Bowler, D. R. & Michaelides, A. Chemical accuracy for the van der Waals density functional. J. Phys. Condensed Matter
22, 022201. https://doi.org/10.1088/0953-8984/22/2/022201 (2010).

Scientific Reports |

(2023) 13:5421 | https://doi.org/10.1038/s41598-023-32505-8 nature portfolio


https://doi.org/10.1111/tpj.14519
https://doi.org/10.1093/jxb/eraa059
https://doi.org/10.1002/9781118301234.ch1
https://doi.org/10.1039/c6gc02297a
https://doi.org/10.1104/pp.113.228262
https://doi.org/10.1104/pp.113.228262
https://doi.org/10.1104/pp.112.206359
https://doi.org/10.1104/pp.112.206359
https://doi.org/10.1016/j.foodhyd.2019.105253
https://doi.org/10.1088/1757-899X/858/1/012014
https://doi.org/10.1088/1757-899X/858/1/012014
https://doi.org/10.1002/adv.21659
https://doi.org/10.1002/adv.21659
https://doi.org/10.1016/j.carbpol.2010.05.001
https://doi.org/10.1007/s10856-007-3162-y
https://doi.org/10.3390/polym11010159
https://doi.org/10.3390/polym11010159
https://doi.org/10.1080/10942919809524561
https://doi.org/10.1016/j.bbagen.2005.06.003
https://doi.org/10.3732/ajb.1400273
https://doi.org/10.1016/j.carbpol.2018.05.091
https://doi.org/10.3389/fpls.2018.01894
https://doi.org/10.1016/S0141-8130(01)00167-2
https://doi.org/10.1007/s10570-015-0788-7
https://doi.org/10.1038/s41598-018-32211-w
https://doi.org/10.1007/s10570-020-02970-9
https://doi.org/10.1152/ajpcell.1978.235.3.c109
https://doi.org/10.1021/cr3001109
https://doi.org/10.1038/s41467-020-18449-x
https://doi.org/10.1038/s41467-020-18449-x
https://doi.org/10.21769/bioprotoc.2647
https://doi.org/10.1103/PhysRevB.48.13115
https://doi.org/10.1103/PhysRevB.48.13115
https://doi.org/10.1103/PhysRevB.49.14251
https://doi.org/10.1103/PhysRevB.54.11169
https://doi.org/10.1021/ja0257319
https://doi.org/10.1007/s10570-018-1793-4
https://doi.org/10.1002/jcc.21759
https://doi.org/10.1088/0953-8984/22/2/022201

www.nature.com/scientificreports/

35. Klimes, J., Bowler, D. R., Michaelides, A. V. & der,. Waals density functionals applied to solids. Phys. Rev. B 83, 195131-195131.
https://doi.org/10.1103/PhysRevB.83.195131 (2011).

36. Kresse, G., Furthmiiller, ]. & Hafner, J. Theory of the crystal structures of selenium and tellurium: The effect of generalized-gradient
corrections to the local-density approximation. Phys. Rev. B 50, 13181-13185. https://doi.org/10.1103/PhysRevB.50.13181 (1994).

37. Chen, P. C. & Hub, J. S. Validating solution ensembles from molecular dynamics simulation by wide-angle X-ray scattering data.
Biophys. J. 107, 435-447. https://doi.org/10.1016/j.bpj.2014.06.006 (2014).

38. Knight, C. J. & Hub, J. S. WAXSiS: A web server for the calculation of SAXS/WAXS curves based on explicit-solvent molecular
dynamics. Nucleic Acids Res. 43, W225-W230. https://doi.org/10.1093/nar/gkv309 (2015).

39. Case, D. A. et al. Amber 14 (University of California, 2014).

40. Mannsfeld, S. C. B., Tang, M. L. & Bao, Z. Thin film structure of triisopropylsilylethynyl-functionalized pentacene and tetraceno([2,3-
b]thiophene from grazing incidence X-ray diffraction. Adv. Mater. 23, 127-131. https://doi.org/10.1002/adma.201003135 (2011).

41. Pandolfi, R. . et al. Xi-cam: A versatile interface for data visualization and analysis. J. Synchrotron. Radiat. 25, 1261-1270. https://
doi.org/10.1107/S1600577518005787 (2018).

42. Baker, J. L. et al. Quantification of thin film crystallographic orientation using X-ray diffraction with an area detector. Langmuir
26, 9146-9151. https://doi.org/10.1021/1a904840q (2010).

43. Wang, T., Yang, H., Kubicki, J. D. & Hong, M. Cellulose structural polymorphism in plant primary cell walls investigated by high-
field 2D solid-state NMR spectroscopy and density functional theory calculations. Biomacromol 17, 2210-2222. https://doi.org/
10.1021/acs.biomac.6b00441 (2016).

44. Fernandes, A. N. et al. Nanostructure of cellulose microfibrils in spruce wood. https://doi.org/10.1073/pnas.1108942108/-/DCSup
plemental.

45. Fang, L. & Catchmark, J. M. Structure characterization of native cellulose during dehydration and rehydration. Cellulose 21,
3951-3963. https://doi.org/10.1007/s10570-014-0435-8 (2014).

46. Wada, M. & Okano, T. Synchrotron-radiated X-ray and neutron diffraction study of native cellulose. Cellulose 4, 221-232. https://
doi.org/10.1023/A:1018435806488 (1997).

47. Wada, M., Heux, L. & Sugiyama, J. Polymorphism of cellulose I family: Reinvestigation of cellulose IV 1. Biomacromol 5, 1385-1391.
https://doi.org/10.1021/bm0345357 (2004).

48. Park, S., Baker, J. O., Himmel, M. E., Parilla, P. A. & Johnson, D. K. Cellulose crystallinity index: measurement techniques and
their impact on interpreting cellulase performance. Biotechnol. Biofuels 3 (2010).

49. Murdock, C. C. The form of the X-ray diffraction bands for regular crystals of colloidal size. Phys. Rev. 35, 439-439. https://doi.
org/10.1103/PhysRev.35.8 (1930).

50. DeLongchamp, D. M. & Kline, R. J. In Organic Electronics II: More Materials and Applications 27-101 (2012).

51. Zhang, W. et al. Thermal fluctuations lead to cumulative disorder and enhance charge transport in conjugated polymers. Macromol.
Rapid Commun. 40, 1900134. https://doi.org/10.1002/marc.201900134 (2019).

52. Jimison, L. H. et al. Vertical confinement and interface effects on the microstructure and charge transport of P3HT thin films. J.
Polym. Sci. Part B Polym. Phys. 51, 611-620. https://doi.org/10.1002/polb.23265 (2013).

53. Nakamura, K., Hatakeyama, T. & Hatakeyama, H. Studies on bound water of cellulose by differential scanning calorimetry. Text.
Res. J. 51, 607-613. https://doi.org/10.1177/004051758105100909 (1981).

54. Agarwal, U. P, Ralph, S. A,, Baez, C,, Reiner, R. S. & Verrill, S. P. Effect of sample moisture content on XRD-estimated cellulose
crystallinity index and crystallite size. Cellulose 24, 1971-1984. https://doi.org/10.1007/s10570-017-1259-0 (2017).

55. Penttild, P. A. et al. Moisture-related changes in the nanostructure of woods studied with X-ray and neutron scattering. Cellulose
27, 71-87. https://doi.org/10.1007/s10570-019-02781-7 (2019).

56. Cosgrove, D. J. Nanoscale structure, mechanics and growth of epidermal cell walls. Curr. Opin. Plant Biol. 46, 77-86. https://doi.
org/10.1016/j.pbi.2018.07.016 (2018).

57. Lee, C. M. et al. Hydrogen-bonding network and OH stretch vibration of cellulose: Comparison of computational modeling with
polarized IR and SFG spectra. J. Phys. Chem. B 119, 15138-15149. https://doi.org/10.1021/acs.jpcb.5b08015 (2015).

58. O’Neill, H. et al. Dynamics of water bound to crystalline cellulose. Sci. Rep. 7, 11840. https://doi.org/10.1038/s41598-017-12035-w
(2017).

59. Araujo, C. et al. Hydrogen bond dynamics of cellulose through inelastic neutron scattering spectroscopy. Biomacromol 19, 1305-
1313. https://doi.org/10.1021/acs.biomac.8b00110 (2018).

60. Khazraji, A. C. & Robert, S. Interaction effects between cellulose and water in nanocrystalline and amorphous regions: A novel
approach using molecular modeling. J. Nanomater. 2013, 409676. https://doi.org/10.1155/2013/409676 (2013).

61. Qian, L. et al. Single-molecule studies reveal that water is a special solvent for amylose and natural cellulose. Macromolecules 52,
5006-5013. https://doi.org/10.1021/acs.macromol.9b00179 (2019).

62. Wilson, L. A., Deligey, F.,, Wang, T. & Cosgrove, D. J. Saccharide analysis of onion outer epidermal walls. Biotechnol. Biofuels 14,
66. https://doi.org/10.1186/s13068-021-01923-z (2021).

63. Haas, K. T., Wightman, R., Meyerowitz, E. M. & Peaucelle, A. Pectin homogalacturonan nanofilament expansion drives morpho-
genesis in plant epidermal cells. Science 367, 1003-1007 (2020).

64. Ogawa, Y., Nishiyama, Y. & Mazeau, K. Drying-induced bending deformation of cellulose nanocrystals studied by molecular
dynamics simulations. Cellulose 27, 9779-9786. https://doi.org/10.1007/s10570-020-03451-9 (2020).

65. Zhang, Y. et al. Molecular insights into the complex mechanics ofplant epidermal cell walls. Science 372, 706-711. https://doi.org/
10.1126/science.abf2824 (2021).

66. Cosgrove, D. . Re-constructing our models of cellulose and primary cell wall assembly. Curr. Opin. Plant Biol. 22, 122-131. https://
doi.org/10.1016/j.pbi.2014.11.001 (2014).

67. Hill, J. L., Hammudi, M. B. & Tien, M. The Arabidopsis cellulose synthase complex: A proposed hexamer of CESA trimers in an
equimolar stoichiometry. Plant Cell 26, 4834-4842. https://doi.org/10.1105/tpc.114.131193 (2014).

68. Nixon, B. T. et al. Comparative structural and computational analysis supports eighteen cellulose synthases in the plant cellulose
synthesis complex. Sci. Rep. 6, 28696. https://doi.org/10.1038/srep28696 (2016).

Acknowledgements

This work was supported as part of the Center for Lignocellulose Structure and Formation, an Energy Frontier
Research Center funded by the US Department of Energy, Office of Science, Basic Energy Sciences under award
no. DE-SC0001090. This work is based upon research conducted at the Stanford Synchrotron Radiation Light-
source, SLAC National Accelerator Laboratory, supported by the U.S. Department of Energy, Office of Science,
Office of Basic Energy Sciences under Contract No. DE-AC02-76SF00515, and the Advanced Light Source,
supported by the Director, Office of Science, Office of Basic Energy Sciences, of the U.S. Department of Energy
under Contract No. DE-AC02-05CH11231.

Scientific Reports |

(2023) 13:5421 | https://doi.org/10.1038/s41598-023-32505-8 nature portfolio


https://doi.org/10.1103/PhysRevB.83.195131
https://doi.org/10.1103/PhysRevB.50.13181
https://doi.org/10.1016/j.bpj.2014.06.006
https://doi.org/10.1093/nar/gkv309
https://doi.org/10.1002/adma.201003135
https://doi.org/10.1107/S1600577518005787
https://doi.org/10.1107/S1600577518005787
https://doi.org/10.1021/la904840q
https://doi.org/10.1021/acs.biomac.6b00441
https://doi.org/10.1021/acs.biomac.6b00441
https://doi.org/10.1073/pnas.1108942108/-/DCSupplemental
https://doi.org/10.1073/pnas.1108942108/-/DCSupplemental
https://doi.org/10.1007/s10570-014-0435-8
https://doi.org/10.1023/A:1018435806488
https://doi.org/10.1023/A:1018435806488
https://doi.org/10.1021/bm0345357
https://doi.org/10.1103/PhysRev.35.8
https://doi.org/10.1103/PhysRev.35.8
https://doi.org/10.1002/marc.201900134
https://doi.org/10.1002/polb.23265
https://doi.org/10.1177/004051758105100909
https://doi.org/10.1007/s10570-017-1259-0
https://doi.org/10.1007/s10570-019-02781-7
https://doi.org/10.1016/j.pbi.2018.07.016
https://doi.org/10.1016/j.pbi.2018.07.016
https://doi.org/10.1021/acs.jpcb.5b08015
https://doi.org/10.1038/s41598-017-12035-w
https://doi.org/10.1021/acs.biomac.8b00110
https://doi.org/10.1155/2013/409676
https://doi.org/10.1021/acs.macromol.9b00179
https://doi.org/10.1186/s13068-021-01923-z
https://doi.org/10.1007/s10570-020-03451-9
https://doi.org/10.1126/science.abf2824
https://doi.org/10.1126/science.abf2824
https://doi.org/10.1016/j.pbi.2014.11.001
https://doi.org/10.1016/j.pbi.2014.11.001
https://doi.org/10.1105/tpc.114.131193
https://doi.org/10.1038/srep28696

www.nature.com/scientificreports/

Author contributions

J.T.D., SR, EW.G,, and E.D.G., conceived and designed hydration experiments and wrote the paper. ].T.D,,
S.R.,and D.J.C. designed hydrated sample protocols. S.N.K. and D.Y. prepared and characterized enzymatically
digested samples respectfully. S.L.M., C.L.T., M.ET,, and C.Z. assisted with X-ray scattering experiments. H.Y.
and J.D.K. carried out DFT simulations.

Competing interests
The authors declare no competing interests.

Additional information
Supplementary Information The online version contains supplementary material available at https://doi.org/
10.1038/541598-023-32505-8.

Correspondence and requests for materials should be addressed to E.W.G. or E.D.G.
Reprints and permissions information is available at www.nature.com/reprints.

Publisher’s note Springer Nature remains neutral with regard to jurisdictional claims in published maps and
institutional affiliations.

Open Access This article is licensed under a Creative Commons Attribution 4.0 International

License, which permits use, sharing, adaptation, distribution and reproduction in any medium or
format, as long as you give appropriate credit to the original author(s) and the source, provide a link to the
Creative Commons licence, and indicate if changes were made. The images or other third party material in this
article are included in the article’s Creative Commons licence, unless indicated otherwise in a credit line to the
material. If material is not included in the article’s Creative Commons licence and your intended use is not
permitted by statutory regulation or exceeds the permitted use, you will need to obtain permission directly from
the copyright holder. To view a copy of this licence, visit http://creativecommons.org/licenses/by/4.0/.

© The Author(s) 2023

Scientific Reports |

(2023) 13:5421 | https://doi.org/10.1038/s41598-023-32505-8 nature portfolio


https://doi.org/10.1038/s41598-023-32505-8
https://doi.org/10.1038/s41598-023-32505-8
www.nature.com/reprints
http://creativecommons.org/licenses/by/4.0/

	Grazing-incidence diffraction reveals cellulose and pectin organization in hydrated plant primary cell wall
	Materials and methods
	DFT calculations. 
	Sample preparation. 
	GIWAXS and rocking scan measurements. 
	Thermogravimetric analysis. 

	Results
	DFT models. 
	GIWAXS and rocking scans. 

	Discussion
	Conclusion
	References
	Acknowledgements


