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Optogenetic activation 
of the diaphragm
Ethan S. Benevides1,2,3,4, Michael D. Sunshine2,3,4, Sabhya Rana2,3,4 & David D. Fuller2,3,4*

Impaired diaphragm activation is common in many neuromuscular diseases. We hypothesized that 
expressing photoreceptors in diaphragm myofibers would enable light stimulation to evoke functional 
diaphragm activity, similar to endogenous bursts. In a mouse model, adeno-associated virus (AAV) 
encoding channelrhodopsin-2 (AAV9-CAG-ChR2-mVenus, 6.12 ×  1011 vg dose) was delivered to 
the diaphragm using a minimally invasive method of microinjection to the intrapleural space. At 
8–18 weeks following AAV injection, mice were anesthetized and studied during spontaneous 
breathing. We first showed that diaphragm electromyographic (EMG) potentials could be evoked with 
brief presentations of light, using a 473 nm high intensity LED. Evoked potential amplitude increased 
with intensity or duration of the light pulse. We next showed that in a paralyzed diaphragm, trains 
of light pulses evoked diaphragm EMG activity which resembled endogenous bursting, and this was 
sufficient to generate respiratory airflow. Light-evoked diaphragm EMG bursts showed no diminution 
after up to one hour of stimulation. Histological evaluation confirmed transgene expression in 
diaphragm myofibers. We conclude that intrapleural delivery of AAV9 can drive expression of ChR2 
in the diaphragm and subsequent photostimulation can evoke graded compound diaphragm EMG 
activity similar to endogenous inspiratory bursting.

The emergence of optogenetic technology has provided a novel method for activating neurons with a high 
degree of temporal and spatial precision. With this approach, light activated ion channels are inserted into cell 
membranes as a result of genetic manipulation. Methods that are commonly used to express light activated ion 
channels include transgenic breeding  schemes1–3 and delivery of opsin genes through viral  vectors4–6. While most 
efforts have focused on neuronal activation, optogenetics can also be used to depolarize skeletal  myofibers7–9 
and mitigate limb muscle atrophy following  denervation10.

The diaphragm separates the thoracic and abdominal cavities and is the primary muscle of  inspiration11. 
Compared to other skeletal muscles, the diaphragm has: a high duty cycle, greater relative rate of blood flow, and 
a high susceptibility to disuse  atrophy12. Diaphragm and respiratory dysfunction are also primary contributors 
to morbidity and mortality in many neuromuscular  diseases13,14. Current approaches to combat respiratory dys-
function associated with diaphragmatic impairment include respiratory strength  training15,16, diaphragm pacing 
using electrical  stimulation17–19, and mechanical  ventilation20,21. However, morbidity and mortality remain high 
in conditions associated with diaphragm  dysfunction22,23.

In an effort to expand the possibilities for activating the diaphragm in neuromuscular disease, here we 
explored the use of optogenetic technology to stimulate recruitment of diaphragm motor units. To drive expres-
sion of a light sensitive protein in the murine diaphragm, an adeno-associated virus (AAV) encoding channelrho-
dopsin-2 (ChR2) was delivered via microinjection between the lung parietal pleural membrane and the visceral 
pleural membrane. This simple and minimally invasive AAV delivery method is translatable to human  use24, 
and in our study effectively drove transgene (ChR2) expression in diaphragm myofibers. Using this approach, 
we tested the hypothesis that following ChR2 expression in diaphragm myofibers, directing appropriate light 
stimuli at the inferior diaphragm surface could produce graded diaphragm EMG activation, similar to the nor-
mally occurring endogenous inspiratory activation. To test this hypothesis, in an initial series of experiments, 
we systematically varied the intensity and duration of light stimuli directed at the diaphragm. After optimizing 
the light stimulus parameters, the functional impact of optogenetic diaphragm stimulation was evaluated by 
measuring respiratory airflow and diaphragm EMG activation in spontaneously breathing mice. This work 
included studies of a functionally impaired diaphragm to verify if the optogenetic stimulation could sustain 
breathing under such conditions.
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Materials and methods
Experimental animals. All experiments were carried out using C57/bl6 mice (Taconic). An equal num-
ber of both sexes were injected with AAV at 6–7 weeks of age (n = 10 females; n = 10 males). Six animals were 
excluded due to equipment failure during electrophysiology experiments; a total of 14 animals were included in 
the final data analysis (n = 5 males; n = 9 females). Animals were housed five to a cage in a controlled environ-
ment (12 h light–dark cycle) with food and water ad libitum. All experiments were conducted in accordance 
with the NIH Guidelines Concerning the Care and Use of Laboratory Animals and were approved by the Univer-
sity of Florida Institutional Animal Care and Usage Committee. All work was done following the recommenda-
tions outlined in the ARRIVE guidelines.

Intrapleural injections. Mice received a unilateral, intrapleural injection of AAV9-CAG-ChR2-mVenus 
(20071-AAV9 (Addgene), titer: 1.8 ×  1013 vg/ml, dose: 6.12 ×  1011 vg; 34 µl virus; 400 µl diluted) into the left 
intrapleural space. Animals were anesthetized under 2% isoflurane (in 100%  O2) and placed on a heating pad 
kept at 37 °C to maintain body temperature (model 700 TC-1000, CWE). An insulin syringe (30-gauge needle) 
was used to inject 34 µl of AAV9- CAG-ChR2-mVenus diluted to 400 µl in sterile saline into the left intrapleural 
space via the fifth intercostal space. After the injection, isoflurane was turned off and mice were maintained on a 
heating pad until they righted themselves, at which point mice were returned to their home cage.

Terminal electrophysiology. Animals underwent terminal electrophysiological recordings 8–18 weeks 
after intrapleural injection. Mice were anesthetized with 2% isoflurane and placed supine on a heating pad to 
maintain core body temperature at 37 ± 0.5 °C (model 700 TC-1000, CWE). To record diaphragm EMG activity, 
we performed a laparotomy consisting of a midline incision through the skin and abdominal muscles starting 
from the xiphoid process moving caudally down the linea alba. EMG activity of the mid-costal region of the 
left and right hemi-diaphragm was recorded using two pairs of 50 µm tungsten wires. Tips of the wires were 
de-insulated and formed into small hooks. The tips of the wires were inserted through the diaphragm approxi-
mately 3 mm apart on each side of the diaphragm. The recorded EMG signals were amplified (1000x) and fil-
tered (100–1000 Hz) using a differential amplifier (A–M systems model 1700). Signals were digitized at 10 kS/s 
using a Power 1401 (CED, Cambridge, UK). After baseline recording periods, all animals underwent either a 
unilateral or bilateral phrenicotomy depending on experiment (see next section for details). Briefly, an incision 
was made on the ventral surface of the neck, the sternocleidomastoid was cut and reflected back. Just caudal 
to the sternocleidomastoid, the phrenic nerve was identified at the level of the brachial plexus and transected. 
Photostimulation of the diaphragm was achieved using a high-powered, 473  nm light emitting diode (LED, 
XQEBLU-00-0000-000000Z02, Cree Inc., Durham, North Carolina) controlled by the Power 1401 via an LED 
driver (PAM2861CBR, Diodes Incorporated, Plano, Texas). The abdominal incision was held open with alliga-
tor clips and the LED was directed through the laparotomy aimed at the inferior surface of the diaphragm. In 
a subset of animals, a tracheostomy tube (PE90 tubing) was placed to enable measurements of respiratory flow 
using a custom made pneumotachograph connected to a pressure transducer (SDP816-125PA, Sensirion, Stäfa, 
Switzerland).

Experiment 1: characterization of diaphragm EMG response to photostimulation. To assess 
diaphragm EMG response to single pulses of light at varied light pulse intensities and durations, mice (n = 4; 
n = 1 female; n = 3 males; 15–18 weeks old) were anesthetized and EMG activity was recorded as described above. 
Animals in this experiment incubated for 8–9 weeks before undergoing diaphragm photostimulation.

In single pulse trials, we tested two stimulus response curves, one which varied light intensity and another 
which varied the duration of light pulses. The intensity trials consisted of 1 ms pulses of light that ranged from 
10 to 60 mW/mm2. Light was delivered 10 times at each intensity to enable a stimulus triggered average of the 
evoked responses. Within the duration trials, the intensity of the light was held constant at 23 mW/mm2 and 
duration of the light pulses increased from 0.1 to 1 ms with 10 repeats at each duration. Both stimulus response 
curves were performed with both phrenic nerves intact and immediately following a right unilateral phrenico-
tomy. Diaphragm responses were quantified as peak-to-peak amplitude of the evoked response in the stimulus 
triggered average.

Experiment 2: diaphragm response to light trains. Preliminary studies of how the diaphragm 
responded to several different trains of light pulses (see Table 1) were performed at the conclusion of experiment 
1, after unilateral phrenicotomy. The light intensity in every train was ramped from 10 to 60 mW/mm2 over a 
125 ms period, and then subsequently decreased from 60 to 10 mW/mm2, also over 125 ms. We also performed 
several stimulus response curves by delivering trains of light pulses with four different inter-pulse intervals 
(IPIs). The IPI for each stimulus response curve was held constant at the following four intervals: 0.1, 0.5, 1, and 
5 ms. Within each curve the pulse duration (PD) was varied from 0.1 to 1.0 ms in 0.1 ms steps with 5 repeats at 
each duration. The stimulus reached a maximum of a 50% duty cycle (e.g. 0.1 ms pulse duration and 0.1 ms inter-
pulse interval). These stimulation paradigms included inter-stimulus intervals that are faster than the ChR2 
closing kinetics (~ 20 ms)25. Therefore, the repeated stimuli in trains with inter-stimulus intervals < 20 ms may 
not have excited ChR2 channels. These fast trains were used to mimic the effects of continuous light, but with 
stimulus parameters that mitigated heat from the light source. From these data, we identified four stimulus para-
digms of interest that were explored further in additional experiments.

In a second cohort of mice (n = 5; n = 4 females; n = 1 male; 20–21 weeks old) we validated how the diaphragm 
responded to these stimulus trains following bilateral phrenicotomy. Animals in this experiment incubated for 
9–12 weeks before undergoing diaphragm photostimulation. The stimulus parameters were chosen based on 
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preliminary experiments, as follows. The IPI 5 ms/PD 1 ms paradigm evoked the largest diaphragm EMG bursts 
and was therefore selected for further testing. The evoked bursts within the other inter-pulse intervals did not 
increase as pulse duration increased, so we selected the shortest pulse duration to minimize heating of the LED. 
The four patterns of stimulation that were chosen are highlighted in Table 1.

To enable a subsequent contrast between the light-evoked activity and endogenous EMG activity, diaphragm 
EMG activity was first recorded for 10 minutes during spontaneous breathing (baseline). Following the baseline 
recording, the left and right phrenic nerves were transected near the brachial plexus. Diaphragm photostimula-
tion was initiated immediately following the bilateral phrenicotomy. The inter-train interval was set equal to the 
expiratory duration that was recorded in each animal during baseline. This enabled the light-evoked diaphragm 
bursts to occur at the same rate as spontaneous breathing. In these experiments, animals underwent diaphragm 
photostimulation with each of the four-stimulus trains. The stimulus paradigms were presented in random 
order and each animal underwent one minute of photostimulation per paradigm for a total of five minutes of 
stimulation.

Experiment 3: assessment of evoked diaphragm responses over a 1 hour photostimulation 
period. The purpose of this experiment was to determine if diaphragm responses to repeated photostimula-
tion were stable over a 1 hour period. Mice (n = 5; n = 4 females; n = 1 male; 28–30 weeks old) were anesthetized 
and EMG recordings made as described above. Animals in this experiment incubated for 17–18 weeks before 
undergoing diaphragm photostimulation. After a 10 minute baseline recording the right phrenic nerve was tran-
sected. To ensure that photostimulation did not interfere with endogenous respiratory activity, it delivered in a 
“closed loop” fashion, using the EMG activity of the intact hemi-diaphragm as a stimulus trigger. The stimulation 
consisted of 250 ms trains that ramped from 10 to 60 mW/mm2 and then decremented back to 10 mW/mm2. The 
stimulus trains used a 0.1 ms pulse duration and 0.1 ms inter-pulse interval.

Data analysis. A custom MATLAB (MathWorks, Natick, Massachusetts) script was used to compile stimu-
lus triggered averages and cycle triggered averages of diaphragm EMG and respiratory airflow data. Per prior 
 reports26 we formed stimulus triggered averages of the single pulse data using a window that began 5 ms before 
the onset of stimulation and ended 15 ms after the onset of stimulation. This stimulus triggered average was 
then used to calculate the peak to peak amplitude of the evoked response. EMG data are presented in normal-
ized units as well as absolute units (mV). Normalization of light-evoked EMG responses was done as follows. 
For experiments in which the stimulus intensity was varied, the EMG response was expressed relative to the 
response which occurred at the maximum stimulus. For experiments in which the stimulus duration was var-
ied, the evoked response was expressed relative to the EMG at the longest stimulus duration. For experiments 
where trains of pulses were used the EMG activity was rectified and integrated (50 ms time constant). To fully 
capture the longer latency responses, the window size was adjusted to 150 ms before the onset of stimulation 
and ended 450 ms after the onset of stimulation. To compare light-evoked diaphragm activity with endogenous 
bursting, cycle-triggered averages were calculated using a window size equal to the duration of the endogenous 
EMG  burst27. The stimulus and cycle-triggered averages were used to calculate peak amplitude and area under 
the curve. To determine the power in the EMG bursts, the average power in frequency bands from 0 to 1001 Hz 
was calculated in 333 Hz increments. Additionally, a fast Fourier transform of diaphragm EMG bursts was done 
during baseline, after bilateral phrenicotomy, and during the different stimulus conditions. Statistical analyses 
were performed in SigmaPlot (Systat Software Inc., San Jose, California). Tests of normality and equal variance 
were performed for each data set. Non-parametric tests were performed for data sets that failed tests of equal 
variance. Square root transformation was used to transform data that failed the test of normality. The statisti-
cal tests used for each dataset are listed in the figure legends. Results of statistical tests were evaluated with an a 
priori alpha value of 0.05.

Histology. At the conclusion of the electrophysiology experiments, while mice remained under isoflurane 
anesthesia, the diaphragm was rapidly removed and mice were then euthanized via transcardial perfusion. 
Hemi-diaphragm strips were laid flat and rolled into a spiral, rolling from the dorsal most edge of the diaphragm 

Table 1.  Parameters of light pulse trains. The inter-pulse intervals (IPI) and pulse durations (PD) used to 
stimulate the diaphragm were systematically varied across ten stimulus trains. Parameters were not used if they 
exceeded a 50% duty cycle (black boxes). The colored boxes indicate the IPI/PD combinations that were selected 
for comprehensive testing in experiment two.

Train 1 Train 2 Train 3 Train 4 Train 5 Train 6 Train 7 Train 8 Train 9 Train 10

0.1 IPI 0.1 PD

0.5 IPI 0.1 PD 0.2 PD 0.3 PD 0.4 PD 0.5 PD

1 IPI 0.1 PD 0.2 PD 0.3 PD 0.4 PD 0.5 PD 0.6 PD 0.7 PD 0.8 PD 0.9 PD 1 PD

5 IPI 0.1 PD 0.2 PD 0.3 PD 0.4 PD 0.5 PD 0.6 PD 0.7 PD 0.8 PD 0.9 PD 1 PD
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to the ventral edge. This ensured that each cross section would include representative fibers across the dorsal–
ventral axis. The rolled diaphragms were then frozen in optimal cutting temperature media (OCT) and stored 
at − 80  °C until sectioning. Frozen diaphragms were cryo-sectioned (20 µm thickness) onto super-frost plus 
slides and stained with wheat germ agglutinin conjugated to Alexa Fluorophore 647 (1:250 dilution, 120 min 
incubation) to identify the membranes of the muscle fibers. Tissue was imaged with a fluorescence microscope 
(BZ-X710, Keyence Co., Osaka, Japan) using a 10 × objective. To visualize the mVenus and Alexa-Fluorophore 
647 fluorescence, images were captured using GFP and Cy5 cube respectively. Four tissue sections from the mid 
costal diaphragm (spaced 80 µm apart) were imaged from each animal. The costal diaphragm was evaluated 
because it makes a primary contribution to the inspiratory  effort28. Myofiber transduction and cross sectional 
area were assessed using a MATLAB script. The script identified the myofiber boundaries using the image cap-
tured with the Cy5 cube.

To determine the number of mVenus positive myofibers in each section, the intensity of mVenus fluores-
cence within each identified myofiber was determined. Myofibers were considered to be positive for mVenus if 
the intensity of fluorescence was above a threshold (median intensity + 1.96 median absolute deviations). This 
threshold was determined through the use of a histogram of the image pixel intensity. Prior work has established 
histogram based thresholding as an accurate method of automatic image  segmentation29. Typically, histograms of 
image intensity produce two or more peaks that represent background objects and objects of interest. A threshold 
to separate the peaks is then determined by calculating the mean and standard deviation of pixel intensity. In a 
heavily skewed histogram, the median more accurately describes the center of the data and the median absolute 
deviation can be used to estimate  variance29. Here the histogram of cell intensities was positively skewed and thus 
we based our threshold on the median and median absolute deviation of the data set. The percent transduction 
for each section was determined by counting the number of mVenus positive myofibers and expressing that value 
relative to the total number of diaphragm myofibers. Myofiber cross-sectional area was calculated by summing 
the total number of pixels within the boundaries of each detected myofiber and converting pixels to µm2 using 
a conversion factor obtained by determining the number of pixels across a known distance.

Ethical declarations. All experiments were conducted in accordance with the NIH Guidelines Concerning 
the Care and Use of Laboratory Animals and were approved by the University of Florida Institutional Animal 
Care and Usage Committee. All work was done following the recommendations outlined in the ARRIVE guide-
lines.

Results
Increasing stimulus intensity and duration increases magnitude of diaphragm EMG 
response. The first experiments evaluated how increasing the duration of light pulses impacted the evoked 
diaphragm EMG responses. The intensity of the light stimulus was maintained at 23 mW/mm2 and the duration 
of pulses was varied from 0.1 to 1 ms (example shown in Fig. 1a-ai). We also assessed the effect of intensity by 
holding the stimulus duration constant at 1 ms while varying the light intensity from 10 to 60 mW/mm2 (exam-
ple shown in Fig. 1b-bi). The first experiments showed that increasing the pulse duration caused a progressive 
increase in the evoked EMG response. The EMG responses are shown in absolute units (i.e., mV, Fig. 1c) or 
normalized to the peak response (i.e., %maximum, Fig. 1ci). These experiments were repeated after a unilateral 
section of the phrenic nerve (i.e., phrenicotomy). As shown in Fig.  1c,d, after phrenicotomy the diaphragm 
response still showed a progressive increase in parallel with the pulse duration, but there was suggestion of an 
attenuated response. The second series of experiments showed that the amplitude of the evoked diaphragm 
response increased with the intensity of the light pulse (p < 0.001, Fig.  1d). The raw diaphragm EMG (mV) 
showed considerable variability between experiments, but this was largely removed by the normalization to the 
maximum response (Fig. 1di). As the light intensity was increased, the diaphragm EMG response plateaued 
around 47 mW/mm2 intensity. As with the duration experiments, the unilateral phrenicotomy tended to reduce 
the amplitude of the evoked diaphragm EMG potential (Fig. 1d p  =  0.272).

Photostimulation can evoke diaphragm EMG bursts that are similar to inspiratory EMG activ-
ity. We next used trains of light stimuli in an effort to produce diaphragm EMG bursting which resembled 
the endogenous inspiratory burst (Fig. 2a). A range of stimulus–response curves were performed after phreni-
cotomy to determine which stimulus parameters produced bursting activity similar to the inspiratory burst. 
The inter-pulse interval was held at 0.1, 0.5, 1, or 5 ms, and at each interval the duration of light pulses was 
progressively ramped from 0.1 to 1 ms (0.1 ms increments). Representative evoked diaphragm responses are 
shown in Fig. 2ai, and stimulus triggered averages showing the integrated diaphragm EMG responses are shown 
in Fig. 2aii. These data illustrate that the 5 ms inter-pulse interval trains produced the largest EMG response.

Unilateral phrenicotomy reduced endogenous excitatory synaptic inputs to the diaphragm, and allowed us 
to determine if inspiratory-like activity could be restored by the light stimulation. The 5 ms IPI increased EMG 
area under the curve after unilateral (Fig. 2b-bi) and bilateral (Fig. 2c) phrenicotomy. This trend held for peak 
amplitude (Fig. 2d–e) as pulse duration increased. Stimulus trains with 0.1, 0.5, and 1 ms inter-pulse intervals, 
regardless of pulse duration, evoked similar diaphragm EMG responses (Fig. 2b-bi, d-di). Based on these results, 
we identified four inter-pulse interval/ pulse duration combinations (5 ms IPI/ 0.1 ms PD, 1 ms IPI/0.1 ms PD, 
5 ms IPI/1 ms PD, and 0.1 ms IPI/0.1 ms PD) to investigate over a longer, one minute, time period in a bilateral 
phrenicotomy model (Fig. 2c,e).

Additional experiments were conducted following bilateral phrenicotomy. This allowed us to determine 
if photostimulation could evoke inspiratory-like diaphragm bursting under conditions of severe diaphragm 
impairment. The bilateral phrenicotomy reduced, but did not completely eliminate, EMG activity recorded via 
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the diaphragm electrodes (Supplemental Fig. 1). It is likely that the residual diaphragm EMG activity occurred 
due to synaptic inputs provided by the accessory phrenic  nerve30. The accessory phrenic nerve is a small nerve 
that originates from C6 and joins the common phrenic nerve in the thorax at various locations, making it difficult 
to  identify31. Since we targeted the common phrenic for the transection, the residual EMG activity was likely 
due to the accessory nerve. Overall, stimulation with trains of light pulses, evoked robust compound diaphragm 
EMG activity after bilateral phrenicotomy.

The stimulus paradigms with short pulse durations and long inter-pulse durations (5 ms IPI/0.1 ms PD, 1 ms 
IPI/0.1 ms PD) evoked small EMG bursts that were similar in magnitude to the diaphragm activity after phreni-
cotomy (Fig. 2a-aii). The 0.1 ms IPI/0.1 ms PD train evoked dense, compound bursts that were not statistically 
different in magnitude from any of the other tested paradigms (Fig. 2c,e). The 5 ms IPI/1 ms PD train evoked 
the largest EMG output, however, the evoked burst resembled repeated compound twitches and did not have 
the density associated with endogenous bursts (Fig. 2ai).

Power spectral analysis revealed the 5 ms IPI/1 ms PD train paradigm evoked an EMG response with high 
power in a narrow, low frequency band (180–190 Hz) which likely explains the saw tooth appearance of the 
evoked bursts (Supplemental Fig. 2). To ensure the observed response was due to photostimulation of ChR2 
and not light alone, the same LED was shone onto the diaphragm of mice that did not receive an intrapleural 
injection of AAV after unilateral phrenicotomy (Supplemental Fig. 3). Shining light on the diaphragm of mice 
that had not been transduced with AAV produced no discernable EMG response.

A pneumotachograph was used to evaluate the impact of diaphragm EMG bursting on respiratory airflow. 
The bilateral phrenicotomy produced a reduction of inspiratory airflow in 4 of 5 mice (Fig. 3a–b). One mouse 
did not show a reduction in airflow, presumably due to rapid compensatory recruitment of accessory respira-
tory muscles. After phrenicotomy, the impact of light-induced diaphragm contraction on airflow was evaluated 
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Figure 1.  Diaphragm responses to single pulse photostimulation. The top panels show representative data 
traces from experiments in which pulse duration (a) or light intensity (b) were systematically varied. The 
expanded time scale traces shown in panels (ai) and (bi) allow viewing of evoked diaphragm EMG potentials. 
The average peak-to-peak amplitude of diaphragm evoked potentials in response to increasing pulse duration 
are shown in (c); average responses to increasing light intensity are shown in (d) (n = 4 per group). In both 
experiments, photostimulation was done before (blue) and after (red) unilateral phrenicotomy. Light stimulation 
was directed at the hemi-diaphragm ipsilateral to the phrenicotomy. Data are presented in absolute units (mV, 
panels c and d) or normalized to the peak to peak amplitude response at maximum stimulus intensity (panels 
ci and di). Panel (c): 2-way RM ANOVA showed a significant effect of pulse duration (p < 0.001). The trend 
for reduced amplitude after phrenicotomy was not statistically significant (condition p = 0.110), nor was the 
interaction between duration and condition (p = 0.072). Panel (ci): 2-way RM ANOVA (square root transformed, 
non-transformed data plotted), significant effect of duration (p < 0.001) but not condition (p = 0.117) or 
interaction (p = 0.117). Panel (d): 2-way RM ANOVA: significant effect of duration (p < 0.001) and no effect of 
condition (p = 0.272) or interaction (p = 0.945). Panel (di): 2-way RM ANOVA, significant effect of intensity 
(p < 0.001) but not condition (p = 0.844) or interaction (p > 0.9999).
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(Fig. 3c–d). Importantly, this was done during the expiratory phase of the respiratory cycle so that the impact 
of light activation could be evaluated without contraction of accessory inspiratory muscles. The 5 ms IPI/0.1 ms 
PD stimulus train, which produced the smallest evoked EMG response, generated the least airflow (Fig. 3c–d). 
The 1 ms IPI/0.1 ms PD train evoked a larger magnitude airflow (p < 0.001 vs. the 5 ms IPI/0.1 ms PD train, 
Fig. 3d). The two paradigms that evoked the largest EMG responses also generated the most airflow (Fig. 3c–d). 
The 5 ms IPI/1 ms PD train evoked airflow that was significantly greater than the 5 ms IPI/0.1 ms PD train and 
the 1 ms IPI/0.1 ms PD trains (p < 0.001). Similarly, the 0.1 ms IPI/0.1 ms PD train generated airflow that was 
significantly greater than both the 5 ms IPI/0.1 ms PD and 1 ms IPI/0.1 ms PD stimulus trains (p < 0.001, Fig. 3d).

Photostimulation can pace the diaphragm over a prolonged period without a decrease in 
evoked response magnitude. To assess the effect of prolonged stimulation on the magnitude of evoked 
diaphragm EMG responses, we performed an experiment where mice received a unilateral phrenicotomy fol-
lowed by photostimulation of the hemi-diaphragm ipsilateral to the phrenicotomy. Stimulation was delivered in 
a closed-loop fashion with endogenous activity on the intact hemi-diaphragm triggering trains of light pulses. 
Thus, the onset of the inspiratory burst of EMG activity on the intact diaphragm served as the trigger for stimu-
lating the paretic diaphragm. Unilateral phrenicotomy resulted in attenuation of ipsilateral hemi-diaphragm 
activity. When stimulation began there was a subsequent increase in the magnitude of the EMG area under the 
curve (Fig. 4). Following the initial increase in burst magnitude, the values stayed consistent over a sixty-minute 
period of stimulation (Fig. 4).

Transduction of diaphragm myofibers. The costal diaphragm contained clusters of mVenus positive 
myofibers separated by clusters of myofibers with no detectable mVenus (Fig. 5a–b). The cross-sectional area of 
the mVenus negative myofibers (759 ± 82 µm2) was larger than the mVenus positive myofibers (666 ± 75 µm2) 
(Fig. 5c p = 0.008). The relative transduction of diaphragm myofibers was comparable across the three different 
experimental paradigms (Fig. 5d p = 0.5). Across all experiments, an average of 18 ± 2% of diaphragm myofib-
ers expressed mVenus (range of 17–24%; Fig. 5e). The number of detectable diaphragm myofibers expressing 
mVenus stayed consistent across the 8–18 week AAV incubation period with values averaging 18% ± 2% after 
8 weeks, and 19% ± 3% after 18 weeks.

Discussion
Respiratory insufficiency contributes to morbidity and mortality in individuals with neuromuscular  disease14 and 
spinal cord  injury13. As the primary inspiratory muscle, the diaphragm is an ideal target for therapeutic inter-
ventions to preserve respiratory functioning. Here we have opened up a new avenue of exploration for targeted 
diaphragm activation via optogenetic technology. We demonstrate that an intrapleural microinjection of AAV9 
encoding ChR2 can effectively drive ChR2 expression in diaphragm myofibers. Subsequent photostimulation 
can activate diaphragm myofibers, and light stimulus trains produce functionally effective EMG bursts similar 
to endogenous diaphragm muscle activity that occurs during inspiration.

To date, optogenetic technology has primarily been used to elucidate the function of neural  circuits32. One 
prior study used optogenetics to activate cervical spinal neurons, which in turn activated the diaphragm. A ChR2-
GFP Sindbis virus was injected into the mid-cervical spinal cord, and this produced a non-specific transduction 
of motoneurons and interneurons. Subsequently, light stimulation of the C3-C6 spinal cord was able to evoke 
diaphragm EMG bursting activity, even following cervical spinal cord  injury33. Only a few prior studies have 
explored optogenetics as a tool for activating muscle cells, beginning with a study of cultured myocytes expressing 

Figure 2.  Impact of light train inter-pulse interval and pulse duration on the evoked diaphragm EMG response. 
(a) Graphical depiction of the four different stimulus trains. (ai) Representative EMG responses are shown 
beneath each paradigm. (aii) Rectified and integrated diaphragm EMG activity averaged across animals (n = 5). 
Depicted are cycle triggered averages of inspiratory EMG bursting during spontaneous breathing at baseline and 
following bilateral phrenicotomy. Also depicted are stimulus triggered averages for light-evoked EMG activation. 
The solid color lines represent mean data and the shaded region represents one standard deviation. The blue 
bars represent onset and duration of stimulation. (b) Diaphragm EMG responses, presented as area under the 
curve of integrated EMG bursts, (n = 4, unilateral phrenicotomy) to 250 ms trains of light pulses. Pulse durations 
ranged from 0.1 to 1 ms and inter-pulse intervals of 0.1, 0.5, 1, and 5 ms. (bi) Area under the curve analysis, 
presented as percentage of maximal evoked response. Grey dotted lines represent average area under the curve 
during endogenous diaphragm bursting. (c) Area under the curve for the integrated diaphragm EMG bursts 
(n = 5, bilateral phrenicotomy), for each of the four stimulation paradigms tested (one-way repeated measures 
ANOVA on ranks, p < 0.001, *Tukey’s post-hoc comparison p < 0.05, horizontal lines indicate significant post-
hoc differences between the two histograms where the line starts and ends). Data are presented as the average 
area under the curve + 1 stdev. (d) Peak diaphragm EMG amplitude response (n = 4, unilateral phrenicotomy) 
to short trains of light pulses with pulse durations ranging from 0.1 to 1 ms and inter-pulse intervals of 0.1, 0.5, 
1, and 5 ms. (di) Peak amplitude diaphragm EMG response, as a percentage of maximal evoked response, to 
short trains of light pulses with pulse durations ranging from 0.1 to 1 ms and inter-pulse intervals of 0.1, 0.5, 1, 
and 5 ms. Grey dotted lines represent average peak amplitude during endogenous diaphragm bursting. (e) Peak 
amplitude (n = 5, bilateral phrenicotomy) for stimulation paradigms of interest (one-way repeated measures 
ANOVA on ranks p < 0.001, *Tukey’s post-hoc comparison p < 0.05, horizontal lines indicate significant post-hoc 
differences between the two histograms where the line starts and ends). Data are presented as the average peak 
amplitude + 1 stdev.
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 ChR27. Subsequent in vivo experiments have demonstrated light-activation of skeletal muscles which express 
 ChR28,9. For example, single light pulses can evoke skeletal (soleus) muscle twitches, and increasing stimulus 
intensity and duration increases the evoked  force9. Our data confirmed a similar response in the diaphragm, 
with progressively larger EMG activation occurring with increases in light stimulus intensity and duration. A 
few prior reports showed that optogenetic techniques can also be effective in denervated skeletal  muscle10,34, and 
here we observed that photostimulation could activate the paralyzed diaphragm even after acute section of the 
phrenic nerve. Thus, the paralyzed diaphragm could be induced to contract, although the EMG response to light 
stimulation was reduced compared to the phrenic nerve intact responses. The underlying mechanism for the 
reduction in evoked diaphragm activation after acute denervation is not clear, and the time course is too rapid 
(i.e., immediate reduction) to reflect degeneration of neuronal inputs. However, the result suggests a decrease in 
the excitability of diaphragm myofibers may have occurred immediately after the acute phrenicotomy.

Here we elected to use the relatively simple and minimally invasive method of microinjection to the pleural 
space to deliver AAV to the diaphragm. This method targets the “potential space” between the visceral pleura 
that lines the lungs and the parietal pleura which covers the inner surface of the thoracic cavity. Intrapleural viral 
delivery has previously been used to target pleural  tumors35,36, and to drive gene expression in the diaphragm, 
lungs, and  heart37,38. For example, after intrapleural injection of AAV9 (1 ×  1011 vg) in a mouse model, AAV was 
detected in cardiac, diaphragm, and cervical spinal cord  tissue39. Distribution in tissues other than the lung 
and diaphragm will likely always occur after intrapleural delivery because the pleural space communicates with 
the  lymphatics40. Thus intrapleural delivery of viral vectors will likely always produce some degree of off-target 
gene expression. When planning for the current study, we conducted preliminary experiments in which we 
histologically assessed the mid-cervical spinal cord four months after mice received intrapleural AAV9-CAG-
ChR2-mVenus. We were able to find no evidence of spinal cord expression of mVenus, although that possibility 
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needs to be rigorously evaluated. Nevertheless, in the current work, the light source was focused directly on 
the diaphragm during photostimulation making it highly unlikely that activation of non-diaphragmatic cells 
potentially transduced by intrapleural AAV9 occurred.

In our study, intrapleural delivery of AAV9-CAG-ChR2-mVenus (dose: 6.12 ×  1011 vg) produced gene expres-
sion in approximately 20% of diaphragm myofibers (as determined by evaluating diaphragm mVenus expression). 
Our transduction efficiency was similar to reported transduction efficiency for rodent intramuscular diaphragm 
AAV (24%)41. De et al. also reported robust transduction of diaphragm myofibers after intrapleural AAV5 
injection, although the efficiency was not  quantified38. There are several strategies for potentially increasing the 
relative number of diaphragm myofibers expressing the transgene. Here we used intrapleural delivery due to the 
non-invasive nature of this  method42, but different AAV delivery strategies could improve diaphragm myofiber 
transduction. For example, more direct delivery of the AAV to the diaphragm, either by direct intramuscular 
 injection41 or application of an AAV-containing gel  medium43,44, could potentially increase myofiber transduction 
rates. A caveat, however, is that directly accessing the diaphragm requires considerably more invasive surgical 
approaches. Additionally, selecting a different AAV serotype could potentially improve diaphragm transduction 
 efficacy45. An AAV serotype can be thought of as a combination of variations in amino acid residues that are 
exposed on the surface of the AAV capsid leading to variations in capsid structure and cell surface  interactions46. 
Historically, AAV9 and AAV1 have shown excellent tropism for skeletal  muscle45. Here we tested the AAV9 
capsid, however, it may be worth testing an AAV1 vector which has produced robust diaphragm transduction 
in prior  work43. In this proof-of-concept study, we did not evaluate possible immune responses to the AAV9 
vector or transgene products. Immune responses which reduce the efficacy of diaphragm transgene expression 
are possible, but, responses in other skeletal muscles after AAV treatment suggests minimal immune response to 
AAV9 in rats and  mice47. Lastly, additional factors that can impact the rates of AAV transduction include  sex48,49 
and  age50,51. However, in the current study, diaphragm transduction rates were highly consistent across male and 
female animals, making it unlikely that sex differences were a factor. This discussion highlights the potential ways 
to increase diaphragm transduction; however, we emphasize that the intrapleural delivery method was sufficient 
to enable a distinct and sustainable diaphragm EMG response to light activation.

During quiet breathing, which can be considered a “low force” effort, approximately 20% of total diaphragm 
myofibers are  active52. This number is similar to our estimation that approximately 20% of costal diaphragm 
myofibers were expressing the ChR2 transgene in the present study. Thus, our observation that light-activation 
of diaphragm myofibers is sufficient to produce diaphragm EMG activation patterns that resemble “normal” 
resting breathing is consistent with models of diaphragm motor unit recruitment. One caveat, however, is that we 
did not determine the specific diaphragm fiber types expressing the transgene. The diaphragm is a mixed muscle 
containing a full complement of slow twitch (Type I) and fast twitch (Type IIa, IIx, and IIb) fiber types. Quiet 
breathing requires primarily Type I diaphragm myofibers, and high force “expulsive” diaphragm behaviors such 
as coughing or vomiting require full recruitment of all available  myofibers52. Thus, using ChR2 to enable higher 
force diaphragm behaviors is likely to require transduction of all myofiber types. A few studies have reported 
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Figure 5.  Transduction of diaphragm myofibers following intrapleural microinjection of AAV9. (a) 
Representative diaphragm histology. The diaphragm was rolled prior to sectioning so that cross sections enabled 
visualization of fibers throughout the costal region. The green myofibers show the presence of the mVenus 
fluorescence tag. (b) Inset from panel (a), myofibers identified by the MATLAB analysis script are outlined 
with white borders, mVenus positive fibers can be appreciated by the green color and are outlined with blue 
borders. (c) Diaphragm myofiber cross-section area for mVenus positive and mVenus negative myofibers. The 
scatter plot shows the average cross-sectional area for mVenus positive and negative myofibers from each animal 
(n = 13). Color of scatter corresponds to each individual animal. Wilcoxon rank sum test suggests a significant 
difference between cross-sectional area of mVenus positive and negative myofibers (p = 0.008). (d) Comparison 
of diaphragm transduction across the three different experiments. One way ANOVA suggested no differences 
in percent transduction between experiments (p = 0.59). (e) Percent transduction for each individual animals 
(n = 13). The scatter plot shows the data for each individual tissue section (n = 4 per mouse). The histogram 
shows the average for each mouse and the dotted line shows average percent transduction across all animals.
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that AAV9 preferentially transduces slow twitch  fibers50,53. Conversely, other reports indicate that AAV9 has a 
preference for fast twitch  fibers54,55. Another study found no difference in AAV-mediated transduction across 
fiber  type56. In the current study, the diaphragm muscle fibers expressing transgene-driven fluorescence had a 
smaller cross sectional area as compared to fibers that were not transduced. This result may indicate that Type I 
myofibers, which are smaller, had greater AAV transduction as suggested by a few prior  reports50,53.

In conclusion, our study provides the first evidence that optogenetic technology can be used to activate the 
diaphragm in a manner that resembles endogenous inspiratory activity. These results open up new avenues for 
therapeutic targeting of diaphragm paresis or paralysis. Currently, resistive breathing exercises can be used to 
improve diaphragm function when volitional breathing remains  possible57. When independent breathing cannot 
be sustained, clinical interventions to address diaphragm dysfunction include mechanical  ventilation58, and direct 
diaphragm pacing using electrical  stimulation18,19. This optogenetic technique could have implications for certain 
clinical populations, such as those with cervical spinal cord injury that includes damage to the phrenic nerve or 
phrenic motor pool. A common exclusion criteria for phrenic nerve stimulation is damage to the phrenic nerve 
and/or the phrenic motor  pool18,59. This means that many individuals that could benefit from phrenic nerve 
stimulation, such as those with a cervical spinal cord injury, are ultimately deemed ineligible. Unlike traditional 
diaphragm/phrenic nerve pacing paradigms, the optogenetic stimulation technique proposed here works by 
directly activating diaphragm myofibers. Therefore, the technique has potential use in cases where individu-
als would otherwise by ineligible for electrical diaphragm/phrenic nerve pacing. Collectively, the current data 
serve as a proof-of-concept that expression of ChR2 in diaphragm myofibers permits rhythmic activation of this 
essential inspiratory muscle using a light stimulus.

Data and code availability
The datasets and MATLAB code generated during the current study are available from the corresponding author 
on reasonable request.
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