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environmental DnA detection 
tracks established seasonal 
occurrence of blacktip sharks 
(Carcharhinus limbatus) 
in a semi‑enclosed subtropical bay
Bautisse D. postaire1,4*, Judith Bakker1,4, Jayne Gardiner2, Tonya R. Wiley3 & 
Demian D. chapman1

the integration of eDnA analysis into the population assessment and monitoring of sharks could 
greatly improve temporal and spatial data used for management purposes. this study aimed to 
compare eDnA detection against well‑established seasonal changes in blacktip shark (Carcharhinus 
limbatus) abundance in Terra Ceia Bay (FL, USA). We used a species-specific real-time PCR approach 
to detect C. limbatus eDNA in the bay on a near monthly basis from spring through mid-fall in 2018 
and 2019. Previous studies have shown that C. limbatus give birth in the bay in early summer and 
immature sharks occur there until late fall, when decreasing water temperatures cause them to move 
offshore and southwards. Water samples (2 L) were collected (4–6 per month) and filtered in the 
field, with each then being subjected to real-time PCR. Carcharhinus limbatus ‘positive’ filters were 
significantly more commonly collected during the April-July sampling period than during the August-
October sampling period. While following the predicted pattern, eDNA concentration was generally 
too low for accurate quantification. Our results show that C. limbatus eDnA detection follows known 
seasonal residency patterns consistently over 2 years of monitoring. Species-specific eDNA analysis 
using real-time PCR could therefore represent a cost-effective, scalable sampling tool to facilitate 
improved shark population monitoring in semi‑enclosed marine habitats.

Many shark populations have been heavily impacted by overexploitation and environmental  disturbances1–6. 
Effective assessment, monitoring and management of these predators will rely on accurate knowledge of species 
spatiotemporal distribution and abundance trends, which are often incomplete or  absent7. Commonly employed 
methods to obtain these data, such as sampling with gillnets or longlines, are invasive and resource intensive, 
which often leads to a strong dependence on non-standard data from  fisheries8–10. Cost-effective and scalable 
alternatives are needed to improve our understanding of shark distributions and population dynamics.

The application of environmental DNA (eDNA) analysis has emerged as a new approach to detect macroor-
ganisms from trace DNA in water  samples11–13. eDNA approaches are based on the isolation, amplification and 
sequencing of DNA traces from skin cells, egestion, and metabolic waste left behind in the  environment14,15. 
They offer a promising avenue for non-invasive, cost-effective, and scalable monitoring studies of aquatic organ-
isms that can achieve very high replication independent of  fisheries16,17. Shark eDNA represents a naturally rare 
target for sampling given their positions as upper level predators (naturally lower densities compared to species 
occupying lower trophic levels), coupled with low abundances due to overexploitation in many  areas18, sug-
gesting a high probability of negative  results17,19. Nevertheless, eDNA analysis has recently been applied for the 
detection of sharks and their relatives and has proven to have potential for presence/absence and biodiversity 
 studies10,20–27. As has been shown for other marine organisms, there is also growing evidence indicating that the 
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quantity of eDNA may be related not only to species presence, but also to  abundance16,21,28–32. Although promising 
as a method for shark detection, more research in well-studied ecosystems is necessary to understand whether 
eDNA monitoring can also be used to track population dynamics over time.

Here we set out to test whether species-specific eDNA analysis could detect a well-established seasonal change 
in blacktip shark (Carcharhinus limbatus) occurrence in Terra Ceia Bay (FL, USA). We developed and tested 
a species-specific real-time PCR assay targeting a short stretch of the C. limbatus mitochondrial NADH2 gene 
to be amplified from filtered water samples collected in this subtropical semi-enclosed estuary in the spring, 
summer and fall months in 2018–2019. Terra Ceia Bay is ideally suited for this purpose because C. limbatus 
abundance peaks in spring and early summer and troughs in late summer, fall, and winter as a result of partu-
rition, early mortality and migration out of the  bay1,33. Correspondingly, we predicted that C. limbatus eDNA 
detection, measured in this study by the proportion of positive filters (i.e. C. limbatus detected) and the relative 
DNA concentrations measured on these filters, would be significantly higher in spring and early summer than 
in late summer and fall.

Material and methods
Study species and area. The blacktip shark (Carcharhinus limbatus; Fig. 1B) is a cosmopolitan species, 
encountered globally in tropical and subtropical  waters34–36. It is a commercially and recreationally important 
species in the southeast U.S. and Gulf of Mexico shark fisheries, as well as being one of the top four species in 
the global shark fin  trade37,38. The species has moderately slow growth rates and low fecundity; producing pups 
in alternating years after a 10–12 month gestation period, giving birth to 4–7  pups34,39. This leads to low natural 
recruitment abilities, rendering their populations susceptible to stock collapses from overexploitation. However, 
the U.S. C. limbatus population is well managed and sustainably fished. In this study we refer to four life-stage 
categories: neonate, young of the year, immature, and mature, following the definitions of  Castro35. Neonates 
are animals with an open umbilical scar, these scars close within the first 2–3 weeks of life. Young of the year 
(YOY) have closed umbilical scars, which are typically still visible. YOY can also be distinguished from older 
immature animals based on  size40. Mature males are distinguished from immature males based on claspers that 
are elongated and calcified, while for females, 50% size-at-maturity was used to distinguish between immature 
and mature  animals39. Along the Florida Gulf Coast, neonate, YOY, and immature C. limbatus seasonally use 
inshore nursery areas including Terra Ceia  Bay1,41,42. Terra Ceia Bay is a small (~ 5 km × 1.5 km), shallow (~ 4 m 
maximum depth) bay with a narrow (~ 1 km) opening into Tampa Bay (Fig. 1A). As C. limbatus is a migratory 
species that prefers temperatures above 21 °C, there is an influx of immature sharks into the bay during April 
after an absence for most of the winter. Gravid females enter the bay for parturition in May and  June1,33,34. 
Natural mortality of neonates is highest within the first 15 weeks of life, which is reflected in a sharp decrease 
in their abundance from July into August. The remaining young of the year and immature animals leave the bay 
and migrate southward during the fall  months1,33. These patterns have held with continued sampling in the bay 

Figure 1.  (A) Map of sampling locations in Terra Ceia Bay (FL, USA). Indicated are in green the eDNA 
sampling sites, in blue the gillnet sites in 2018 and 2019, and in red circles the longline sampling sites in 
2019. Sampling events are aggregated per year and method (i.e. not all sites were sampled every month, see 
Supplementary Material 1 for detail). (B) A juvenile Carcharhinus limbatus, caught, tagged and released in 
Terra Ceia Bay (photo credit: T. R. Wiley). Map was generated with R v 3.4.0 (https ://www.R-proje ct.org/) using 
polygons extracted from Google Earth, (https ://earth .googl e.com/web/).

https://www.R-project.org/
https://earth.google.com/web/


3

Vol.:(0123456789)

Scientific RepoRtS |        (2020) 10:11847  | https://doi.org/10.1038/s41598-020-68843-0

www.nature.com/scientificreports/

until the present, although some immature animals now stay in the bay until later in the year and return earlier, 
possibly because waters have warmed in recent years (Gardiner, unpublished data).

Shark sampling. Shark surveys in Terra Ceia Bay were conducted as part of the GulfSPAN survey (www.
fishe ries.noaa.gov/south east/endan gered -speci es-conse rvati on/shark -and-sawfi sh-surve ys-and-taggi ng), a fish-
ery-independent effort to assess shark diversity and relative abundance along the Florida Gulf Coast in order 
to inform stock assessments. All protocols for the handling and use of animals were approved by the Institu-
tional Animal Care and Use Committee at the University of South Florida (protocol # W IS00004541) and sam-
pling was conducted in accordance with Florida Fish and Wildlife Conservation Commission Special Activities 
Licenses SAL-18-1666-SRP and SAL-19-1666-SRP. The surveys are conducted each year from April to October. 
In order to conserve limited resources for this survey, sampling is not conducted from November to March when 
shark abundances are known to be very low due to decreased water temperatures during these winter months. 
The primary sampling method of this project for 2018 was monofilament gillnet. However, as this method pri-
marily captures neonate and YOY sharks, it was considered not to be an appropriate comparison on its own to 
eDNA, which is shed by all life stages. Therefore, bottom longline gear was also deployed on a monthly basis in 
2019 to sample a wider variety of life stages and to provide a better comparison to eDNA when combined with 
gillnets. For each month of sampling in 2019, catches were summed over 3–4 longline and gillnet stations and 
used to calculate monthly catch-per-unit-effort (CPUE), defined as the number of individuals caught per station 
per hour. All sampling coordinates and details of the fishing gear are summarized in Supplementary Material 1 
and Supplementary Material 2, respectively.

eDnA collection and processing. Water samples were collected on a monthly basis concurrent with 
GulfSPAN surveys during June–October 2018 and April–October (except July) 2019. Four to six water samples 
were collected at each sampling location per monthly survey, immediately after gear is set in order to avoid 
contamination from captured animals. eDNA samples were collected in mid-water to avoid catching suspended 
sediment, ensuring that only recently released eDNA was  collected43,44. A total of 58 water samples of 2 L each 
(Supplementary Material 1) were collected with a Kemmerer type water sampler and vacuum filtration was 
carried out immediately after collection with a Pegasus Alexis peristaltic pump (www.fondr iest.com). The cups 
containing the hydrophilic polyethersulfone (PES) filters (Pall Corporation; 47 mm diameter; 0.45 µm pore size) 
were placed in a clean, iced cooler (containing only eDNA samples) for transport to the laboratory. The filters 
containing sample filtrates were stored in sterile 5.0 mL cryogenic screw-cap vials containing silica beads. The 
silica beads function as a desiccator, drying out the filters, preventing the DNA from  degradation26. The filters 
were then stored at − 20 °C until extraction. DNA extraction from half of each filter was performed using the 
DNeasy PowerSoil Kit (www.qiage n.com), following the manufacturers’ protocol, with three additional specifi-
cations. As the outer circumference of the filter does not contain any DNA (due to placement of the filter cup), 
it was cut off and discarded. The remainder of the half filter was cut into small pieces prior to being added to 
the bead tubes for the first step of the extraction process. The vortexing (bead-beating) step of the protocol was 
performed in a shaker at 58 °C (for 10 min) instead of at room temperature, in order to maximize the DNA yield. 
Genomic DNA was eluted into 100 μL and frozen at − 20 °C until further processing.

Real‑time pcR assay development. Primer design. Primers were designed to target a 149 bp fragment 
of the mitochondrial (mtDNA) nicotine adenine dinucleotide dehydrogenase subunit 2 (NADH2) gene within 
the C. limbatus genome, while excluding cross amplification with other elasmobranch species known to co-oc-
cur in the study area (Rhizoprionodon terraenovae, R. porosus, Carcharhinus brevipinna, C. acronotus, C. leucas, 
Sphyrna mokarran, S. lewini, S. zygaena, and S. tiburo). Primers were designed manually using Geneious Prime, 
version 2019.2.3 (https ://www.genei ous.com). NADH2 sequences from C. limbatus and the non-target shark 
species were downloaded from GenBank (Supplementary Material 3) and aligned using the Muscle 3.8.425 pl-
ugin in  Geneious45. Forward (588 F-limbatus-NADH2: 5′-TGC CCC CAA TCT CAC CTT AC-3′) and reverse (776 
R-limbatus-NADH2: 5′-CCG GAA AGT GGG GGT AAT CC-3′) primers were designed to amplify the fragment 
of interest exclusively in C. limbatus. This was accomplished by maximizing the number of mismatches in the 
ligation sites of both primers in the nine exclusion species. In order to confirm primer specificity, they were first 
tested by applying conventional PCR to total genomic DNA (gDNA) extracted from eight C. limbatus individu-
als and from eight individuals per each of the nine species known to co-occur in the study area. Genomic DNA 
was extracted from tissue samples using the DNeasy Blood & Tissue kit (www.qiage n.com) following the manu-
facturer’s protocol. Each amplification reaction was performed in a total volume of 15 µL and consisted of: 7.5 µL 
of Master Mix ‘Applied 2×’ (Applied Biosystems), 3.5 µL of DNase/RNase-free water (Fisher Scientific), 1 µL 
of each primer (10 µM) and 2 µL of genomic DNA (10 ng/µL). The PCR profile included an initial denaturing 
step of 95 °C for 2 min, 35 cycles of 95 °C for 30 s, 63 °C for 30 s and 72 °C for 30 s and a final extensions step of 
72 °C for 5 min. The quality of all amplifications was assessed by electrophoresis, running the products through 
a 1.5% agarose gel stained with Gel Red (Gentaur, Kampenhout, Belgium) and visualized on a UV light platform. 
Subsequently, the primers were tested on the real-time PCR platform for amplification of tissue-derived gDNA 
from C. limbatus and the non-target species. PCR products were sequenced in both directions to confirm species 
identity, using an ABI 3730 genetic analyzer (Applied Biosystems). Sequences were checked using Geneious.

Real‑time PCR. Concentrations of C. limbatus NADH2 fragments in our eDNA samples were checked by run-
ning six replicate reactions for each sample, using the Chai Open PCR System platform (Chai Biotechnologies, 
Santa Clara, CA, USA). The real-time PCR recipe was optimized to a final volume of 15 µL, containing 7.5 µL of 
PowerUp SYBR Green Master Mix (Applied Biosystems), 2.5 µL of DNase/RNase-free water (Fisher Scientific), 

http://www.fisheries.noaa.gov/southeast/endangered-species-conservation/shark-and-sawfish-surveys-and-tagging
http://www.fisheries.noaa.gov/southeast/endangered-species-conservation/shark-and-sawfish-surveys-and-tagging
http://www.fondriest.com
http://www.qiagen.com
https://www.geneious.com
http://www.qiagen.com


4

Vol:.(1234567890)

Scientific RepoRtS |        (2020) 10:11847  | https://doi.org/10.1038/s41598-020-68843-0

www.nature.com/scientificreports/

1 µL of each primer (5 µM) and 3 µL of eDNA template. The real-time PCR program consisted of 50 °C for 2 min, 
an initial denaturation step at 95 °C for 2 min, followed by 80 cycles of 95 °C for 30 s, 62 °C for 30 s, and 72 °C 
for 30 s. A final melting curve analysis step at 60 °C for 1 min was followed by an increasing ramp temperature 
of 5 °C per second to reach 95 °C for 5 min. Using 80 amplification cycles in real-time PCR is not standard pro-
tocol when working with tissue extractions, but with appropriate negative controls it has been found to be useful 
for detecting the presence of eDNA that which is usually present in very low  concentrations16. The melt curve 
protocol was used to detect primer dimers, to check specificity by determining that a single amplicon was pro-
duced, and to obtain a melting temperature (Tm) value for that sample, which may then be compared with the 
standard curve of C. limbatus DNA. Each real-time PCR run consisted of 16 reactions (two 8-well PCR strips per 
run), including two positive (13.1 × 10−1 ng/μL gDNA), and two negative (DNase/RNase-free water) controls. Cq 
values of the standard concentrations were compared between independent runs to check for consistency and 
replicability of results.

Primer efficiency, LOD and LOQ. Primer efficiency, limit of detection (LOD), and limit of quantification (LOQ) 
were assessed following the protocol and curve fitting method described in Klymus et al.46. For the standard 
curve, tenfold dilutions (in  ddH2O) of C. limbatus gDNA derived from tissue extractions were used. The dilution 
series spanned seven orders of magnitude, ranging from 13.1 × 10−1 to 13.1 × 10−7 ng/μL, measured with a Qubit 
2.0 fluorometer (Invitrogen, Carlsbad, CA, USA). Each dilution was run ten times and reported Cq (cycle quan-
tification) values were used to determine primer efficiency, LOD, and  LOQ46. LOD and LOQ were determined at 
a concentration of 13.1 × 10−6 ng/μL of gDNA (the conc. at which at least 95% of the replicates amplified with a 
CV of 54% or less, see “Results” section). Amplification efficiency was determined by plotting Cq values against 
gDNA dilutions and calculating the linear slope and the coefficient of determination  (R2) value.

contamination control. Strict adherence to contamination control procedures was followed during all 
field and laboratory stages. In the field, disposable gloves were used and changed between each sample. A sec-
tion of the boat was allocated as a clean area for water collection and filtration. Work surfaces, water collection 
and filtration equipment were cleaned prior to and after each use with a 50% bleach solution. To prevent cross-
contamination between samples, filtration was performed using disposable, single-use filter funnels, which were 
subsequently stored individually in two layers of double sealed plastic bags prior to being stored on ice. All 
eDNA sample processing and analyses were conducted in the Crustacean Genomics and Systematics Lab at 
Florida International University where there had never been any shark tissue or PCR product present. Extrac-
tions, pre-PCR preparations and (post)PCR procedures were physically and temporally separated. All laboratory 
equipment was cleaned with bleach solution and subsequently exposed to UV sterilization (including  ddH2O 
used for PCR reactions) for 15 min, before and after each use. Pertaining to filter extractions, bags containing 
the individual filters were cleaned on the outside with bleach prior to entering the lab. All work surfaces were 
cleaned with 50% bleach solution prior to and after each use, and between processing of individual samples. All 
equipment used for the extractions was likewise cleaned with bleach between each individual sample. Dispos-
able gloves were used and changed between each sample or in addition, more often when deemed appropriate. 
Aerosol barrier pipette tips were used for all laboratory procedures. C. limbatus tissue extraction was performed 
months prior to the onset of the eDNA laboratory work, in a separate dedicated tissue extraction room. Separate 
laboratory rooms, located in different parts of the building, were used for PCR and real-time PCR experiments. 
No equipment was shared between the laboratories and commuting between the different laboratories within the 
same day was prohibited, this included colleagues who were not part of this study. In order to identify potential 
contamination, negative controls were added at multiple stages. Negative controls were collected in the field by 
filtering 2 L of tap water, processed as standard samples. In the laboratory, DNA extraction blanks (elution buffer 
from extraction kit) and PCR blanks were included.

Data analysis. Cq and melting temperature (Tm) values were used to determine the presence/absence of 
C. limbatus eDNA in a sample, by comparison with those of the standard curves and the positive controls. The 
Cq value indicates the cycle at which the fluorescence produced by the DNA amplification in a sample surpasses 
a preset threshold of fluorescence background noise, which is a proxy for the quantity of eDNA present in a 
sample. When a sample has a Cq value, it means that target DNA is present assuming there is no non-specific 
amplification. The Cq value represents the PCR cycle at which amplification is first detected and is positively 
correlated with the template DNA present in the sample. Filters were considered positive when at least two out of 
the six replicates produced a Cq value, in combination with an associated Tm value close (± 2 °C) to the mean Tm 
of the standard curve (78.2 °C). For each filter sample, the average Cq of all positive replicates were calculated to 
obtain a single value per filter.

Because many detections presented Cq values below LOQ and LOD (Cq>42.09, see “Results” section), they 
were treated as qualitative data (presence or absence of target DNA on the filter)46. A Chi square proportion 
test was performed to test for a difference in the proportion of C. limbatus positive filters between the high 
(April–July) and low abundance (August–October) seasons over 2018 and 2019, and the catch data (CPUE) was 
also compared between the same two seasons in 2018 and 2019 using the Wilcoxon signed-rank test. In order to 
determine the correlation between the proportion of positive filters and catch data (CPUE) per month, a non-
parametric Spearman correlation was performed. All statistical analyses were performed in R v 3.4.0 (https ://
www.R-proje ct.org/).

https://www.R-project.org/
https://www.R-project.org/
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Results
Assay efficiency and sensitivity. The custom primers amplified only the NADH2 target sequence in C. 
limbatus and not in any of the non-target species tested, confirming primer specificity of the assay for both con-
ventional and real-time PCR. Additionally, the identity of real-time PCR amplified eDNA was confirmed to be 
C. limbatus by Sanger sequencing 14 of the eDNA real-time PCR products (using the amplifying primers). These 
C. limbatus sequences have been deposited in GenBank (www.ncbi.nlm.nih.gov/genba nk/), accession numbers 
are recorded in Supplementary Material 4. The standard curve produced from the tenfold serial dilution of 
the C. limbatus gDNA extraction showed a linear relationship between the Cq value and the log of the starting 
gDNA concentration  (R2 > 0.99). The average slope was − 3.872, corresponding to a PCR efficiency ~ 81.24%. The 
limit of detection (LOD) and limit of quantification (LOQ) were calculated following a curve-fitting  model46. 
LOD and LOQ were determined at a gDNA concentration of 13.1 × 10−6 ng/μL (the conc. at which at least 95% 
of the replicates amplified with a CV of 54% or less); the average Cq was 42.09.

carcharhinus limbatus eDnA detection in terra ceia Bay. C. limbatus eDNA was detected in water 
samples collected in Terra Ceia Bay. A total of 27 of the 58 water samples (46.6%) were considered positive for 
this species based on our criteria (Supplementary Material 4). All negative controls produced negative results. 
A significantly higher number of filters were positive during the spring/early summer high abundance season 
compared to the late summer/early fall low abundance season  (X2 = 9.6107, df = 1, p value = 0.001934, alternative 
hypothesis: two-sided).

A total of 24 C. limbatus individuals were caught by 40 gillnets in 2018. A total of 37 individuals were captured 
across 27 longlines and 3 by 27 gillnets in Terra Ceia Bay from April to October 2019. Catch data per shark 
can be found in Supplementary Material 5. CPUE was not significantly different between the defined sampling 
periods, although near zero CPUE was recorded in August and September co-incident with low eDNA detec-
tion (Fig. 2). No correlation was detected between monthly CPUE and proportion of positive eDNA detections 
(rho = 0.4735797, p value = 0.08716) over the sampling period.

Discussion
The application of eDNA analysis specifically for sharks and their relatives has recently gained momentum, 
and studies largely focus on providing proof-of-concept that their eDNA can be  detected10,20–23. In this study 
we developed a real-time PCR assay that detected C. limbatus eDNA in water samples from Terra Ceia Bay. A 
subset of the eDNA PCR products were directly sequenced and proved to be from the target species and locus. 
The assay was able to detect target DNA down to concentrations as low as 13.1 pg/μL. However, in order for 
eDNA methods to advance for conservation management purposes beyond this application, it is imperative to 

Figure 2.  Gillnet, longline and eDNA results for 2018 and 2019. Panel (A) shows the C. limbatus gillnet catch 
data (left y-axis) and the proportion of filters yielding C. limbatus DNA in 2018 (right y-axis). Panel (B) shows 
the proportion of filters yielding C. limbatus DNA in 2019 (right y-axis) and combined gillnets and longline 
catches in 2019 (left y-axis). Values for fishing are expressed as CPUE (individuals per station/h).

http://www.ncbi.nlm.nih.gov/genbank/
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test whether it can also be a reliable indicator of changes in species presence over time, which may be related to 
abundance on various temporal and spatial  scales16. This is not only important for the detection of population 
declines or changes in geographic distribution, but also for the determination of seasonal residency patterns, 
as we trialed here. We found that C. limbatus positive filters were collected significantly more often in spring to 
mid-summer than in late summer and fall. This change is coincident with changes in local abundance due to 
parturition, mortality and seasonal migration of C. limbatus in Terra Ceia Bay, based on data previously collected 
through extensive fishing surveys and acoustic telemetry  studies1,33,41. While there may be concerns relating to 
eDNA transport and the interpretation of results in a (semi-enclosed) marine system, many studies have shown 
that there is only minimal eDNA transport by water movement on both  horizontal13,47–50 and  vertical51 spatial 
scales. This indicates that the seasonal pattern detected in eDNA detection resulted from temporal changes in 
the abundance of the species in the bay.

We found that traditional real-time PCR analysis for the detection of eDNA from naturally rare vertebrate 
target organisms had some limitations. While the qualitative results (i.e. positive/negative filters) were robust 
and followed the expected pattern of C. limbatus abundance, most measurements were below LOD and LOQ of 
the assay. Even though the quantitative results also followed the expected pattern of C. limbatus abundance, they 
could thus not be reliably reported. While detections of target eDNA with values below LOD are expected due to 
the rarity of the target species, and are thus still considered true  positives46,52,53, quantifying eDNA concentrations 
accurately provides even more information relevant for management. Given the rarity of shark eDNA targets 
and the limitations of real-time PCR we suggest that future applications of this and similar assays should use 
digital droplet PCR (ddPCR)54 for the high resolution quantification of rare target eDNA. This has recently been 
trialed for the detection of elasmobranch  eDNA20,23,55, but has yet to be implemented for the spatio-temporal 
tracking of abundance.

Our study suggests that species-specific real-time PCR eDNA analysis may provide useful information for 
shark conservation and management, but it is important to assess its potential weaknesses compared to tradi-
tional methods. First and foremost, eDNA methods do not provide information on size, condition, developmental 
stage and sex, or allow for tagging or sampling of the target animals, which makes it difficult to interpret changes 
in detection over time without a-priori information. It could also be misleading if eDNA shedding rates vary with 
size, sex, season, or physiological state. Although complicated due to the requirements and restrictions related 
to using live sharks for controlled  experiments20, more fundamental studies investigating (the factors related to) 
shark eDNA shedding, accumulation, persistence and degradation could greatly contribute to our understanding 
and interpretation of eDNA results relating to spatiotemporal abundance patterns.

Overall, we found that species-specific real-time PCR eDNA analysis offered several advantages compared 
to the fishing surveys conducted simultaneously. Catch rates of longlines and gillnets in the bay were highly 
variable and zero-inflated, which made statistical analysis challenging. The number of positive eDNA filters was 
significantly different between the seasonal sampling periods, while the CPUE data were not. Closer inspection 
of the CPUE data revealed that this failure to detect a seasonal difference was partly due to the one anomalous 
high catch (8 sharks) on one longline in October 2019, otherwise catch rates were near zero in August and Sep-
tember similar to the eDNA results. In addition, the time needed to collect and filter each water sample was trivial 
(minutes) compared to setting, soaking, and checking and hauling longlines and gillnets (hours) and could be 
achieved with two people, as opposed to a minimum of four. Field time and labor are significant cost barriers 
to the replication of shark surveys; eDNA replication would be substantially less expensive. After the assay was 
developed and validated, laboratory analysis of filters took only days and the reagent cost per filter (including 
extraction and 6 PCR replicates) was ~ USD$11. Using ddPCR instead of real-time PCR would increase the cost 
per sample but there may be scenarios where real-time PCR is sufficient on its own or as a first check to detect 
positive or negative filters. Pertaining to our project in particular, eDNA sampling could provide data cover-
age over the winter months, while keeping the costs much lower than when fishing surveys would take place 
year-round. Extended eDNA sampling throughout the winter could potentially reveal spatio-temporal changes 
due to rising water temperatures. eDNA sampling can verify until when some animals stay in the bay, and how 
much earlier they return. And perhaps, whether some of the immature animals do not leave the bay anymore 
at all during the winter.

This study represents an important step in the development of eDNA methods for the detection and monitor-
ing of elasmobranchs. We developed a species-specific real-time PCR eDNA assay and found that C. limbatus 
detection in our semi-enclosed study area fluctuated seasonally according to a‑priori expectations for two con-
secutive sampling years. While eDNA methods have inherent limitations because individuals are not physically 
caught and counted, and we still lack basic information on the process of eDNA shedding in sharks, this approach 
is relatively inexpensive and scalable while also being non-invasive. We therefore conclude that eDNA sampling 
should be considered for integration into existing standardized shark monitoring programs that use traditional 
methods to track population dynamics over time. eDNA analysis has the potential to become a powerful comple-
mentary monitoring tool for shark population assessment and management, offering a potential for replication 
that is difficult to match using other fishery-independent methods.
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