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Axial stretch regulates rat tail 
collecting lymphatic vessel 
contractions
Mohammad S. Razavi1, Julie Leonard-Duke  2, Becky Hardie2, J. Brandon Dixon  1,2,3 & 
Rudolph L. Gleason Jr.1,2,3*

Lymphatic contractions play a fundamental role in maintaining tissue and organ homeostasis. the 
lymphatic system relies on orchestrated contraction of collecting lymphatic vessels, via lymphatic 
muscle cells and one-way valves, to transport lymph from the interstitial space back to the great veins, 
against an adverse pressure gradient. circumferential stretch is known to regulate contractile function 
in collecting lymphatic vessels; however, less is known about the role of axial stretch in regulating 
contraction. it is likely that collecting lymphatic vessels are under axial strain in vivo and that the 
opening and closing of lymphatic valves leads to significant changes in axial strain throughout the 
pumping cycle. the purpose of this paper is to quantify the responsiveness of lympatic pumping to 
altered axial stretch. In situ measurements suggest that rat tail collecting lymphatic vessels are under 
an axial stretch of ~1.24 under normal physiological loads. Ex vivo experiments on isolated rat tail 
collecting lymphatics showed that the contractile metrics such as contractile amplitude, frequency, 
ejection fraction, and fractional pump flow are sensitive to axial stretch. Multiphoton microscopy 
showed that the predominant orientation of collagen fibers is in the axial direction, while lymphatic 
muscle cell nuclei and actin fibers are oriented in both circumferential and longitudinal directions, 
suggesting an axial component to contraction. taken together, these results demonstrate the 
significance of axial stretch in lymphatic contractile function, suggest that axial stretch may play an 
important role in regulating lymph transport, and demonstrate that changes in axial strains could be an 
important factor in disease progression.

Lymphatic vessels serve as the major route to transport lymph from the interstitial space to the great veins1–3. 
Collecting lymphatic vessels pump lymph against an adverse pressure gradient and have specialized lymphatic 
muscle cells (LMCs) that enable them to contract spontaneously and control their diastolic vascular caliber via 
tonic constrictions3–5. These rhythmic and synchronized contractions are orchestrated, with the help of one-way 
valves, to propel lymph efficiently along a chain of lymphangions6,7. Disruptions in this orchestrated function lead 
to impaired lymph transport and lymphedema.

Lymphatic vessels adapt their contractile function to various loading conditions (pressure, flow, and external 
forces from skeletal muscles) and this adaptation is important in their function both as a pump and as a conduit 
to efficiently transport lymph8–12. The effect of pressure-induced circumferential stretch on lymphatic contractile 
function has been well-documented11,13–21. At low circumferential stretches, increased circumferential stretch 
(due to increased transmural pressure) increases the lymphatic contraction frequency and results in an increase 
in the amplitude of contractions. At higher circumferential stretches, increased circumferential stretch decreases 
contraction amplitude19,20,22. Circumferential stretch is thought to regulate lymphatic contractility by increas-
ing pace-making activity and calcium sensitivity13. Davis et al. has shown that LMCs generate a rate-sensitive 
response to stretch23 and Telinius et al. has shown human mesenteric lymphatics generate the maximum tension 
at a specific passive stretch corresponding to 22 mmHg16. A relationship between circumferential length and ten-
sion has been reported in lymphatic vessels from different tissues beds from humans, cows, and rats; however, the 
specific length-tension relationships vary depending on the tissue beds and animals under study4,23–25. Lymphatic 
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muscles are very sensitive to changes in the level of intracellular Ca2+, and circumferential stretch has been impli-
cated as a modulator of calcium sensitivity14,16,26,27. There is also evidence that electrical activity of lymphatic 
vessels change with changes in circumferential stretch; higher stretches induce Ca2+ sensitization that increases 
the responsiveness of key contractile molecules to Ca2+28–30.

Similar to circumferential stretch, axial stretch may also be a modulator of lymphatic function. In some 
regions, such as the lung and diaphragm, axial stretch changes due to applied external forces; e.g., pleural and 
diaphragm lymphatics can be exposed to cyclic stretches which enhance lymph formation and transport31,32. 
The effect of axial load on the phasic contractions has been studied via axial load-controlled experiments on the 
bovine mesenteric lymphatics20. McCale et al. showed that, in contrast to pressure-induced stretch that changed 
both the frequency and the strength of contractions, axial load only increased the strength of contractions while 
the frequency of contraction remained unchanged; further, it was observed that axial load linearly increased the 
axial stretch, under fixed pressures20. An increase in the axial load with both pressure and axial stretch has been 
reported for the rat thoracic duct33; however, there is no experimental evidence to show lymphatic vessels expe-
rience axial stretch in situ. Towards this end, the goal of this study is to quantify the in situ axial stretch of rat tail 
lymphatics and axial stretch-mediated modulation of lymphatic contractility in an ex vivo platform. Further, the 
distribution of collagen and LMCs’s of rat tail lymphatics in the circumferential-axial plane were quantified to 
understand the axial contributions of these structural constituents.

Methods
Animal model and vessel isolation procedure. All animal experiments were approved by Georgia 
Institute of Technology’s Institutional Animal Care and Use Committee and were performed in accordance with 
the principles outlined in the National Institutes of Health, Guide for the Care and Use of Laboratory Animals. 
A ~1-cm incision was made on one side of the rat tail, near the base, to gain access to the lateral tail vein of male 
Sprague Dawley rats (300–350 g), with care taken to avoid injury to the lateral vein or artery (Fig. 1A). Trypan 
Blue Solution 0.4% dye was injected upstream of the incision site to enhance the visibility of lymphatic vessels 
(Fig. 1B). Under a stereo microscope, a lymphatic chain that runs parallel to the lateral vein was visualized.

Quantification of in situ axial stretch. To approximate the in situ axial stretch, animals (n = 5, one vessel 
per animal) were placed under a ZEISS dissecting microscope equipped with an AxioCam MRc 5 (Zeiss, Inc.) 
camera. After removing the perivascular tissue, pins (0.2 mm diameter, Fine Science Tools, Inc.) were used to 

Figure 1. Two chains of lymphatic collectors run parallel in a rat tail (Panel A). An image of the location where 
an incision was made to gain access to the lymphatic vessel close to the base of tail showing that the lymphatic 
vessel runs parallel to the tail vein and arteries along with an image of H&E staining for a section of vessel (Panel 
B), an image showing lymphatic vessels from rat tails are under axial stretch in situ where insect pins mark the 
length of vessel prior to the dissection (Panel C), measurements of in situ axial stretch (Panel D, n = 5) where, 
each point represents a measurement in a different animal, are provided.
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mark the length of the segment at the dissection locations (Fig. 1C). Using microsurgical scissors, the lymphatic 
vessel was dissected at the two pins (Fig. 1C). Digital images were acquired before and after excision and ImageJ 
software was used to determine the pre- and post-excision length; the in situ axial stretch was defined as 

L/z in situ in situ u,λ = 
, where in situ  is the pre-excision length and Lu is the post-excision, unloaded length.

Ex vivo experimental setup, protocol, and data acquisition. For vessels used for ex vivo experiments, 
a ~2-mm segment of the collecting lymphatic vessels (n = 6, one vessel per animal) was excised parallel to the lat-
eral vein and placed in Dulbecco’s Phosphate Buffered Saline (DPBS, Corning) for the removal of the surrounding 
fat and connective tissues. The excised and cleaned lymphatic vessel (containing approximately 1–2 valves) was 
mounted on opposing cannulae in a custom-made vessel chamber33. A custom biomechanical testing device, with 
some modifications33–35, was employed to control transmural pressure and axial stretch, while monitoring diame-
ter. Transmural pressure was adjusted using a feedback loop with a syringe pump (PHD 4400, Harvard Apparatus, 
Inc.) and pressure sensors (1 psi SSC series, Honeywell). Axial stretch was controlled via computer-controlled 
linear actuators and XYZ stages (Newport Precision, LTA series and M-461 series). This system was placed on an 
inverted microscope (2.5x magnification) and the vessel diameter was recorded via a digital camera (Allied Vision 
Technologies, Marlin F-033B, at 18 fps); recordings were post-processed to obtain diameter tracings (Fig. 2).

In a temperature-controlled bath containing DMEM/F-12 (Dulbecco’s Modified Eagle Medium/Nutrient 
Mixture F-12 plus Pen-Strep 1:100, pH = 7.4 at 37 °C)36, the vessels were equilibrated at 2 mmHg for ~1 hour to 
develop stable, repeatable contractions. For the axial stretch protocol, vessels were preconditioned by delivering 
three pressure steps (2 mmHg, 4 mmHg, 6 mmHg) over ~5 minutes before the pressure was held constant at 
2 mmHg; this pressure was chosen based on a pilot study to determine the pressure at which contraction ampli-
tude is maximum. The unloaded length (L) was defined as the minimum axial length required to the keep vessel 
straight at the (nearly) zero pressure; i.e., the pressure just above the pressure at which the vessel collapses, 
~0–0.5 mmHg. The vessel length was adjusted using the precision micromanipulators to determine the length at 
which the vessel starts to bend. This length (L) was measured as the distance between the two mounting sutures 
on glass pipettes, while viewing the vessel on the inverted microscope, via the digital camera, with a 
custom-written LabView code. The axial length of the vessel was increased so that the axial stretch (λ = L/z 

, 
where  is the loaded axial length, defined as the distance between the two sutures after stretching) was 10%, 20%, 
and 30% of the unloaded length. Vessels were held at each axial stretch for 5 minutes and contraction data col-
lected during this time were recorded and analyzed. Based on our preliminary experiments and to prevent dam-
age and plastic deformation that may occur during supra-physiological loading and would alter the unloaded 
length, diameter, and the overall response of subsequent cycles, we limited our experiments to a single pressure of 
2 mmHg.

Figure 2. A schematic diagram of ex-vivo measurement of axial stretch using ex vivo setup. The vessel was 
pressurized using a syringe pump at ~0.5 mmHg to determine the minimum length at which the vessel does not 
bend (unloaded length). Length was measured using a LabView program and axial stretch was determined with 
respect to unloaded length and actuators were used to change axial stretch. A custom-written LabView program 
was used to track contractions as a function of time. An image of a rat tail lymphatic vessel cannulated on glass 
micropipettes along with respective raw traces of contractions at different stretches are shown.

https://doi.org/10.1038/s41598-020-62799-x


4Scientific RepoRtS |         (2020) 10:5918  | https://doi.org/10.1038/s41598-020-62799-x

www.nature.com/scientificreportswww.nature.com/scientificreports/

Ex vivo contractility metrics and statistics. A custom-written MATLAB (MathWorks) program was 
used to calculate end-systolic diameter (ESD), end-diastolic diameter (EDD), and contraction frequency (FREQ) 
based on the raw data obtained during experiments. From these raw measurements, contractile amplitude 
(AMP), ejection fraction (EF), and fractional pump flow (FPF) were calculated as:

= −Amplitude: (AMP) (EDD ESD) (1)

= −Ejection fraction: (EF) [EDD ESD ]/EDD (2)2 2 2

= ×Fractional pump flow: (FPF) EF FREQ (3)

confocal microscopy for collagen organization. Multiphoton confocal images of unfixed rat tail col-
lecting lymphatic vessels, loaded with a transmural pressure (p = 2 or 8 mmHg) and zλ  = 10% on our custom 
mechanical testing device, were acquired using a Zeiss LSM 710 system with 40×/1.3 and Plan-Apochromat 
63×/1.4 oil-immersion objectives. The second harmonic generation (SHG) of collagen fibers were obtained under 
800 nm excitation wavelength. To compare differences in collagen organization, image stacks were collected in the 
valvular and tubular regions; the tubular region was defined as 100 µm distance from the valve. Note that a typical 
rat tail is 3.3 mm37. The image z-stacks were imported in ZEN lite (Zeiss, Inc.) software to obtain 3D reconstruc-
tions. Quantitative parameters, including fiber angle and fiber straightness, were obtained using CT_FIRE soft-
ware (downloaded at https://loci.wisc.edu/software/ctfire) that automatically extracts individual fibers by 
applying the curvelet denoising filter followed by an automated fiber extraction method38,39. CT_Fire uses a 
two-step approach i) a curvelet filter is applied to denoise the image and enhance fibers edges ii) a fiber tracking 
algorithm (FIRE) detects fiber boundaries and center points and calculates length of fiber, angle and straightness. 
Straightness ranges from 0 to 1 and is defined as the linear length of the fiber divided by the distance along the 
fiber.

Whole-mount immunofluorescence staining for LMC organization. Rat tail lymphatic vessels were 
isolated and fixed, unloaded, for two hours in 4% PFA at room temperature. After fixing, the vessel was washed 
three times with PBS and blocked with 5% goat serum in PBS and 0.5% Triton X-100 for 1–2 hours, followed by 
addition of the primary antibody (1:100; α-SMA Sigma) and incubation for 48 hours overnight at 4 °C (primary 
antibody was replaced with fresh antibody after 24 hours). After washing in PBSTx (0.3% Triton X-100 in PBS) 
three times, the sample was incubated with the secondary antibody at room temperature for 2 hours (1:1000, 
Alexa Fluor® 488, goat anti-mouse antibody). After finishing the staining, the vessel was washed in PBSTx three 
times and mounted in Prolong Gold for imaging. The orientation of the nuclei was obtained from DAPI staining 
and analyzing the respective images with CellProfiler software40.

Statistical analysis. Each experimental data point represents data from a unique animal. To determine 
statistical significance, a one-way ANOVA, with Bonferroni’s post-hoc correction, was used to make multiple 
comparisons. Prism 5 (GraphPad Software) was used to perform all statistical analyses, with p < 0.05 considered 
as statistically significant, and results were reported as means (±SEM).

Results
Rat tail lymphatic vessels are under axial stretch in situ and increased axial stretch reduces 
pumping function. The measured in situ axial stretch, λ = . ± .1 24 0 03in situ  (n = 5), demonstrates that rat 
tail lymphatic vessels are under significant axial stretch (Fig. 1). Representative diameter tracings illustrate the 
changes in the contractile response of rat tail collecting lymphatics under constant pressure, ex vivo, with sus-
tained changes in axial stretch (Fig. 2). Ex vivo experiments on the isolated vessels (n = 6) showed that the ampli-
tude of contractions decreased as the stretch increased, with significant reduction (50 µm equal to ~90% 
reduction) at 30% axial stretch, compared to 10% stretch (Fig. 3). Similar trends were observed for the frequency, 
which decreased from 15 min−1 to <5 min−1 (~80% reduction), the ejection fraction, which decreased from 46% 
to 9% (~80% reduction), and the fractional pump flow, which decreased from 6.8 min−1 to 0.58 min−1 (~92% 
reduction) from 10% to 30% stretch. Notably, these metrics of contractions changed significantly between 20% 
and 30% contraction, which represents the range of axial stretches measured in situ. Taken together, end systolic 
diameter, end diastolic diameter, frequency, contractile amplitude, ejection fraction, and fractional pump flow all 
decreased with increasing axial stretch, predominantly from 10% and 20% to 30% stretch, demonstrating that 
contractile function of rat tail collecting lymphatic vessels are sensitive to changes in axial stretch.

Collagen fibers are predominantly oriented in the axial direction. A typical 3-D reconstruction of a 
vessel, based on the z-stack of images, illustrates predominantly axially oriented collagen fibers, both in the tubu-
lar region and valvular region of the rat tail collecting lymphatics (Fig. 4). The CT_FIRE code analysis of collagen 
fibers in the tubular region showed that the probability distribution for fiber angle (n=5) was maximum in the 
axial direction (defined as 0°) and the minimum of probability distribution occurred at ~±75°. Further, imaging 
of collagen fiber orientation at high pressure (p ≅ 8 mmHg), compared to those at lower pressure (p ≅ 2 mmHg) in 
tubular regions, revealed that an increase of pressure does not change the peak fiber angle of collagen, which was 
in the axial direction; however, the circumferential fiber angle increased (<5%) and fiber straightness increased 
suggesting a small percentage of collagen fibers are recruited at high pressures. At physiological pressure, the 
distribution was normal with a maximum near the axial direction (~70% of fibers, −30 < α < 30).

https://doi.org/10.1038/s41598-020-62799-x
https://loci.wisc.edu/software/ctfire


5Scientific RepoRtS |         (2020) 10:5918  | https://doi.org/10.1038/s41598-020-62799-x

www.nature.com/scientificreportswww.nature.com/scientificreports/

LMcs are oriented in both the circumferential and axial directions. Whole mount α-SMA and 
DAPI staining revealed a dense single layer of LMCs; occasionally, a second layer of LMC’s was observed (Figs. 5 
and 6). Both DAPI and actin images illustrate that LMC bundles in the tubular region were predominantly ori-
ented in the circumferential direction, with a second, smaller, more sporadic subset of LMC bundles oriented in 
the axial direction. In contrast, LMCs in the valvular region were more randomly organized, with thick bundles of 
LMCs primarily in the longitudinal direction. The analysis of nuclei orientation (n = 5) confirmed that most cells, 
as well as collagen fibers in the valvular region, were aligned in the axial direction, whereas the tubular region’s 
nuclei distributions were circumferential and axial. Taken together, the local maximum of nuclei and actin fiber 
orientations occurred in both axial and circumferential directions (Figs. 5 and 6), but collagen fibers were pre-
dominantly oriented in the axial direction (Fig. 4).

Discussion
This study shows that rat tail collecting lymphatic vessels are under both circumferential and axial loading, under 
physiological conditions, and that changes in axial stretch have a significant effect on the contractile pumping 
function of lymphatics. These results suggest that axial stretch may play an important role in regulating lymph 
transport and changes in axial strains could be an important factor in disease progression. Further, these results 
reveal an important consideration that lymphatic experimentalist must consider when quantifying lymphatic 
contractile function; namely, consistency in axial strain is important when comparing results across experiments 
and across research groups.

Axial loading likely varies over the pumping cycle. Simple mechanical analysis shows that over a typ-
ical pumping cycle, the axial stress and stretch in the lymphatic wall may change significantly. Static equilibrium 
of two adjacent lymphangions (Fig. 7) requires that
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Figure 3. Effect of axial stretch on contractile function of lymphatic vessels. The contractile parameters were 
plotted as a function of the axial stretch (n = 6), including amplitude of contractions (AMP; Panel A), frequency 
of contractions (FREQ; Panel B), ejection fraction (EF; Panel C), and fractional pump flow (FPF; Panel D). 
The pressure was set to 2 mmHg for all experiments. All data are presented as mean (±SE) and statistical 
significance was tested via ANOVA and Bonferroni post-hoc tests (*p < 0.05, **p < 0.005).
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which says that, for a difference in transmural pressure −P P( )L L2 1 across the valve between two lymphangions, 
the axial stress (and stretch) will be greater in the lymphangion under higher pressure and lower in the lymphang-
ion under lower pressure, due to the differential pressure P P( )L L2 1− applied across the closed valve. This differ-
ential pressure increases the stretch in L2 and decreases the stretch in L1. This analysis suggests that throughout 
the pumping cycle there is likely significant relative changes in axial stress (Tzz

L1 versus Tzz
L2) that arises due to 

transvalvular pressure differences caused by the combination of contraction and the opening and closing of 
valves. Of course, throughout pumping, as the vessel contracts and dilates, the cross-sectional areas of the lumen 
and wall also change differently in time between the two lymphangions, which in turn alter the axial stress and 
stretch of each lymphangion. Further, the lymphangions that are proximal and distal to L1 and L2 also affect Tzz

L1 
and Tzz

L2. We have observed significant axial motion of isolated lymphangions, in both in situ and ex vivo settings 
over the pumping cycle, supporting these analyses (data not shown).

Figure 4. Collagen fiber organization within the wall of a pressurized, unfixed rat tail lymphatic vessel in 
tubular and valvular regions including reconstruction of SHG imaging of collagen fibers along with dorsal view 
ventral views (Panel A), the z-stack images obtained from SHG imaging of collagen fibers and respective fiber 
extractions using CT-FIRE algorithm (Panel B), distribution of collagen fiber angles (Panel C), distribution of 
collagen fiber straightness within the vessel wall for low (~2 mmHg) and high (~8 mmHg) pressure scenarios 
(Panel D), and the average distribution of collagen fibers (n = 5) plotted as the mean value along with the 
standard deviation (Panel E, the width of each bin is 20° and values of x-axis indicate the center of each bin). The 
vessels were excised from the base of the tail and mounted on glass pipettes in a custom-made vessel chamber 
compatible with the microscope. The vessels were unfixed, the pressure was ~2 mmHg, and the axial stretch was 
~10%. The axial direction corresponds to 0° and the circumferential direction corresponds to ±90°.
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We observed that the stretch that yields the maximum contractile response is below the measured in situ axial 
stretch. It should first be noted that the in situ axial stretch and the ex vivo axial stretch may not be directly com-
parable measurements; e.g., the ex vivo measurements were made after mechanical preconditioning and isolation 
in a bathing solution of PSS, whereas the in situ measurements were made while the vessel was under in vivo load-
ing, with lymph fluid in the lumen, but bathed in PSS, without any mechanical preconditioning. Methodological 
differences aside, given that the axial stretch likely changes throughout the pumping cycle, the observation that 
maximum pumping efficiency occurs at stretches below the mean in situ stretch may suggest that these cyclic 
changes in axial stretch could play a role in regulating and even orchestrating timing of contractions; e.g., as the 
axial stretch in a lymphangion decreases over the pumping cycle, perhaps this triggers that lymphangion to ini-
tiate contraction. Similarly, as the axial stretch increases over the pumping cycle, perhaps this triggers the LMCs 
to relax.

Equation (4) states that, for equivalent radii in L1 and of L2 (and thus, λ λ=θ θ
L L1 2), the axial stretches in each 

lymphangion, z
L1λ  and λz

L2, are governed by the constitutive relation (e.g., strain-energy function) that relates 
stress to strain (or stretch) for the vessel wall. For a stiffer material, the differences in axial stretch (λz

L1 versus 
z
L2λ ),for a given geometry and given difference in pressure will be smaller, compared to that of a more compliant 

vessel. Anisotropy, too, will play an important role in controlling differences in the circumferential and axial stiff-
nesses. Therefore, it is important to quantify the biaxial mechanical behavior of lymphatics and the microstruc-
tural content and organization to quantify material behavior and anisotropy; see Caulk et al.33.

Collagen fibers are orientated primarily in the axial direction, suggesting material anisotropy 
and increased stiffness in the axial direction. Collagen fibers play a key role in structural support and 

Figure 5. Lymphatic smooth muscle coverage and fiber organization in collecting lymphatic vessel from rat 
tails. A representative image (z-stack) staining for smooth muscle actin (α-SMA; Panel A), nuclear staining 
(DAPI; Panel B), and merged SMA and DAPI (Panel C) for valvular and tubular regions of a lymphatic vessel 
from rat tails. The 3D reconstruction of actin fibers of LMCs with nuclear staining (DAPI and SMA; Panel D) 
and with collagen fibers were obtained from SHG imaging (collagen and SMA; Panel E). The vessel was fixed 
and placed on a glass slide for imaging. The images were taken from the same vessel and the imaging window 
dimensions and depth were ~300 µm × 300 µm and ~10 µm respectively. The images from different locations 
were stitched together to obtain an image of the vessel (Panel F).

https://doi.org/10.1038/s41598-020-62799-x
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mechanics of lymphatic vessels. The mechanical properties of a load bearing tissues depend on the anisotropic 
architecture of collagen fibers, with the predominant collagen fiber direction correlating to increased stiffness in 
that direction. The current observation suggest that the predominant axial orientation of collagen fibers provide 
structural support for axial loads due to in vivo axial stretch, perhaps serving to regulate change in axial stretch 
throughout the pumping cycle. Collagen organization and fiber recruitment are important factors that not only 
determine the passive function but also influence the contractile function of lymphatic vessels. Recent multipho-
ton imaging of collagen fibers within the wall of the pelvic lymphatic vessel has shown that the fibers are predom-
inately oriented in the axial direction41. Similar results were found for the bovine42 and rat lymphatics, although 

Figure 6. Histograms of nuclei obtained for tubular and valvular regions (n = 5) from DAPI staining 
represented in Fig. 5. The axial direction corresponds to 0° and the circumferential direction corresponds to 
±90°.

Figure 7. Illustrative schematic of two adjacent lymphangions, separated by a one-way valve. The trans-valvular 
pressure (e.g., −P PL L2 1) will lead to differences in the Cauchy stress in the wall. Differences in the axial 
component of the Cauchy stress requires differences (e.g., −T T )zz

L
zz
L2 1  necessitate differences in the axial 

stretches (λz
L1 versus z

L2λ ). This simple mechanical analysis suggests that axial stretch in a lymphangion will 
change over the pumping cycle, as valves open and close and lymphangions contract differentially in time.
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there are some variations33. Data on lymphatic vessel biaxial mechanics and compositions are limited to a few 
measurements from rat thoracic duct, rat mesentery, and human pelvis33,41,43. Observations from rat thoracic duct 
have shown the non-linear response and vessel stiffening occurs in response to both axial stretch and circumfer-
ential stretch33. It is believed that collagen, elastin, and LMCs are the main structurally-significant components 
that constitute the mechanical behavior of lymphatic vessels33,41–43.

Axially-oriented LMcs may contribute to axial-oriented contractions and changes in axial 
stretch. Another way that axial stretch may change over the pumping cycle is through the direct contraction 
of LMC’s oriented in the axial direction. Ohtani and Ohtani, report α-SMA positive cells in rat diaphragm run 
longitudinally between intraluminal valves, but circumferentially in the valve regions44. In guinea pig mesenteric 
lymphatics, von der Weid showed that some LMCs are longitudinally orientated while others are orientated at 
approximately a 45° angle45. An investigation of lymphatic vessels in the diaphragm, Moriondo et al. suggest that 
active vessels showing rhythmic contractions have a dense mesh of actin fibers, but non-contracting vessels have 
longitudinal actin fibers46. F-actin staining in human thoracic ducts has suggested that non-contracting thoracic 
vessels have an irregular organization of lymphatic LMCs and muscle bundles are heterogeneously oriented in 
the circular, oblique, and longitudinal directions47. Micrograph observation in monkeys has revealed cervical 
sections of the thoracic duct are less muscular compared to the abdominal and thoracic sections, suggesting the 
passive function of the cervical part48. In the current study, immunostaining and imaging of fibers revealed that 
the orientation of lymphatic LMCs is heterogeneous. In the tubular region, most fibers have circular orientation, 
with a subset of longitudinally-oriented LMCs. In the valvular region, actin fibers were predominantly in the axial 
orientation.

One limitation of this study is the fact that ex vivo and in situ axial stretch measurements are not quite com-
parable. To determine in vivo stretch, vessels were cleaned in situ and then stretch was quantified as described 
in the Methods section. In contrast, to determine ex vivo stretch, vessels were dissected, cleaned first, and sub-
sequently mounted in a vessel chamber. Once preconditioned in temperature-controlled conditions, the stretch 
was calculated with respect to unloaded length. Further, the goal of ex vivo experiments was to study the effect of 
axial stretch on the contractions in a pressure-controlled condition. while lymphatics are mechanically supported 
by the surrounding perivascular tissue in vivo, ex vivo testing requires lymphatic vessels to be isolated from this 
perivascular support. While ex vivo experiments have the benefit of ‘isolating’ the observed mechanical response 
to the tissue of interest alone, thereby removing other confounding factors that may arise due to the perivascular 
tissue, the disadvantage is that the applied loading, ex vivo, does not simulate the exact in vivo loading condition 
delivered from the perivascular tissue.

Another limitation of this study is that we did not measure changes in axial force with changes in axial stretch. 
Our group has previously measured the axial force of lymphatic vessels during passive mechanical testing33. The 
passive axial forces under physiological pressure and axial stretch are very small (~0.1 mN) and differences in 
axial force due to contractions is, perhaps, an order of magnitude lower than the passive axial force. While it is 
possible to resolve such differences over acute mechanical testing (over a few minutes) with our experimental 
device, over longer experiments of 20–30 minutes, even the highest resolution load cells experience a drift on the 
order of 10th’s or 100th’s of mN’s. Therefore, we could not, with confidence, report nominal values for measured 
changes in axial force versus changes in contractile function.

In closure, this work shows that the contractile function of rat tail collecting lymphatics are sensitive to 
changes in axial stretch. The microstructural organization of these lymphatics show that collagen fibers are 
aligned predominantly in the axial direction and a subset of LMCs are also axially-aligned, both of which may 
serve as a conduit for this mechanical signal (axial stretch) to be transduced to a biological response (altered 
contractility). These findings highlight the important role of axial loading in lymphatic pumping function, which 
may play a role in lymphatic disease.

Received: 22 April 2019; Accepted: 19 March 2020;
Published: xx xx xxxx

References
 1. Eisenhoffer, J., Kagal, A., Klein, T. & Johnston, M. G. Importance of valves and lymphangion contractions in determining pressure 

gradients in isolated lymphatics exposed to elevations in outflow pressure. Microvasc. Res. 49, 97–110, https://doi.org/10.1006/
mvre.1995.1008 (1995).

 2. Gashev, A. A. & Zawieja, D. C. Physiology of human lymphatic contractility: A historical perspective. Lymphology 34, 124–134 
(2001).

 3. Zawieja, D. C. Contractile physiology of lymphatics. Lymphatic research and biology 7, 87–96, https://doi.org/10.1089/lrb.2009.0007 
(2009).

 4. Zhang, R.-Z., Gashev, A. A., Zawieja, D. C. & Davis, M. J. Length-tension relationships of small arteries, veins, and lymphatics from 
the rat mesenteric microcirculation. Am. J. Physiol.: Heart Circ Physiol 292, H1943–H1952, https://doi.org/10.1152/
ajpheart.01000.2005 (2007).

 5. Mizuno, R., Dörnyei, G., Koller, A. & Kaley, G. Myogenic Responses of Isolated Lymphatics: Modulation by Endothelium. 
Microcirculation (New York, N.Y.: 1994) 4, 413–420 (2009).

 6. von der Weid, P.-Y. & Zawieja, D. C. Lymphatic smooth muscle: the motor unit of lymph drainage. The international journal of 
biochemistry &amp; cell biology 36, 1147–1153, https://doi.org/10.1016/j.biocel.2003.12.008 (2004).

 7. Chakraborty, S., Davis, M. J. & Muthuchamy, M. Emerging trends in the pathophysiology of lymphatic contractile function. 
Seminars in cell &amp; developmental biology 38, 55–66, https://doi.org/10.1016/j.semcdb.2015.01.005 (2015).

 8. Hayashi, A., Johnston, M. G., Nelson, W., Hamilton, S. & McHale, N. G. Increased intrinsic pumping of intestinal lymphatics 
following hemorrhage in anesthetized sheep. Circ. Res. 60, 265–272, https://doi.org/10.1161/01.res.60.2.265 (1987).

 9. Boulanger, B. R., Lloyd, S. J., Walker, M. & Johnston, M. G. Intrinsic pumping of mesenteric lymphatics is increased after hemorrhage 
in awake sheep. Circ. Shock 43, 95–101 (1994).

https://doi.org/10.1038/s41598-020-62799-x
https://doi.org/10.1006/mvre.1995.1008
https://doi.org/10.1006/mvre.1995.1008
https://doi.org/10.1089/lrb.2009.0007
https://doi.org/10.1152/ajpheart.01000.2005
https://doi.org/10.1152/ajpheart.01000.2005
https://doi.org/10.1016/j.biocel.2003.12.008
https://doi.org/10.1016/j.semcdb.2015.01.005
https://doi.org/10.1161/01.res.60.2.265


1 0Scientific RepoRtS |         (2020) 10:5918  | https://doi.org/10.1038/s41598-020-62799-x

www.nature.com/scientificreportswww.nature.com/scientificreports/

 10. Rahbar, E., Akl, T., Coté, G. L., Moore, J. E. & Zawieja, D. C. Lymph transport in rat mesenteric lymphatics experiencing edemagenic 
stress. Microcirculation (New York, N.Y.: 1994) 21, 359–367, https://doi.org/10.1111/micc.12112 (2014).

 11. Davis, M. J. et al. Intrinsic increase in lymphangion muscle contractility in response to elevated afterload. Am. J. Physiol.: Heart Circ 
Physiol 303, H795–808, https://doi.org/10.1152/ajpheart.01097.2011 (2012).

 12. Dongaonkar, R. M. et al. Adaptation of mesenteric lymphatic vessels to prolonged changes in transmural pressure. Am. J. Physiol.: 
Heart Circ Physiol 305, H203–210, https://doi.org/10.1152/ajpheart.00677.2012 (2013).

 13. Shirasawa, Y. & Benoit, J. N. Stretch-induced calcium sensitization of rat lymphatic smooth muscle. Am. J. Physiol.: Heart Circ 
Physiol 285, H2573–2577, https://doi.org/10.1152/ajpheart.00002.2003 (2003).

 14. Davis, M. J., Davis, A. M., Ku, C. W. & Gashev, A. A. Myogenic constriction and dilation of isolated lymphatic vessels. Am. J. Physiol.: 
Heart Circ Physiol 296, H293–302, https://doi.org/10.1152/ajpheart.01040.2008 (2009).

 15. von der Weid, P.-Y., Lee, S., Imtiaz, M. S., Zawieja, D. C. & Davis, M. J. Electrophysiological properties of rat mesenteric lymphatic 
vessels and their regulation by stretch. Lymphatic research and biology 12, 66–75, https://doi.org/10.1089/lrb.2013.0045 (2014).

 16. Telinius, N. et al. Spontaneous and Evoked Contractility of Human Intestinal Lymphatic Vessels. Lymphatic research and biology 15, 
17–22, https://doi.org/10.1089/lrb.2016.0039 (2017).

 17. Gashev, A. A. Lymphatic vessels: pressure- and flow-dependent regulatory reactions. Ann. N. Y. Acad. Sci. 1131, 100–109, https://
doi.org/10.1196/annals.1413.009 (2008).

 18. Dongaonkar, R. M. et al. Venomotion modulates lymphatic pumping in the bat wing. Am. J. Physiol.: Heart Circ Physiol 296, 
H2015–2021, https://doi.org/10.1152/ajpheart.00418.2008 (2009).

 19. Hargens, A. R. & Zweifach, B. W. Contractile stimuli in collecting lymph vessels. The American journal of physiology 233, H57–65, 
https://doi.org/10.1152/ajpheart.1977.233.1.H57 (1977).

 20. McHale, N. G. & Roddie, I. C. The effect of transmural pressure on pumping activity in isolated bovine lymphatic vessels. The Journal 
of physiology 261, 255–269, https://doi.org/10.1113/jphysiol.1976.sp011557 (1976).

 21. Gashev, A. A., Davis, M. J., Delp, M. D. & Zawieja, D. C. Regional variations of contractile activity in isolated rat lymphatics. 
Microcirculation (New York, N.Y.: 1994) 11, 477–492, https://doi.org/10.1080/10739680490476033 (2004).

 22. Muthuchamy, M. & Zawieja, D. Molecular regulation of lymphatic contractility. Ann. N. Y. Acad. Sci. 1131, 89–99, https://doi.
org/10.1196/annals.1413.008 (2008).

 23. Davis, M. J., Davis, A. M., Lane, M. M., Ku, C. W. & Gashev, A. A. Rate-sensitive contractile responses of lymphatic vessels to 
circumferential stretch. The Journal of physiology 587, 165–182, https://doi.org/10.1113/jphysiol.2008.162438 (2009).

 24. Gashev, A. A., Zhang, R.-Z., Muthuchamy, M., Zawieja, D. C. & Davis, M. J. Regional heterogeneity of length-tension relationships 
in rat lymph vessels. Lymphatic research and biology 10, 14–19, https://doi.org/10.1089/lrb.2011.0013 (2012).

 25. Ferguson, M. K., Williams, U., Leff, A. R. & Mitchell, R. W. Length-tension characteristics of bovine tracheobronchial lymphatic 
smooth muscle. Lymphology 26, 19–24 (1993).

 26. McHale, N. G. & Allen, J. M. The effect of external Ca2+ concentration on the contractility of bovine mesenteric lymphatics. 
Microvasc. Res. 26, 182–192, https://doi.org/10.1016/0026-2862(83)90069-9 (1983).

 27. Souza-Smith, F. M., Kurtz, K. M., Molina, P. E. & Breslin, J. W. Adaptation of mesenteric collecting lymphatic pump function 
fol lowing acute alcohol intoxication.  Microcirculation (New York,  N.Y. :  1994)  17 ,  514–524,  https://doi.
org/10.1111/j.1549-8719.2010.00050.x (2010).

 28. Telinius, N. et al. Voltage-gated sodium channels contribute to action potentials and spontaneous contractility in isolated human 
lymphatic vessels. The Journal of physiology 593, 3109–3122, https://doi.org/10.1113/JP270166 (2015).

 29. Lee, S., Roizes, S. & von der Weid, P.-Y. Distinct roles of L- and T-type voltage-dependent Ca2+ channels in regulation of lymphatic 
vessel contractile activity. The Journal of physiology 592, 5409–5427, https://doi.org/10.1113/jphysiol.2014.280347 (2014).

 30. Atchison, D. J. & Johnston, M. G. Role of extra- and intracellular Ca2+ in the lymphatic myogenic response. The American journal 
of physiology 272, R326–333, https://doi.org/10.1152/ajpregu.1997.272.1.R326 (1997).

 31. Abu-Hijleh, M. F., Habbal, O. A. & Moqattash, S. T. The role of the diaphragm in lymphatic absorption from the peritoneal cavity. J. 
Anat. 186(Pt 3), 453–467, https://doi.org/10.1111/(ISSN)1469-7580 (1995).

 32. Negrini, D. & Moriondo, A. Pleural function and lymphatics. Acta physiologica (Oxford, England) 207, 244–259, https://doi.
org/10.1111/apha.12016 (2013).

 33. Caulk, A. W., Nepiyushchikh, Z. V., Shaw, R., Dixon, J. B. & Gleason, R. L. Quantification of the passive and active biaxial mechanical 
behaviour and microstructural organization of rat thoracic ducts. J. R. Soc. Interface 12, https://doi.org/10.1098/rsif.2015.0280 (2015).

 34. Gleason, R. L., Gray, S. P., Wilson, E. & Humphrey, J. D. A multiaxial computer-controlled organ culture and biomechanical device 
for mouse carotid arteries. J. Biomech. Eng. 126, 787–795 (2004).

 35. Wan, W. & Gleason, R. L. Biomechanical and microstructural properties of common carotid arteries from fibulin-5 null mice. Ann. 
Biomed. Eng. 38, 3605–3617, https://doi.org/10.1007/s10439-010-0114-3 (2010).

 36. Gashev, A. A. et al. Methods for lymphatic vessel culture and gene transfection. Microcirculation (New York, N.Y.: 1994) 16, 615–628, 
https://doi.org/10.1080/10739680903120778 (2009).

 37. Razavi, M., Nelson, T. S., Nepiyushchikh, Z., Gleason, R. L. & Dixon, J. B. The relationship between lymphangion chain length and 
maximum pressure generation established through in vivo imaging and computational modeling. Am. J. Physiol.: Heart Circ Physiol, 
ajpheart.00003.02017, https://doi.org/10.1152/ajpheart.00003.2017 (2017).

 38. Bredfeldt, J. S. et al. Computational segmentation of collagen fibers from second-harmonic generation images of breast cancer. 
Journal of Biomedical Optics 19, 16007, https://doi.org/10.1117/1.JBO.19.1.016007 (2014).

 39. Zhou, Z.-H. et al. Reorganized Collagen in the Tumor Microenvironment of Gastric Cancer and Its Association with Prognosis. 
Journal of Cancer 8, 1466–1476, https://doi.org/10.7150/jca.18466 (2017).

 40. Carpenter, A. E. et al. CellProfiler: image analysis software for identifying and quantifying cell phenotypes. Genome biology 7, 
R100–111, https://doi.org/10.1186/gb-2006-7-10-r100 (2006).

 41. Athanasiou, D. et al. The passive biomechanics of human pelvic collecting lymphatic vessels. PloS one 12, e0183222, https://doi.
org/10.1371/journal.pone.0183222 (2017).

 42. Arkill, K. P., Moger, J. & Winlove, C. P. The structure and mechanical properties of collecting lymphatic vessels: an investigation 
using multimodal nonlinear microscopy. J. Anat. 216, 547–555, https://doi.org/10.1111/j.1469-7580.2010.01215.x (2010).

 43. Rahbar, E. et al. Passive pressure-diameter relationship and structural composition of rat mesenteric lymphangions. Lymphatic 
research and biology 10, 152–163, https://doi.org/10.1089/lrb.2011.0015 (2012).

 44. Ohtani, Y. & Ohtani, O. Postnatal development of lymphatic vessels and their smooth muscle cells in the rat diaphragm: a confocal 
microscopic study. Arch. Histol. Cytol. 64, 513–522, https://doi.org/10.1679/aohc.64.513 (2001).

 45. von der Weid, P. Y. Review article: lymphatic vessel pumping and inflammation–the role of spontaneous constrictions and 
underlying electrical pacemaker potentials. Alimentary pharmacology &amp; therapeutics 15, 1115–1129, https://doi.
org/10.1046/j.1365-2036.2001.01037.x (2001).

 46. Moriondo, A., Solari, E., Marcozzi, C. & Negrini, D. Spontaneous activity in peripheral diaphragmatic lymphatic loops. Am. J. 
Physiol.: Heart Circ Physiol 305, H987–995, https://doi.org/10.1152/ajpheart.00418.2013 (2013).

 47. Telinius, N. et al. Human thoracic duct in vitro: diameter-tension properties, spontaneous and evoked contractile activity. Am. J. 
Physiol.: Heart Circ Physiol 299, H811–818, https://doi.org/10.1152/ajpheart.01089.2009 (2010).

 48. Lee, S. H., Wen, H. J. & Shen, C. L. Ultrastructure of the monkey thoracic duct and the cisterna chyli. J. Anat. 182(Pt 2), 205–212, 
https://doi.org/10.1111/(ISSN)1469-7580 (1993).

https://doi.org/10.1038/s41598-020-62799-x
https://doi.org/10.1111/micc.12112
https://doi.org/10.1152/ajpheart.01097.2011
https://doi.org/10.1152/ajpheart.00677.2012
https://doi.org/10.1152/ajpheart.00002.2003
https://doi.org/10.1152/ajpheart.01040.2008
https://doi.org/10.1089/lrb.2013.0045
https://doi.org/10.1089/lrb.2016.0039
https://doi.org/10.1196/annals.1413.009
https://doi.org/10.1196/annals.1413.009
https://doi.org/10.1152/ajpheart.00418.2008
https://doi.org/10.1152/ajpheart.1977.233.1.H57
https://doi.org/10.1113/jphysiol.1976.sp011557
https://doi.org/10.1080/10739680490476033
https://doi.org/10.1196/annals.1413.008
https://doi.org/10.1196/annals.1413.008
https://doi.org/10.1113/jphysiol.2008.162438
https://doi.org/10.1089/lrb.2011.0013
https://doi.org/10.1016/0026-2862(83)90069-9
https://doi.org/10.1111/j.1549-8719.2010.00050.x
https://doi.org/10.1111/j.1549-8719.2010.00050.x
https://doi.org/10.1113/JP270166
https://doi.org/10.1113/jphysiol.2014.280347
https://doi.org/10.1152/ajpregu.1997.272.1.R326
https://doi.org/10.1111/(ISSN)1469-7580
https://doi.org/10.1111/apha.12016
https://doi.org/10.1111/apha.12016
https://doi.org/10.1098/rsif.2015.0280
https://doi.org/10.1007/s10439-010-0114-3
https://doi.org/10.1080/10739680903120778
https://doi.org/10.1152/ajpheart.00003.2017
https://doi.org/10.1117/1.JBO.19.1.016007
https://doi.org/10.7150/jca.18466
https://doi.org/10.1186/gb-2006-7-10-r100
https://doi.org/10.1371/journal.pone.0183222
https://doi.org/10.1371/journal.pone.0183222
https://doi.org/10.1111/j.1469-7580.2010.01215.x
https://doi.org/10.1089/lrb.2011.0015
https://doi.org/10.1679/aohc.64.513
https://doi.org/10.1046/j.1365-2036.2001.01037.x
https://doi.org/10.1046/j.1365-2036.2001.01037.x
https://doi.org/10.1152/ajpheart.00418.2013
https://doi.org/10.1152/ajpheart.01089.2009
https://doi.org/10.1111/(ISSN)1469-7580


1 1Scientific RepoRtS |         (2020) 10:5918  | https://doi.org/10.1038/s41598-020-62799-x

www.nature.com/scientificreportswww.nature.com/scientificreports/

Acknowledgements
We gratefully acknowledge that this work was funded in part by a grant from the American Heart Association 
(17PRE33670828), the National Science Foundation (CMMI 1535133) and the National Institutes of Health 
(R01-HL113061).

Author contributions
M.S.R., J.B.D. and R.L.G. led the experimental design. M.S.R. led the performance of all experiments and data 
analysis. J.L.D. and B.H. assisted in performing experiments and in data analysis. M.S.R. drafted the main 
manuscript and figures and all authors reviewed and edited the manuscript.

competing interests
The authors declare no competing interests.

Additional information
Correspondence and requests for materials should be addressed to R.L.G.Jr.
Reprints and permissions information is available at www.nature.com/reprints.
Publisher’s note Springer Nature remains neutral with regard to jurisdictional claims in published maps and 
institutional affiliations.

Open Access This article is licensed under a Creative Commons Attribution 4.0 International 
License, which permits use, sharing, adaptation, distribution and reproduction in any medium or 

format, as long as you give appropriate credit to the original author(s) and the source, provide a link to the Cre-
ative Commons license, and indicate if changes were made. The images or other third party material in this 
article are included in the article’s Creative Commons license, unless indicated otherwise in a credit line to the 
material. If material is not included in the article’s Creative Commons license and your intended use is not per-
mitted by statutory regulation or exceeds the permitted use, you will need to obtain permission directly from the 
copyright holder. To view a copy of this license, visit http://creativecommons.org/licenses/by/4.0/.
 
© The Author(s) 2020

https://doi.org/10.1038/s41598-020-62799-x
http://www.nature.com/reprints
http://creativecommons.org/licenses/by/4.0/

	Axial stretch regulates rat tail collecting lymphatic vessel contractions
	Methods
	Animal model and vessel isolation procedure. 
	Quantification of in situ axial stretch. 
	Ex vivo experimental setup, protocol, and data acquisition. 
	Ex vivo contractility metrics and statistics. 
	Confocal microscopy for collagen organization. 
	Whole-mount immunofluorescence staining for LMC organization. 
	Statistical analysis. 

	Results
	Rat tail lymphatic vessels are under axial stretch in situ and increased axial stretch reduces pumping function. 
	Collagen fibers are predominantly oriented in the axial direction. 
	LMCs are oriented in both the circumferential and axial directions. 

	Discussion
	Axial loading likely varies over the pumping cycle. 
	Collagen fibers are orientated primarily in the axial direction, suggesting material anisotropy and increased stiffness in  ...
	Axially-oriented LMCs may contribute to axial-oriented contractions and changes in axial stretch. 

	Acknowledgements
	Figure 1 Two chains of lymphatic collectors run parallel in a rat tail (Panel A).
	Figure 2 A schematic diagram of ex-vivo measurement of axial stretch using ex vivo setup.
	Figure 3 Effect of axial stretch on contractile function of lymphatic vessels.
	Figure 4 Collagen fiber organization within the wall of a pressurized, unfixed rat tail lymphatic vessel in tubular and valvular regions including reconstruction of SHG imaging of collagen fibers along with dorsal view ventral views (Panel A), the z-stack
	Figure 5 Lymphatic smooth muscle coverage and fiber organization in collecting lymphatic vessel from rat tails.
	Figure 6 Histograms of nuclei obtained for tubular and valvular regions (n = 5) from DAPI staining represented in Fig.
	Figure 7 Illustrative schematic of two adjacent lymphangions, separated by a one-way valve.




