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Mn oxide formation by 
phototrophs: Spatial and temporal 
patterns, with evidence of an 
enzymatic superoxide-mediated 
pathway
Dominique L. chaput1,2*, Alexandré J. fowler1, onyou Seo1, Kelly Duhn3, colleen M. Hansel  4  
& cara M. Santelli1,3*

Manganese (Mn) oxide minerals influence the availability of organic carbon, nutrients and metals in 
the environment. oxidation of Mn(ii) to Mn(iii/iV) oxides is largely promoted by the direct and indirect 
activity of microorganisms. Studies of biogenic Mn(ii) oxidation have focused on bacteria and fungi, 
with phototrophic organisms (phototrophs) being generally overlooked. Here, we isolated phototrophs 
from Mn removal beds in pennsylvania, USA, including fourteen chlorophyta (green algae), three 
Bacillariophyta (diatoms) and one cyanobacterium, all of which consistently formed Mn(iii/iV) oxides. 
Isolates produced cell-specific oxides (coating some cells but not others), diffuse biofilm oxides, and 
internal diatom-specific Mn-rich nodules. Phototrophic Mn(II) oxidation had been previously attributed 
to abiotic oxidation mediated by photosynthesis-driven pH increases, but we found a decoupling of 
Mn oxide formation and pH alteration in several cases. Furthermore, cell-free filtrates of some isolates 
produced Mn oxides at specific time points, but this activity was not induced by Mn(II). Manganese 
oxide formation in cell-free filtrates occurred via reaction with the oxygen radical superoxide produced 
by soluble extracellular proteins. Given the known widespread ability of phototrophs to produce 
superoxide, the contribution of phototrophs to Mn(ii) oxidation in the environment may be greater and 
more nuanced than previously thought.

Manganese (Mn) oxide minerals are ubiquitous in soils and sediments. Due to their exceptional scavenging and 
redox capabilities, Mn oxides exert a disproportionately high influence on the availability and fate of organic 
carbon (e.g. lignin, humic acids), nutrients (e.g. phosphate) and metals (e.g. Pb, Zn, Co, Ni, As, Cr) in the envi-
ronment1–5. The formation of these minerals can occur via abiotic pathways in systems with elevated pH6, but in 
most natural environments, it is thought to be induced by the direct and/or indirect activity of Mn(II)-oxidising 
microorganisms3,7.

Due to the importance of Mn oxides in the environment, and given that dissolved Mn is a problematic pollut-
ant in many aquatic systems, notably in mining and other industrial drainage8–10, there is great interest in isolating 
Mn-oxidising microbes and elucidating the mechanisms involved. Most studies have focused on bacteria and 
fungi, generally assumed to be the main contributors to the oxidation of Mn(II) to Mn oxides3,7,11. For bacteria 
and ascomycete fungi, Mn(II) oxidation is not coupled to growth or energy conservation, and the physiological 
basis for Mn(II) oxidation remains elusive. In contrast, basidiomycete fungi oxidise Mn(II) to Mn(III), which 
then oxidises recalcitrant carbon such as lignin12,13. Several enzymatic pathways are involved in microbial Mn(II) 
oxidation, including multicopper oxidases used by some fungi and bacteria7,14–18, manganese peroxidase used 
by white-rot fungi12,19,20, and superoxide-mediated pathways employed by some bacteria21–23 and ascomycete 
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fungi24,25. Enzymatic pathways are often induced only under specific environmental conditions23 and during dis-
crete developmental phases18,24, and they can be triggered by microbe-microbe interactions26.

Regardless of the pathway or microbial catalyst, the oxidation of Mn(II) to Mn(IV) occurs via two independ-
ent one-electron transfer processes involving the formation of a Mn(III) intermediate14,22,27–31. Indeed, recent 
methodological advances have indicated that soluble Mn(III) complexes represent a dominant component of 
the dissolved Mn pool within oxic32–34, suboxic32,35,36, and anoxic32,37–40 systems. The Mn(III) ion is unstable 
and will undergo disproportionation, but dissolved organic carbon (DOC) can form Mn(III)-ligand complexes 
(Mn(III)-L) that stabilise Mn(III). Thus, the cycling and distribution of Mn is dependent upon the concentration 
and composition of DOC ligands. The reaction pathway from Mn(III) to Mn(IV) is less clear and may involve 
either disproportionation to Mn(II) and Mn(IV) or further oxidation to Mn oxides either through a second 
electron transfer reaction within the enzyme16 or by the same or secondary oxidant. Reaction between Mn(II) 
and superoxide leads to the formation of Mn(III) and hydrogen peroxide (H2O2), another ROS. In the absence 
of stabilising ligands, Mn(III) and H2O2 can rapidly back-react to (re)generate Mn(II), inhibiting the formation 
of Mn oxides41.

Phototrophs have largely been overlooked in studies of Mn(II)-oxidising organisms. Yet, the oxygen-evolving 
complex of photosystem II (PSII) contains four redox-active Mn atoms that cycle between oxidation states to 
accumulate oxidising capacity, linking the single-electron pigmented reaction centres to the four-electron oxida-
tion of two water molecules to O2

42,43. Drill cores through an early Paleoproterozoic succession (2.415 Ga) contain 
Mn enrichment that predates the rise of molecular oxygen, suggesting that the oxygen-evolving complex of PSII 
arose from an earlier photosystem that carried out single-electron oxidation of Mn and formed Mn oxide min-
erals rather than O2

43,44. Thus, Mn oxidation lies at the heart of photosynthesis; it is directly responsible for most 
of Earth’s primary productivity, and at least partially responsible for the increase in free O2 in the atmosphere42.

It has long been observed that phototrophs can precipitate Mn oxide minerals directly. Diatoms were con-
sidered the initiators of some Mn concretions as early as 193245, and in natural waters, a strong correlation was 
noted between natural phytoplankton blooms and increased amounts of particulate Mn46. Pure culture research 
confirmed Mn(II) oxidation by phototrophs47–51, though this process was primarily attributed to pH increases 
that occur when phototrophs consume dissolved CO2. Homogeneous abiotic Mn(II) oxidation by O2 to form 
Mn(IV) oxide minerals is not favoured under standard environmental conditions (pH < 8) due to a reactivity bar-
rier at the first electron transfer52. The reaction becomes favourable (albeit slow) around pH 8, accelerating above 
pH 9 and becoming autocatalytic above pH 10 (with 1 atm O2)52. Phototrophs can generate sufficiently high pH 
microenvironments for abiotic Mn(II) oxidation to proceed46, and some authors have proposed using the pres-
ence of Mn oxides around individual algal cells and aggregates as an indicator of high-pH microenvironments48.

The widespread assumption that phototrophs precipitate Mn oxides only indirectly via this 
photosynthesis-linked pH increase does not appear to have been challenged directly, beyond some experiments 
showing that pH buffering compounds, growing phototrophs in the dark, or adding the PSII inhibitor DCMU 
all inhibit Mn(II) oxidation47,48,53. However, some authors have noted that photosynthesis-linked pH-mediated 
oxidation does not fully explain their observations; for example, an alga isolated from acidic soil could form 
Mn oxides at pH 5.054, and in a Mn(II)-contaminated creek, only some diatoms became coated with Mn oxides, 
despite all diatoms presumably carrying out photosynthesis55,56. More recently, Mn(II) oxidation has been linked 
to extracellular superoxide production by several bacteria22,23 and fungi24,25. A wide range of phototrophic organ-
isms, including diatoms, cyanobacteria, and algae, produce extracellular superoxide for reasons that remain 
poorly understood57–63. Superoxide diffusion across the cell membrane is limited64 and thus extracellular levels 
originate from the univalent reduction of O2 by trans-membrane or outer-membrane associated enzymes65,66. 
Thus, it is possible that Mn(II) oxidation by some phototrophs may proceed via similar superoxide-mediated 
pathways.

Here, we undertook a culture study in a Mn-impacted environment that we previously characterised by 
culture-independent amplicon sequencing67 to (i) obtain phototrophic isolates tolerant of high Mn(II) concen-
trations, (ii) determine which, if any, of the phototrophs could oxidise Mn(II) to produce Mn oxides, and (iii) elu-
cidate whether observed Mn oxide formation was solely due to photosynthesis-driven pH increases, or whether 
there were other operative oxide formation pathways.

Results and Discussion
Diversity of Mn(ii)-oxidising phototrophs. We found that Mn oxide formation activity was widespread 
among phototrophs isolated from two manganese removal beds (MRBs) treating coal mine drainage in western 
Pennsylvania, De Sale Phases 1 and 2 (DS1 and DS2, respectively). Ninety-eight isolates were obtained from the 
enrichment flasks inoculated with algal mats or crushed Mn oxides (see Supplementary Information for detailed 
culturing conditions), and all showed some degree of Mn oxide formation, confirmed both by visible observation 
of brown/black particulates and by leucoberbelin blue (LBB), which turns a deep blue colour in the presence of 
Mn(III,IV) oxides68. It is possible that Mn(III)-ligand complexes were also formed (the reaction of LBB with 
Mn(III)-ligand complexes is more nuanced and depends largely on the nature of the ligand69), but these com-
plexes were not directly quantified. No growth or Mn oxide formation was observed after several months in the 
enrichment flasks inoculated with water samples, which suggests that the majority of culturable phototrophs in 
the MRBs are biofilm-forming rather than planktonic. The absence of Mn oxides in these water-inoculated flasks 
also shows that the culture media alone (including the buffer TRIS in MBL medium) do not oxidise Mn(II).

We selected eighteen isolates for further study, as they all consistently produced Mn oxides and covered a 
broad taxonomic range (Table 1). The selected isolates included one cyanobacterium, three diatoms (phylum 
Bacillariophyta), and fourteen green algae (phylum Chlorophyta) from two classes: Chlorophyceae (orders 
Sphaeropleales, Oedogoniales and Chlamydomonadales) and Trebouxiophyceae (order Chlorellales) (Table 1, 
Table S1). Isolate names beginning with ‘CM’, ‘MB’ and ‘WC’ were isolated and maintained in COMBO, MBL and 
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WC media, respectively, and for clarity, isolate names are followed by .gr, .cy or .di for green alga, cyanobacterium 
and diatom, respectively.

The filamentous cyanobacterial isolate MBx9-1.cy (the only cyanobacterium among the original 98 iso-
lates) was placed in the genus Pseudanabaena, which is common in aquatic and benthic environments70 but 
has no known Mn(II)-oxidising members. However, its class, Oscillatoriophycideae, contains two reported 
Mn(II)-oxidising members, Microcystis sp.47,48 and Oscillatoria sp.71, though the latter was not an axenic culture 
but rather the dominant member of a mixed microbial mat used for bioremediation of Mn-contaminated mine 
drainage. The 23S rRNA sequence from MBx9-1.cy was present in the environmental phototroph-specific ampli-
con pyrosequencing data previously obtained from DS267, but at low abundance, 0.06%, and it was not detected 
in sequence data from DS1, despite having been isolated from that MRB.

Numerous Mn(II)-oxidising diatoms were obtained from the enrichment flasks (35 of the initial 98 isolates), 
but only three were selected for further study, as the rest were extremely sensitive to antibiotics (making it diffi-
cult to obtain axenic cultures) and most stopped growing after several months, pointing to deficits in our culture 
conditions. The plastid 23S rRNA fragment of the diatom CM8-2.di most closely resembled Seminavis robusta, 
whereas diatom isolates CM12-4.di and MB7-4.di most closely resembled Nitzschia palea, at 100% similarity 
(Table S1). Plastid 23S rRNA is too conserved in diatoms to serve as a high-resolution barcode72, but an 18S 
rRNA sequence obtained from CM12-4.di also resembled Nitzschia palea, at 99.7% similarity. Of all the isolates, 
the diatoms were the most abundant in the phototroph amplicon sequencing data67, with CM8-2.di accounting 
for 2.5% of sequences from DS1 at 97% similarity and over 10% of sequences in both MRBs at 95% similarity 
(Table S1). SEM of sediments from MRBs in Pennsylvania (USA) showed freshwater diatoms in close proximity 
to Mn oxides73. Light microscopy of glass slides submerged in a Mn-contaminated creek in Arizona, USA55,56 
and in high-Mn water samples from Quadrilatero Ferrifero, Brazil74 showed Mn oxide accumulation on diatoms. 
A pure culture of the diatom Nitzschia sp. oxidised Mn(II), but only within aggregates and not on single cells48, 
leading those authors to conclude that high pH microenvironments resulting from photosynthesis were the sole 
mechanism of oxidation.

Of the fourteen green algal isolates, CM7-6.gr and CM12-5.gr belonged to the Chlorella clade (genera 
Micractinium and Chlorella, respectively), microalgae with worldwide distribution that are known to withstand 
environmental stress and are used in food and biofuel production75,76. Mn(II) oxidation has previously been 
reported by Chlorella isolates obtained from a freshwater lake47,48. Two isolates, CM8-1.gr and CM8-5.gr, were 
placed in the genus Scenedesmus, with a third isolate, CM12-1.gr, belonging to the parent family Scenedesmaceae 
(though it could not be classified further). Like Chlorella, the genus Scenedesmus shows worldwide distribution 
in all climates77. Pure Scenedesmus cultures from a freshwater lake and from a culture collection48,49 have shown 
Mn(II)-oxidising activity, as has a relative in the family Scenedesmaceae, Desmodesmus sp. WR1, isolated from 
raw municipal wastewater51. Other isolates were from genera with widespread distribution in freshwater and 
other environments but not previously known to have Mn(II)-oxidising members: unbranched filamentous green 
algae Oedocladium (CM11-2.gr) and Oedogonium (WC8-1.gr), and unicellular green algae Chlamydomonas 
(WC6-3.gr) and Chlorococcum (WC7-3.gr). Five isolates (CM8-6.gr, CM9-5.gr, CM9-6.gr, CM11-1.gr, MB7-1.

Isolate Consensus taxonomya

Mn(II) 
tolerance 
(mM)

Oxidation in 
unbuffered media 
solid/liquidb

Oxidation 
in buffered 
liquid mediac

Oxidation 
by cell-free 
extractb

CM7-6 Chlorophyta: Chlorellaceae ≥10 −/+ − +

CM8-1 Chlorophyta: Scenedesmus sp. 2 (+)/+ pH 6.0-8.0 +

CM8-2 Bacillariophyta: Seminavis sp. 0.5 −/+ pH 6.5-8.0* −

CM8-5 Chlorophyta: Scenedesmus obliquus 2 +/+ −* nt

CM8-6 Chlorophyta: unknown Trebouxiophyceae ≥10 −/+ − −

CM9-5 Chlorophyta: unknown Chlorophyceae ≥10 −/+ pH 8.0 −

CM9-6 Chlorophyta: unknown Chlorophyceae 5 +/+ −* −

CM11-1 Chlorophyta: unknown Chlorophyta 2 +/+ −* nt

CM11-2 Chlorophyta: unknown Oedogoniales 1 −/+ pH 5.5-8.0 −

CM12-1 Chlorophyta: unknown Scenedesmaceae ≥10 (+)/+ pH 7.0-8.0 +

CM12-4 Bacillariophyta: Nitzschia palea 2 −/+ pH 7.0-8.0* −

CM12-5 Chlorophyta: Chlorella sp. ≥10 +/+ −* −

MB7-1 Chlorophyta: unknown Chlorophyta 2 −/+ pH 5.5-8.0 −

MB7-4 Bacillariophyta: Nitzschia palea ≥10 −/+ pH 6.5-8.0 −

MBx9-1 Cyanobacteria: Pseudanabaena sp. ≥10 +/+ −* +

WC6-3 Chlorophyta: Chlamydomonas sp. 2 (+)/+ pH 8.0 +

WC7-3 Chlorophyta: unknown Chlamydomonadales ≥10 +/+ −* nt

WC8-1 Chlorophyta: Oedogonium sp. 2 +/+ − (+)

Table 1. Taxonomy, Mn(II) tolerance and Mn(II) oxidation activity of phototrophs isolated from CMD passive 
treatment systems. aConsensus from multiple markers (plastid 23S rRNA, 18S rRNA, rbcL), listed in Table S1. 
bMinus sign indicates no oxidation, (+) indicates inconsistent oxidation, +indicates consistent oxidation, nt 
means ‘not tested’. cMinus sign indicates no oxidation at any pH, listed pH values indicate ranges with Mn(II) 
oxidation, *indicates growth inhibition by one or more buffers. 
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gr) had no close relatives in GenBank or had conflicting results from different marker genes (Table S1). Of all 
the green algal isolates, those in the family Oedogoniales (CM11-2.gr and WC8-1.gr) were the most abundant 
in the environmental amplicon data, accounting for 1.45% of DS1 sequences. The others were present at relative 
abundances below 1% or could not be detected at all (Table S1).

Growth and Mn oxide formation patterns. Similar to bacterial and fungal cultures obtained from 
these same field sites78, the isolates were tolerant of high Mn(II) concentrations, exceeding 10 mM in many cases 
(Table 1). With most green algal isolates, the presence of Mn(II) in the culture media resulted in a slower growth 
rate and, interestingly, biofilm growth rather than the planktonic form observed in Mn-free media (Fig. 1c). 
Exceptions to this lifestyle difference included the two filamentous Oedogoniales isolates CM11-2.gr and WC8-1.
gr, which remained planktonic, as well as the three diatoms and the cyanobacterium Pseudanabaena sp. MBx9-1.
cy, which were biofilm-forming even in the absence of Mn(II). Biofilm growth requires copious production of 
extracellular polymeric substances (EPS). High concentrations of dissolved Mn(II) have been shown to change 
the quantity and composition of EPS produced by some bacteria79,80, and the presence of Mn oxides could also 
be modifying the characteristics of EPS through breakdown, polymerisation or stabilisation reactions6. EPS have 
often been the site of biogenic Mn oxide accumulation in bacteria, algae and fungi7,55,56,81,82. EPS could promote 
Mn(II) oxidation by serving as adsorption and nucleation sites, by allowing the development of steep pH and 
O2 gradients, and by concentrating metabolites and enzymes excreted by cells. Furthermore, Mn oxides, such as 
birnessite, may induce the polymerization of low molecular weight organic carbon6.

All isolates produced Mn oxides readily when grown in liquid culture, but only seven showed consistent oxide 
formation activity on agar-solidified media (Table 1). The patterns of Mn(II) oxidation on solid media varied, 
with some isolates precipitating Mn oxides within distinct areas of the colonies (Fig. 1a,b) or in the media imme-
diately below the colonies, and others showing diffuse Mn oxides forming within the media and away from the 
colonies (Figs. 1a and 2). The non-motile green algal isolate CM9-6.gr (unknown Chlorophyceae) exhibited the 
most rapid and extensive Mn oxide formation activity on solid media; the zone of Mn oxide deposition extended 
1-2 cm into and across the agar plate, even when the cells were grown on a 0.2 μm filter placed on the surface of 
the agar (Fig. 2). In liquid culture, light microscopy of glass slides incubated in the flasks showed two different 
patterns of Mn oxide formation, both of which were present with most isolates (Fig. 1e,f, Supplementary Fig. S1) 
and in the initial enrichment flasks (Supplementary Fig. S2). First, Mn oxides were seen coating some cells but 
not others (referred to hereafter as ‘cell-specific oxidation’). Second, Mn oxides were observed in diffuse clumps 
throughout areas of the biofilm, either overlying large groups of cells or not obviously associated with any cells 
in particular (referred to as ‘diffuse biofilm oxidation’). SEM further demonstrated both cell-specific and diffuse 
biofilm Mn oxide precipitation (Fig. 1h, Supplementary Fig. S3). It also showed a third type of Mn accumulation, 
in intracellular nodules specific to diatoms (Fig. 1g,h, Supplementary Fig. S3e–h), although it was not determined 
whether these nodules were Mn oxides or another Mn-rich phase, due to their atypical morphology. The different 
growth and oxidation patterns observed in the presence of Mn(II) may stem from its role as an essential nutrient 
for phototrophs (notably in PSII) but its toxicity at high concentrations. The growth of phototrophs is inhibited 
at low Mn concentrations, so they are particularly good at scavenging and concentrating this metal49,83,84. The 
Mn-rich nodules observed inside diatoms could be a by-product of this capability, though Sunda and Huntsman84 
found that hyper-accumulation of Mn did not occur when two diatom species in the genus Thalassiosira were 
exposed to Mn concentrations that exceeded their intracellular transport capacity. However, given that Mn is 
toxic to many phototrophs at high concentrations49,85, protection against toxicity is a more likely explanation 
for the changes in growth form and perhaps some of the oxidation patterns we observed. For example, biofilm 
growth would provide an EPS barrier between the cells and culture medium, and diffuse biofilm oxidation may 
be a means of lowering the concentration of dissolved Mn within the matrix.

A curious feature of the Mn oxides produced by the phototrophs was the co-occurrence of phosphorus (Fig. 3, 
Supplementary Figs. S4, S5), which was enriched in the extracellular Mn oxides produced by all three diatoms 
and by the green alga CM7-6.gr (Chlorella sp.), and especially abundant in the diatom intracellular Mn nodules. 
The cyanobacterial (MBx9-1.cy) extracellular Mn oxides did not exhibit the same degree of phosphorus enrich-
ment despite being grown in the same medium (MBL) as one of the diatoms (MB7-4.di). The two growth media 
(COMBO and MBL) differ mainly in their trace elements and the presence of TRIS in MBL; they have identical 
amounts of phosphate and of most other essential nutrients (Table S2), so the growth medium is unlikely to be 
solely responsible for this difference. To our knowledge, phosphorus enrichment in biogenic Mn oxides has not 
been reported with bacterial or fungal pure cultures. It is unclear whether the phosphorus we observed was due to 
adsorption of phosphate from the culture media onto the Mn oxides86, whether it was from a separate biological 
substance (e.g. a component of EPS and/or a phospholipid bilayer surrounding the diatom intracellular nodules), 
or whether it was incorporated within the Mn mineral structure and possibly forming a mineral phase other than 
Mn oxide. Examples of microbial precipitation of other Mn-rich phases include the Mn-reducing bacterium 
Shewanella putrefaciens, which can precipitate dissolved Mn(II) as Mn(II) phosphate, Mn3(PO4)2

87, and a marine 
microbial consortium grown in Mn(II)-amended media, shown to produce brown Mn precipitates that included 
the expected Mn(III/IV) oxides but also MnCO3 and Na3Mn(PO4)(CO3), both Mn(II) compounds88. All the pho-
totroph cultures used for EDS, including the diatom MB7-4.di that had intracellular nodules but no visible extra-
cellular Mn-rich material, were LBB-positive, indicating the presence of Mn(III/IV), but it is possible the brown 
precipitates that we had assumed were solely Mn(III/IV) oxides also contained some Mn phosphate compounds.

can photosynthesis-driven pH increase alone explain all phototrophic Mn(ii) oxida-
tion?. Homogeneous oxidation of Mn(II) by O2 is thermodynamically and kinetically favourable above 
pH 8, accelerating with increasing pH and becoming autocatalytic above pH 1052,89. As such, Mn oxidation by 
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Figure 1. Examples of Mn(II) oxidation by phototrophs. Mn oxides appear as brown/black precipitates (a–f) 
and as bright white precipitates in SEM images (g,h). (a) CM11-1.gr on solid Mn+ COMBO after 86 days. (b) 
CM12-5.gr on solid Mn+ COMBO after 56 days. (c) CM9-5.gr in liquid COMBO after 56 days (left = Mn-
free, right = Mn+). (d) CM8-1.gr in liquid COMBO with 10 mM HEPES pH 7, after 20 days (left = Mn-free, 
right = Mn+). (e,f) Bright-field microscopy of glass slides submerged in Mn+ COMBO. White arrow shows 
diffuse oxidation throughout the biofilm, black arrows indicate cell wall-associated oxidation. (e) CM7-6.gr 
after 15 days, (f) WC8-1.gr after 15 days. (g,h) SEM of diatoms CM8-2.di after 29 days and CM12-4.di after 37 
days, respectively. Intracellular Mn-rich nodules are present with both isolates (green arrows), and white arrow 
(h) shows diffuse biofilm-associated oxidation.
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phototrophs had previously been attributed to pH increases caused by the consumption of dissolved CO2 and 
the resulting removal of carbonic acid, either in the bulk water or in microenvironments surrounding algal 
cells46–48,56.

Some of our findings were consistent with this pH-mediated abiotic O2 oxidation mechanism. The bulk pH 
of the initial enrichment flasks at the time of termination (after 4 months) was elevated for most media types: 
AF6 = 9.33 ± 0.88, BB = 9.98 ± 0.60, CM = 8.93 ± 0.36 and WC = 8.25 ± 0.23 (n = 10, mean ± SE), from a starting 
pH of 6.6 to 7.8, depending on the media type (Table S2). However, MBL flasks, all of which had extensive dep-
osition of Mn oxides, had a mean pH of 7.61 ± 0.13 (n = 10). Pure cultures of numerous isolates also raised the 
pH of unbuffered liquid media after three months, in some cases well above pH 8.0: CM8-1.gr (9.72), WC8-1.gr 
(9.2), CM7-6.gr (8.96), CM8-6.gr (8.86), CM12-1.gr (8.70). Adding Good’s buffers to the media, which restricted 
bulk pH increases to +0.3 pH units, stopped Mn oxide formation altogether with nine of the isolates, and those 
maintained in MBL medium (buffered with TRIS) showed much more Mn oxide formation when they were 
instead grown in one of the unbuffered media types (COMBO or WC). Phototrophs, however, are known to be 
sensitive to pH buffering compounds, including TRIS and phosphate90. In our buffered experiments, many iso-
lates showed reduced growth rates when MES, MOPS or HEPES were present in the media (Table 1), even when 
the buffer concentration was reduced from 10 mM to 1 mM and the starting pH was identical to the unbuffered 
control. The inhibition of Mn oxide formation within media containing pH buffers could therefore be due to a 
physiological response to the buffering compounds and not to the pH buffering itself. Alternatively, in some cases 
at least, Mn(II) oxidation could have proceeded to Mn(III) followed by stabilisation of Mn(III) by the organic 
buffer, prohibiting the formation of Mn oxides. The Mn(III) complexation behaviour of the buffers used here 
is currently unknown, though Mn(II)-oxidising bacteria and fungi have produced Mn oxides in some of these 
buffers previously5,78,91,92.

However, many of our other findings were not consistent with a pH-driven mechanism. Although the isolates 
raised the pH of unbuffered bulk media over time, Mn oxides invariably appeared in culture flasks before the pH 
reached 8.0 (Supplementary Fig. S6). Of course, measurements of bulk media pH do not take into account pH 

Figure 2. Mn(II) oxidation on agar-solidified media by single-celled, non-motile green algal isolate CM9-6.
gr. CM9-6.gr was grown for 64 days on a 0.2 μm filter placed on the surface of agar-solidified COMBO. (a) 
Mn-free medium; (b) Mn+ medium, with brown/black Mn oxide precipitates visible within the algal colonies 
and extending across the filter surface. (c) Same plate as in panel (b) after removal of the filter containing algal 
colonies, showing Mn(II) oxidation directly beneath the colonies and extending 1-2 cm outwards.
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Figure 3. Relative abundance of P versus Mn in extracellular Mn oxides and in intracellular Mn-rich nodules, 
measured by energy-dispersive X-ray spectroscopy. Isolates beginning with ‘CM’ were grown in COMBO 
medium, and those beginning with MB were grown in MBL medium (Table S2).
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microenvironments surrounding cells or within biofilms, which can be considerably different from the bulk liq-
uid46,48. Light microscopy and SEM showed some diffuse biofilm-associated Mn oxides, which could be due to pH 
gradients within the biofilm matrix. However, cell-specific Mn oxides are more difficult to explain with a purely 
pH-driven abiotic O2 oxidation mechanism. Only some cells in a rapidly growing culture were coated by Mn 
oxides despite all the cells presumably carrying out photosynthesis and thus having an elevated pH surrounding 
the cell (Fig. 1e,f, Supplementary Figs. S1–S3), an observation that mirrors those of Robbins et al.55 and Robbins 
and Corley56 with diatoms on glass slides submerged in a Mn-contaminated creek. This pattern was especially 
noticeable with the filamentous isolate Oedogonium sp. WC8-1.gr (Fig. 1f), which had Mn oxide-coated cells 
adjoining oxide-free cells along the same filament. Cell-specific oxide formation was observed with most isolates, 
including those smaller than 20 μm. Richardson and Stolzenbach48 presented empirical evidence and mathe-
matical models showing that pH gradients sufficiently large for abiotic Mn(II) oxidation by O2 can only form 
around individual cells or aggregates larger than 20 μm, so at least in some cases, pH gradients alone may not 
entirely explain Mn oxide formation by our isolates. Knauer et al. came to a similar conclusion in their study of a 
Mn-oxidising pure culture of the green alga Scenedesmus subspicatus; neither cell-generated pH gradients nor Mn 
oxidation autocatalysis could explain their observed rates of Mn oxidation49. In our study, when pH buffers were 
added to the media, nine isolates continued to show Mn oxide formation over a wide range of pH values (Fig. 1d, 
Table 1), sometimes as low as 5.5. This oxidation activity would imply steep gradients over small distances for 
abiotic, high pH oxidation by O2 to be the sole mechanism. An isolate of the green alga Chlorella sp. was shown to 
generate pH gradients from 7.5 to 10.347, so gradients over 2-3 pH units are possible, but pH-mediated oxidation 
in media buffered to 5.5 would require a more extreme gradient of 4-5 pH units.

Furthermore, pH microenvironments surrounding cells could not account for the diffuse Mn oxide formation 
observed with some isolates on agar plates, where Mn oxides were deposited in the agar far from the cell colonies 
(Fig. 2). Mn oxidation becomes autocatalytic at high pH (above pH 10), but it is unlikely that small colonies could 
change the pH of such a large area of an agar plate by CO2 consumption alone, and maintain it at that level, when 
the plate has an extensive surface area for atmospheric CO2 equilibration. Indeed, pH microprobe measurements 
across agar plates confirmed that areas with Mn oxides did not have consistently higher pH than clear areas of 
agar (Fig. 4). Contrary to the findings of Richardson et al.47 and Lubbers et al.46 in liquid cultures, the pH inside 
the colonies growing on agar was not consistently elevated, ranging from a low of 7.21 in the Mn(II)-oxidising 
isolate CM11-1.gr, to a high of 8.96 in Mn(II)-oxidising isolate CM8-1.gr. Internal colony pH did not appear 
correlated with the presence of Mn oxides - the second-highest colony pH values (8.46-8.61) were in an isolate 
that did not produce Mn oxides when grown on agar (CM8-6.gr), whereas the isolate CM11-1.gr produced oxides 
both within its colonies and in the surrounding agar, despite maintaining a pH well below 8 in both these areas 
(Fig. 4). Instead, as observed previously for fungi25, these types of Mn oxide deposits can occur in two ways: (1) 
Mn(II) is oxidised to Mn(III)-L at the cell surface and then transported from the cell where it then is further 
oxidised or disproportionates to Mn oxides within the agar, or (2) a soluble enzyme/metabolite is secreted and 
oxidises Mn(II) to Mn(III) and ultimately Mn oxides within the agar at a distance from the cells.

The combination of Mn oxide formation over a wide pH range, cell specific Mn oxide formation within cul-
tures, and decoupling of lower pH micro-environments and Mn oxide precipitates on plates suggest that mecha-
nisms other that elevated pH are primarily responsible for Mn oxide formation within these cultures.
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A more complex phototrophic Mn(ii) oxidation pathway. Since photosynthesis-linked pH increases 
alone failed to explain Mn oxide formation in buffered media, cell-specific Mn oxide accumulation patterns, and 
diffuse Mn oxide deposition far from colonies on agar plates, we conducted a series of experiments (i) to identify 
other parameters required for Mn oxides to form, notably the age of the culture and whether Mn(II) is required 
for the oxidation pathway to be induced, and (ii) to identify essential components of the phototrophic Mn oxide 
formation pathway – specifically, whether there is involvement of proteins or the oxygen radical superoxide.

Cell-free filtrates (CFFs) of cultures were prepared by centrifugation followed by filtration through 0.2 μm 
filters. Five isolates yielded CFFs that consistently produced Mn oxides, indicating that in these phototrophs, 
the process responsible for Mn oxide formation is not strictly cell wall-associated but instead related to a soluble 
factor secreted by the organism (Table 1). Oxidation activity within the CFFs indicates that small molecules and/
or proteins are involved in either directly or indirectly (e.g. via superoxide production) forming Mn oxides.

This initial screening of CFFs was carried out at a single time point (day 60) and only with Mn + cultures (i.e. 
those grown in the presence of Mn(II)). More thorough experiments with isolates Scenedesmus sp. CM8-1.gr and 
Chlamydomonas sp. WC6-3.gr showed that CFFs prepared from Mn-free cultures had earlier and stronger Mn 
oxide formation activity than parallel CFFs prepared from Mn + cultures (Fig. 5a,c), indicating that the com-
pounds responsible for the oxide formation are produced even in the absence of Mn(II), i.e. the pathway is not 
specifically induced by Mn(II) but rather appears to be a side reaction of unknown function, similar to previous 
observations for a marine bacterium within the common Roseobacter clade66,93 and several Ascomycete fungi24,94. 
The weaker oxide formation activity of the Mn + CFFs could be due to the slower growth of Mn + cultures, to the 
switch from planktonic to biofilm forms, to the consumption of Mn oxidants by reaction with Mn(II) prior to fil-
tration, or to removal of Mn oxide-forming enzymes during filtration from encrustation of these enzymes by Mn 
oxides (as observed with the marine bacterium Roseobacter sp. AzwK- 3b)5. All Mn + flasks had copious amounts 
of Mn oxides prior to CFF preparation, indicating substantial oxidation activity, but compounds involved in 
the oxidation pathway were potentially retained within the biofilm or encrusted in the Mn oxides, whereas the 
Mn-free planktonic cultures were growing more quickly and secreting compounds directly into the bulk media, 
from which the CFFs were prepared.

Further investigations of Scenedesmus sp. CM8-1.gr and Chlamydomonas sp. WC6-3.gr revealed that Mn 
oxide formation activity in CFFs was time-dependent; in Mn + source culture CFFs, it was not detected with 
either isolate until day 43, whereas in CFFs from Mn-free source cultures, it peaked and then subsided as the 
culture aged (Fig. 5). CFFs from Mn-free Scenedesmus sp. CM8-1.gr cultures had the highest Mn oxide formation 
activity at day 20. CFFs from Mn-free Chlamydomonas sp. WC6-3.gr cultures produced Mn oxides most strongly 
at day 13, and by day 43 there was no detectable oxide forming activity. A similar age-dependent pattern was 
reported with the bacterium Mesorhizobium australicum T-G123 and with Ascomycete fungi94. The observation 
that the concentration of Mn oxides did not simply increase over time as metabolites accumulated suggests that 
the changes in the Mn oxide formation activity is a function of changing composition within the secretome (both 
metabolites and enzymes) composition over time. Results may further suggest that Mn(III)-ligand complexes 
could be contributing to these time dynamics – diverse ligands with different thermodynamic and kinetic stability 
constants40,95–97 could be produced by each organism. The accumulation of Mn oxides with time could ultimately 
result from direct Mn(III)-ligand oxidation, similar to that observed in Pseudomonas sp.98, Mn(III) dispropor-
tionation (e.g., from pH changes that destabilise the complex or from ligand hydrolysis99) or fast oxidation kinet-
ics. Indeed Qian et al.99 observed that Mn(III)-pyrophosphate disproportionation was rapidly catalysed after a 
time lag by Mn oxide surfaces accumulating in their experimental conditions. While the presence of Mn(III) was 
not measured in these experiments, our speculation along with recent studies of the importance and prevalence 
of soluble Mn(III) in oxic environments33,36,37 indicates that further investigation of Mn(III) production by pho-
totrophs is warranted.

Boiling the Mn-free source culture CFFs or treating them with protease prior to adding Mn(II) significantly 
decreased or completely halted Mn oxide formation, compared with the untreated control (Dunnett’s test, 
p < 0.001, Fig. 5). While boiling could alter the activity of reactive dissolved small molecules, proteases are spe-
cific to protein activity. Proteins are therefore required for the formation of Mn oxides. These proteins could 
include enzymes that oxidise Mn(II) directly, such as multicopper oxidases that have been widely associated with 
Mn(II) and Mn(III) oxidation in both bacteria and fungi7,14–17,20. Alternatively, these could include exoenzymes 
that produced superoxide. NAD(P)H oxidases (NOX enzymes)100, which are widely known for producing super-
oxide within eukaryotes, are transmembrane enzymes and typically not found within secretomes of eukaryotes. 
Instead, glutathione reductase was recently shown to produce superoxide in the marine diatom Thalassiosira 
oceanica62, and haem peroxidase was shown to be the superoxide-producing enzyme in the Mn(II)-oxidising 
Roseobacter sp. AzwK-3b66. Lastly, within the secretome, the presence of catalase would promote Mn oxide for-
mation by removing hydrogen peroxide, which reacts with the intermediate Mn(III), reducing it back to Mn(II)41.

Incubating the CFFs with the superoxide scavenger superoxide dismutase (SOD) prior to adding Mn(II) also 
significantly reduced (~80%) or halted Mn oxide formation (Dunnett’s test, p < 0.001, Fig. 5). Although the CFF 
experiments with multiple time points were carried out only with two green algal isolates, Scenedesmus sp. CM8-1.
gr and Chlamydomonas sp. WC6-3.gr, additional experiments at a single time point (day 43) showed that the 
general pattern also holds with the cyanobacterial isolate Pseudanabaena MBx9-1.cy (Fig. 6); oxide formation is 
completely halted by boiling, protease and SOD treatments, suggesting a similar pathway. Any superoxide pro-
duced via cell surface or transmembrane processes (e.g. via transmembrane NAD(P)H oxidases or the photo-
synthetic complex, PSI and PSII) would not have been present in the CFFs due to the short lifetime of superoxide 
(typically < minutes). The possibility of other extracellular proteins contributing to Mn oxide formation cannot be 
ruled out, particularly because the addition of SOD did not fully inhibit (to 100%) oxide formation with all isolates.

In combination, the SOD and boiling/protease results indicate that Mn(II) is oxidised by superoxide that 
is produced by a presently unidentified soluble extracellular enzyme (or enzymes) in all of these organisms. In 
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addition to the possibility of other extracellular proteins, there may be cell-associated oxidation pathways (e.g. 
multicopper oxidases, haem peroxidases), as suggested by the deposition of Mn oxides directly on specific cells of 
most isolates. Since the CFF experiments would have included only soluble extracellular enzymes, it is not known 
whether the cell-specific Mn oxide formation occurs via the same superoxide-mediated pathway or whether 
different processes are involved.

conclusion
We found that a wide diversity of phototrophs isolated from manganese bioremediation systems, including green 
algae, diatoms, and a cyanobacterium, promoted Mn(II) oxidation to Mn oxide minerals. The Mn oxides pro-
duced by green algae and diatoms were enriched in phosphorus, and additionally, diatoms accumulated man-
ganese in intracellular nodules. Contrary to what has been previously reported, we found that phototrophic Mn 
oxide formation is not solely due to photosynthesis-linked pH increases, but rather it involves proteins and super-
oxide. Induction of the Mn(II) oxidation pathway does not require the presence of Mn(II), suggesting it is a side 
reaction of unknown function. Given the known widespread ability of phototrophs to produce superoxide57–63, 
the contribution of phototrophs to Mn(II) oxidation in the environment may be greater and more nuanced than 
previously thought, with repercussions on our understanding of carbon, nutrient and metal cycling.

Materials and Methods
Site and sample descriptions. Samples were collected in December 2012 from two Mn(II) removal beds 
(MRBs) of passive treatment systems in western Pennsylvania, De Sale Phases 1 and 2 (DS1 and DS2). These 
bioremediation systems, described previously67,78,101,102, contain limestone cobbles that increase solution pH and 
harbour Mn-oxidising microorganisms. As Mn-contaminated coal mine drainage flows through the bed, Mn(II) 
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Figure 5. Impact of protein inhibition (boiling, protease) and superoxide inhibition (superoxide dismutase, 
SOD) on Mn(II) oxidation activity of algal cell-free filtrates (CFFs) prepared from cultures of different 
ages. CFFs were prepared from cultures with 0 μM (Mn−) or 200 μM Mn(II) (Mn+), and after treatments, 
Mn(II) was added to all CFFs to a final concentration of 500 μM. (a,b) Scenedesmus sp. CM8-1.gr, and (c,d) 
Chlamydomonas sp. WC6-3.gr. (a,c) compare Mn− and Mn + CFFs. (b,d) show the effects of boiling, protease 
and SOD on Mn- CFFs only [black bars are the same in (a,b) and in (c,d)]. Mn(III/IV) concentration was 
measured by LBB assay standardised with KMnO4, with a lower limit of quantification of 12.5 μM. Bars show 
mean Mn(III/IV) concentration, error bars show SE (n = 3). Asterisks show treatments that are significantly 
different from the Mn-only control, with correction for multiple comparisons (Dunnett’s test, p < 0.001).
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is oxidised and solid Mn(III/IV) oxides are retained within the beds, thus removing dissolved Mn from the waters 
before discharging. Site-specific details can be found in the Supplementary Information.

From each MRB, the following samples were collected: three algal mat samples, one sample of Mn(III/IV) 
oxide minerals scraped off a submerged limestone cobble, and two water samples from standing pools with visible 
algal growth on the limestone surfaces. Samples were collected with sterile plastic disposable spatulas, stored in 
50 ml Falcon tubes, kept on ice during transport to the laboratory, and stored at 4 °C until inoculation (within 
48 hours of collection).

Culture enrichment, isolation and identification. Culture enrichments were initiated in 200 ml flasks 
containing 70 ml phototroph-specific media amended with 200 μM MnCl2. Six media types were used: AF6, 
COMBO, Bold’s Basal Medium, MBL, Bristol Medium and WC (recipes and references in Table S2). Isolates were 
obtained from the culture enrichments using serial dilution and streak plate approaches. Mn oxide formation by 
enrichments and isolates was confirmed with leucoberbelin blue (LBB), which turns a deep blue colour in the 
presence of Mn(III,IV) oxides68. Detailed methodology about culture enrichments and isolations is described in 
the Supplementary Information. Once isolates appeared axenic, DNA was extracted using the FastDNA SPIN Kit 
(MP Biomedicals). Several markers were amplified and sequenced for identification (Table S3): plastid 23S rRNA, 
18S rRNA and rbcL, encoding the large subunit of RuBisCO (full details in the Supplementary Information). 
Putative taxonomic assignment was made at the level where there was a consensus between multiple markers.

Light and scanning electron microscopy. Sterile glass microscope slides were placed in 300 ml flasks 
containing 100 ml culture media and either mixed phototrophic communities from enrichment flasks or pure 
isolates. Slides were carefully removed without disturbing the biofilms, mounted with coverslips, and viewed 
immediately using bright field microscopy.

For scanning electron microscopy (SEM), biomass was transferred to carbon tape-coated stubs and air-dried 
in a laminar flow hood. Images were taken on uncoated samples using a FEI Nova NanoSEM 600 variable pressure 
ultra-high-resolution field emission gun SEM under low vacuum using a gaseous back-scatter detector (GAD). 
The presence or absence of specific elements (e.g. Mn, Si, Ca, P, etc.) was confirmed using energy dispersive X-ray 
spectroscopy (EDS) at specific locations (individual spectra) or in large areas (elemental maps).

Mn and pH tolerance. To assess Mn tolerance, isolates were grown in the unbuffered medium in which they 
were initially isolated, supplemented with a range of MnCl2 concentrations: 0.2, 0.5, 1.0, 2.0, 5.0 and 10.0 mM. 
Separate growth experiments were conducted to verify whether Mn oxide formation still occurs in buffered 
media, and to assess the toxicity of synthetic pH buffers, to which some algae are known to be sensitive90. Isolates 
were grown in liquid media amended with two concentrations (1 mM and 10 mM) of three different buffers 
(MES, MOPS, and HEPES), each at three pH values (MES 5.5, 6.0 and 6.5, MOPS 6.5, 7.0 and 7.5, and HEPES 7.0, 
7.5 and 8.0), plus an unbuffered control, all with 200 μM MnCl2. Growth was assessed visually every two weeks 
for 3 months, and Mn oxide formation was first assessed visually (brown/black colouration) then confirmed with 
LBB. Bulk media pH was measured at the end of the experiment.
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oxidation activity. CFFs were prepared from cultures with 0 μM (Mn−) or 200 μM Mn(II) (Mn+), and after 
treatments, Mn(II) was added to all CFFs to a final concentration of 500 μM. Mn(III/IV) concentration was 
measured by LBB assay standardized with KMnO4, with a lower limit of quantification of 12.5 μM. Bars show 
mean Mn(III/IV) concentration, error bars show SE (n = 3).
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pH microprobe measurements. To determine the pH of media during Mn oxide formation, the local-
ised pH within and surrounding microbial colonies was measured on isolates growing on agar-solidified media 
supplemented with 200 μM MnCl2, using a micromanipulator-mounted 100 μm diameter pH microelectrode 
(Unisense, Aarhus, Denmark) paired with a 5 mm diameter external reference electrode (Radiometer Analytical) 
also placed in the media. pH measurements were taken directly inside phototroph colonies (with and without oxi-
dation), in brown-coloured areas of Mn oxide formation away from colonies, and in clear areas with no detectable 
growth or Mn oxide formation. Three technical replicate measurements were made at each location and averaged.

Cell-free filtrate oxidation experiments. Isolates were grown in triplicate 300 ml flasks containing 
100 ml media with and without 200 μM MnCl2. At selected time points, cell-free filtrates (CFFs) were prepared 
as follows. Cultures were homogenised by swirling and 15 ml was decanted into sterile Falcon tubes. Cells were 
pelleted by centrifugation at 3000 × g for 5 minutes, and supernatants were filtered through 0.2 μm syringe filters 
into clean tubes. The dissolved Mn concentration (primarily Mn(II), but the presence of colloidal Mn(III/IV) can 
not be entirely excluded) in the CFFs from Mn + flasks was quantified with the formaldoxime assay103 on a Cary 
60 UV–Vis spectrophotometer (Varian). The CFFs were split into five 1 ml aliquots for the following treatments: 
Mn-free control, Mn only control, 1 mg ml−1 protease (Type XIV, from Streptomyces griseus, Sigma, USA), 50 U 
ml−1 superoxide dismutase (SOD, Sigma, USA), and boiling. CFFs were incubated with their treatment com-
pounds at room temperature for one hour, except the boiling treatment, which consisted of 40 minutes boiling 
plus twenty minutes cooling at room temperature. MnCl2 was added, to a final concentration of 500 μM, to all 
tubes except the Mn-free controls. Tubes were incubated in the dark at room temperature for one week and Mn 
oxides were quantified using the LBB assay (see Supplementary Information for detailed methodology).

Two-way ANOVA was used to compare treatments at each time point. Post-hoc pairwise comparisons of Mn 
oxide concentrations in the treatment groups versus the Mn only control were carried out with Dunnett’s multiple 
comparisons test, with a family significance level of 0.05. Analyses were carried out in R version 3.5.1104 with the 
package DescTools version 0.99.28105.

Data availability
All sequences from this project were uploaded to GenBank, accession numbers MF278588-MF278601 
(eukaryotic plastid 23S rRNA), MF278958 (cyanobacterial 23S rRNA), MF278602-MF278609 (18S rRNA), and 
MF278342-MF278353 and MG787874 (rbcL).

Received: 8 June 2018; Accepted: 13 November 2019;
Published: xx xx xxxx

References
 1. Post, J. E. Manganese oxide minerals: Crystal structures and economic and environmental significance. Proc. Natl. Acad. Sci. USA 

96, 3447–3454 (1999).
 2. Miyata, N., Tani, Y., Sakata, M. & Iwahori, K. Microbial manganese oxide formation and interaction with toxic metal ions. J. Biosci. 

Bioeng. 104, 1–8 (2007).
 3. Spiro, T. G., Bargar, J. R., Sposito, G. & Tebo, B. M. Bacteriogenic manganese oxides. Acc. Chem. Res. 43, 2–9 (2010).
 4. Duckworth, O. W. et al. Morphology, structure, and metal binding mechanisms of biogenic manganese oxides in a superfund site 

treatment system. Environ. Sci. Process. Impacts 19, 50–58 (2017).
 5. Estes, E. R., Andeer, P. F., Nordlund, D., Wankel, S. D. & Hansel, C. M. Biogenic manganese oxides as reservoirs of organic carbon 

and proteins in terrestrial and marine environments. Geobiology 15, 158–172 (2017).
 6. Johnson, K. et al. Towards a mechanistic understanding of carbon stabilization in manganese oxides. Nat. Commun. 6, 1–11 (2015).
 7. Tebo, B. M. et al. Biogenic manganese oxides: Properties and mechanisms of formation. Annu. Rev. Earth Planet. Sci. 32, 287–328 

(2004).
 8. Herlihy, A. T., Kaufmann, P. R., Mitch, M. E. & Brown, D. D. Regional estimates of acid mine drainage impact on streams in the 

mid-Atlantic and Southeastern United States. Water. Air. Soil Pollut. 50, 91–107 (1990).
 9. Hallberg, K. B. & Johnson, D. B. Biological manganese removal from acid mine drainage in constructed wetlands and prototype 

bioreactors. Sci. Total Environ. 338, 115–124 (2005).
 10. Cravotta, C. A. III Dissolved metals and associated constituents in abandoned coal-mine discharges, Pennsylvania, USA Part 1: 

Constituent quantities and correlations. Appl. Geochemistry 23, 166–202 (2008).
 11. Santelli, C. M., Chaput, D. L. & Hansel, C. M. Microbial communities promoting Mn(II) oxidation in Ashumet Pond, a historically 

polluted freshwater pond undergoing remediation. Geomicrobiol. J. 31, 605–616 (2014).
 12. Tebo, B. M., Johnson, H. A., McCarthy, J. K. & Templeton, A. S. Geomicrobiology of manganese(II) oxidation. Trends Microbiol. 

13, 421–428 (2005).
 13. Hansel, C. M. & Learman, D. R. The Geomicrobiology of Manganese. in Geomicrobiology, 6th edition (eds Ehrlich, H. L., 

Newman, D. K. & Kappler, A.) 403–452 (CRC Press, 2015).
 14. Dick, G. J. et al. Genomic insights into Mn(II) oxidation by the marine alphaproteobacterium Aurantimonas sp. strain SI85-9A1. 

Appl. Environ. Microbiol. 74, 2646–2658 (2008).
 15. Soldatova, A. V., Butterfield, C., Oyerinde, O. F., Tebo, B. M. & Spiro, T. G. Multicopper oxidase involvement in both Mn(II) and 

Mn(III) oxidation during bacterial formation of MnO2. J. Biol. Inorg. Chem. 17, 1151–1158 (2012).
 16. Butterfield, C. N., Soldatova, A. V., Lee, S.-W., Spiro, T. G. & Tebo, B. M. Mn(II,III) oxidation and MnO2 mineralization by an 

expressed bacterial multicopper oxidase. Proc. Natl. Acad. Sci. USA 110, 11731–11735 (2013).
 17. Zhang, Z. et al. Surface Mn(II) oxidation actuated by a multicopper oxidase in a soil bacterium leads to the formation of manganese 

oxide minerals. Sci. Rep. 5, 1–13 (2015).
 18. Wang, Z. et al. Mechanistic insights into manganese oxidation of a soil-borne Mn(II)-oxidizing Escherichia coli strain by global 

proteomic and genetic analyses. Sci. Rep. 7, 1–13 (2017).
 19. Glenn, J. K., Akileswaran, L. & Gold, M. H. Mn(II) oxidation is the principal function of the extracellular Mn-peroxidase from 

Phanerochaete chrysosporium. Arch. Biochem. Biophys. 251, 688–696 (1986).
 20. Barboza, N. R., Guerra-Sá, R. & Leão, V. A. Mechanisms of manganese bioremediation by microbes: an overview. J. Chem. Technol. 

Biotechnol. 91, 2733–2739 (2016).

https://doi.org/10.1038/s41598-019-54403-8


1 2Scientific RepoRtS |         (2019) 9:18244  | https://doi.org/10.1038/s41598-019-54403-8

www.nature.com/scientificreportswww.nature.com/scientificreports/

 21. Hansel, C. M. & Francis, C. A. Coupled photochemical and enzymatic Mn(II) oxidation pathways of a planktonic Roseobacter-like 
bacterium. Appl. Environ. Microbiol. 72, 3543–3549 (2006).

 22. Learman, D. R., Voelker, B. M., Vazquez-Rodriguez, A. I. & Hansel, C. M. Formation of manganese oxides by bacterially generated 
superoxide. Nat. Geosci. 4, 95–98 (2011).

 23. Bohu, T. et al. Characterization of pH dependent Mn(II) oxidation strategies and formation of a bixbyite-like phase by 
Mesorhizobium australicum T-G1. Front. Microbiol. 6, 1–15 (2015).

 24. Hansel, C. M., Zeiner, C. A., Santelli, C. M. & Webb, S. M. Mn(II) oxidation by an ascomycete fungus is linked to superoxide 
production during asexual reproduction. Proc. Natl. Acad. Sci. USA 109, 12621–12625 (2012).

 25. Tang, Y., Zeiner, Ca, Santelli, C. M. & Hansel, C. M. Fungal oxidative dissolution of the Mn(II)-bearing mineral rhodochrosite and 
the role of metabolites in manganese oxide formation. Environ. Microbiol. 15, 1063–1077 (2013).

 26. Liang, J., Bai, Y., Men, Y. & Qu, J. Microbe-microbe interactions trigger Mn(II)-oxidizing gene expression. ISME J. 11, 67–77 
(2017).

 27. Webb, S. M., Dick, G. J., Bargar, J. R. & Tebo, B. M. Evidence for the presence of Mn(III) intermediates in the bacterial oxidation of 
Mn(II). Proc. Natl. Acad. Sci. USA 102, 5558–5563 (2005).

 28. Miyata, N. et al. Manganese(IV) oxide production by Acremonium sp. strain KR21-2 and extracellular Mn(II) oxidase activity. 
Appl. Environ. Microbiol. 72, 6467–6473 (2006).

 29. Johnson, H. A. & Tebo, B. M. In vitro studies indicate a quinone is involved in bacterial Mn(II) oxidation. Arch. Microbiol. 189, 
59–69 (2008).

 30. Anderson, C. R. et al. Mn(II) oxidation is catalyzed by heme peroxidases in ‘Aurantimonas manganoxydans’ strain SI85-9A1 and 
Erythrobacter sp. strain SD-21. Appl. Environ. Microbiol. 75, 4130–4138 (2009).

 31. Su, J. et al. CotA, a multicopper oxidase from Bacillus pumilus WH4, exhibits manganese-oxidase activity. PLoS One 8, e60573 
(2013).

 32. Oldham, V. E., Jones, M. R., Tebo, B. M. & Luther, G. W. Oxidative and reductive processes contributing to manganese cycling at 
oxic-anoxic interfaces. Mar. Chem. 195, 122–128 (2017).

 33. Oldham, V. E., Mucci, A., Tebo, B. M. & Luther, G. W. Soluble Mn(III)–L complexes are abundant in oxygenated waters and 
stabilized by humic ligands. Geochim. Cosmochim. Acta 199, 238–246 (2017).

 34. Oldham, V. E., Miller, M. T., Jensen, L. T. & Luther, G. W. Revisiting Mn and Fe removal in humic rich estuaries. Geochim. 
Cosmochim. Acta 209, 267–283 (2017).

 35. Madison, A. S., Tebo, B. M. & Luther, G. W. Simultaneous determination of soluble manganese(III), manganese(II) and total 
manganese in natural (pore)waters. Talanta 84, 374–381 (2011).

 36. Madison, A. S., Tebo, B. M., Mucci, A., Sundby, B. & Luther, G. W. Abundant porewater Mn(III) is a major component of the 
sedimentary redox system. Science 341, 875–878 (2013).

 37. Trouwborst, R. E., Clement, B. G., Tebo, B. M., Glazer, B. T. & Luther, G. W. Soluble Mn(III) in suboxic zones. Science 313, 
1955–1957 (2006).

 38. Yakushev, E., Pakhomova, S., Sørenson, K. & Skei, J. Importance of the different manganese species in the formation of water 
column redox zones: Observations and modeling. Mar. Chem. 117, 59–70 (2009).

 39. Schnetger, B. & Dellwig, O. Dissolved reactive manganese at pelagic redoxclines (part I): A method for determination based on 
field experiments. J. Mar. Syst. 90, 23–30 (2012).

 40. Oldham, V. E., Owings, S. M., Jones, M. R., Tebo, B. M. & Luther, G. W. Evidence for the presence of strong Mn(III)-binding ligands 
in the water column of the Chesapeake Bay. Mar. Chem. 171, 58–66 (2015).

 41. Learman, D. R., Voelker, B. M., Madden, A. S. & Hansel, C. M. Constraints on superoxide mediated formation of manganese 
oxides. Front. Microbiol. 4, 262–272 (2013).

 42. Armstrong, F. A. Why did Nature choose manganese to make oxygen? Philos. Trans. R. Soc. Lond. B. Biol. Sci. 363, 1263–1270 
(2008).

 43. Johnson, J. E. et al. Manganese-oxidizing photosynthesis before the rise of cyanobacteria. Proc. Natl. Acad. Sci. USA 110, 
11238–11243 (2013).

 44. Fischer, W. W., Hemp, J. & Johnson, J. E. Manganese and the evolution of photosynthesis. Orig. Life Evol. Biosph. 45, 351–357 
(2015).

 45. Kindle, E. M. Lacustrine concretions of manganese. Am. J. Sci. 224, 496–504 (1932).
 46. Lubbers, G. W., Gieskes, W. W. C., del Castilho, P., Salomons, W. & Bril, J. Manganese accumulation in the high pH 

microenvironment of Phaeocystis sp. (Haptophyceae) colonies from the North Sea. Mar. Ecol. Prog. Ser. 59, 285–293 (1990).
 47. Richardson, L. L., Aguilar, C. & Nealson, K. H. Manganese oxidation in pH and 02 microenvironments produced by phytoplankton. 

Limnol. Oceanogr. 33, 352–363 (1988).
 48. Richardson, L. L. & Stolzenbach, K. D. Phytoplankton cell size and the development of microenvironments. FEMS Microbiol. Ecol. 

16, 185–191 (1995).
 49. Knauer, K., Jabusch, T. & Sigg, L. Manganese uptake and Mn(II) oxidation by the alga Scenedesmus subspicatus. Aquat. Sci. 61, 

44–58 (1999).
 50. Schöler, A. et al. Biogenic manganese-calcium oxides on the cell walls of the algae Chara corallina: Elemental composition, atomic 

structure, and water-oxidation catalysis. Eur. J. Inorg. Chem. 2014, 780–790 (2014).
 51. Wang, R. et al. Biogenic manganese oxides generated by green algae Desmodesmus sp. WR1 to improve bisphenol A removal. J. 

Hazard. Mater. 339, 310–319 (2017).
 52. Luther, G. W. The role of one- and two-electron transfer reactions in forming thermodynamically unstable intermediates as 

barriers in multi-electron redox reactions. Aquat. Geochemistry 16, 395–420 (2010).
 53. Tebo, B. M., Nealson, K. H., Emerson, S. & Jacobs, L. Microbial mediation of Mn(II) and Co(II) precipitation at the O2/H2S 

interfaces in two anoxic fjords. Limnol. Oceanogr. 29, 1247–1258 (1984).
 54. Bromfield, S. M. The deposition of manganese oxide by an alga on acid soil. Aust. J. Soil Res. 14, 95–102 (1976).
 55. Robbins, E. I., Corley, T. L. & Conklin, M. H. Manganese removal by the epilithic microbial consortium at Pinal Creek near Globe, 

Arizona. in Proceedings of the Technical Meeting 1–14 (U.S. Geological Survey Toxic Substances Hydrology Program, 1999).
 56. Robbins, E. I. & Corley, T. L. Microdynamics and seasonal changes in manganese oxide epiprecipitation in Pinal Creek, Arizona. 

Hydrobiologia 534, 165–180 (2005).
 57. Marshall, J., Hovenden, M., Oda, T. & Hallegraeff, G. M. Photosynthesis does influence superoxide production in the ichthyotoxic 

alga Chattonella marina (Raphidophyceae). J. Plankton Res. 24, 1231–1236 (2002).
 58. Rose, A. L. The influence of extracellular superoxide on iron redox chemistry and bioavailability to aquatic microorganisms. Front. 

Microbiol. 3, 1–21 (2012).
 59. Hansel, C. M. et al. Dynamics of extracellular superoxide production by Trichodesmium colonies from the Sargasso Sea. Limnol. 

Oceanogr. 61, 1188–1200 (2016).
 60. Schneider, R. J., Roe, K. L., Hansel, C. M. & Voelker, B. M. Species-level variability in extracellular production rates of reactive 

oxygen species by diatoms. Front. Chem. 4, 1–13 (2016).
 61. Diaz, J. M. & Plummer, S. Production of extracellular reactive oxygen species by phytoplankton: past and future directions. J. 

Plankton Res. 40, 655–666 (2018).

https://doi.org/10.1038/s41598-019-54403-8


13Scientific RepoRtS |         (2019) 9:18244  | https://doi.org/10.1038/s41598-019-54403-8

www.nature.com/scientificreportswww.nature.com/scientificreports/

 62. Diaz, J. M. et al. NADPH-dependent extracellular superoxide production is vital to photophysiology in the marine diatom 
Thalassiosira oceanica. Proc. Natl. Acad. Sci. USA 116, 16448–16453 (2019).

 63. Sutherland, K. M. et al. Extracellular superoxide production by key microbes in the global ocean. Limnol. Oceanogr. 9999, 1–15 
(2019).

 64. Korshunov, S. S. & Imlay, J. A. A potential role for periplasmic superoxide dismutase in blocking the penetration of external 
superoxide into the cytosol of Gram-negative bacteria. Mol. Microbiol. 43, 95–106 (2002).

 65. Diaz, J. M. et al. Widespread Production of Extracellular Superoxide by Heterotrophic Bacteria - supplementary material. Science 
340, 1223–6 (2013).

 66. Andeer, P. F., Learman, D. R., McIlvin, M., Dunn, J. A. & Hansel, C. M. Extracellular haem peroxidases mediate Mn(II) oxidation 
in a marine Roseobacter bacterium via superoxide production. Environ. Microbiol. 17, 3925–3936 (2015).

 67. Chaput, D. L., Hansel, C. M., Burgos, W. D. & Santelli, C. M. Profiling microbial communities in manganese remediation systems 
treating coal mine drainage. Appl. Environ. Microbiol. 81, 2189–2198 (2015).

 68. Krumbein, W. E. & Altmann, H. J. A new method for the detection and enumeration of manganese oxidizing and reducing 
microorganisms. Helgoländer Wissenschaftliche Meeresuntersuchungen 25, 347–356 (1973).

 69. Jones, M. R., Luther, G. W., Mucci, A. & Tebo, B. M. Concentrations of reactive Mn(III)-L and MnO2 in estuarine and marine 
waters determined using spectrophotometry and the leuco base, leucoberbelin blue. Talanta 200, 91–99 (2019).

 70. Acinas, S. G., Haverkamp, T. H., Huisman, J. & Stal, L. J. Phenotypic and genetic diversification of Pseudanabaena spp. 
(cyanobacteria). ISME J. 378, 31–46 (2009).

 71. Phillips, P., Bender, J., Simms, R., Rodriguez-Eaton, S. & Britt, C. Manganese and iron removal from coal mine drainage by use of 
a green algae-microbial mat consortium. In Proceedings from the National Meetings of the American Society of Mining and 
Reclamation 99–108 (1994).

 72. Guo, L., Sui, Z., Zhang, S., Ren, Y. & Liu, Y. Comparison of potential diatom ‘barcode’ genes (the 18S rRNA gene and ITS, COI, 
rbcL) and their effectiveness in discriminating and determining species taxonomy in the Bacillariophyta. Int. J. Syst. Evol. Microbiol. 
65, 1369–1380 (2015).

 73. Tan, H., Zhang, G., Heaney, P. J., Webb, S. M. & Burgos, W. D. Characterization of manganese oxide precipitates from Appalachian 
coal mine drainage treatment systems. Appl. Geochemistry 25, 389–399 (2010).

 74. Keim, C. N., Nalini, H. A. Jr & de Lena, J. C. Manganese oxide biominerals from freshwater environments in quadrilatero ferrifero, 
Minas Gerais, Brazil. Geomicrobiol. J. 31, 37–41 (2014).

 75. Guccione, A. et al. Chlorella for protein and biofuels: from strain selection to outdoor cultivation in a Green Wall Panel 
photobioreactor. Biotechnol. Biofuels 7, 84–95 (2014).

 76. Hodač, L. et al. Widespread green algae Chlorella and Stichococcus exhibit polar-temperate and tropical-temperate biogeography. 
FEMS Microbiol. Ecol. 92, 1–16 (2016).

 77. Guiry, M. D. & Guiry, G. M. AlgaeBase (2017).
 78. Santelli, C. M. et al. Promotion of Mn(II) oxidation and remediation of coal mine drainage in passive treatment systems by diverse 

fungal and bacterial communities. Appl. Environ. Microbiol. 76, 4871–4875 (2010).
 79. Appanna, V. D. & Preston, C. M. Manganese elicits the synthesis of a novel exopolysaccharide in an arctic. Rhizobium. FEBS Lett. 

215, 79–82 (1987).
 80. Appanna, V. D. Stimulation of exopolysaccharide production in Rhizobium meliloti JJ-1 by manganese. Biotechnol. Lett. 10, 

205–206 (1988).
 81. Ghiorse, W. C. & Hirsch, P. An ultrastructural study of iron and manganese deposition associated with extracellular polymers of 

pedomicrobium-like budding bacteria. Arch. Microbiol. 123, 213–226 (1979).
 82. Toner, B., Fakra, S., Villalobos, M., Warwick, T. & Sposito, G. Spatially resolved characterization of biogenic manganese oxide 

production within a bacterial biofilm. Appl. Environ. Microbiol. 71, 1300–1310 (2005).
 83. Brand, L. E., Sunda, W. G. & Guillard, R. R. L. Limitation of marine phytoplankton reproductive rates by zinc, manganese, and iron. 

Limnology 28, 1182–1198 (1983).
 84. Sunda, W. G. & Huntsman, S. A. Relationships among growth rate, cellular manganese concentrations and manganese transport 

kinetics in estuarine and oceanic species of the diatom. Thalassiosira. J. Phycol. 22, 259–270 (1986).
 85. Rousch, J. M. & Sommerfeld, M. R. Effect of manganese and nickel on growth of selected algae in pH buffered medium. Water Res. 

33, 2448–2454 (1999).
 86. Yao, W. & Millero, F. J. Adsorption of phosphate on manganese dioxide in seawater. Environ. Sci. Technol. 30, 536–541 (1996).
 87. Chubar, N., Visser, T., Avramut, C. & de Waard, H. Sorption and precipitation of Mn2+ by viable and autoclaved Shewanella 

putrefaciens: Effect of contact time. Geochim. Cosmochim. Acta 100, 232–250 (2013).
 88. Zhou, H., Pan, H., Xu, J., Xu, W. & Liu, L. Acclimation of a marine microbial consortium for efficient Mn(II) oxidation and 

manganese containing particle production. J. Hazard. Mater. 304, 434–440 (2016).
 89. Stumm, W. & Morgan, J. J. Aquatic Chemistry: Chemical Equilibria and Rates in Natural Waters. (Wiley, 1996).
 90. Smith, R. V. & Foy, R. H. Improved hydrogen ion buffering of media for the culture of freshwater algae. Br. Phycol. J. 9, 239–245 

(1974).
 91. Anderson, C. R. et al. Aurantimonas manganoxydans, sp. nov. and Aurantimonas litoralis, sp. nov.: Mn(II) oxidizing representatives 

of a globally distributed clade of alpha-Proteobacteria from the order Rhizobiales. Geomicrobiol. J. 26, 189–198 (2009).
 92. Akob, D. M. et al. Identification of Mn(II)-oxidizing bacteria from a low-pH contaminated former uranium mine. Appl. Environ. 

Microbiol. 80, 5086–5097 (2014).
 93. Learman, D. R. & Hansel, C. M. Comparative proteomics of Mn(II)-oxidizing and non-oxidizing Roseobacter clade bacteria reveal 

an operative manganese transport system but minimal Mn(II)-induced expression of manganese oxidation and antioxidant 
enzymes. Environ. Microbiol. Rep. 6, 501–509 (2014).

 94. Zeiner, C. A. Role of the secretome in manganese and carbon oxidation by filamentous ascomycete fungi. (Harvard University, 
2015).

 95. Klewicki, J. K. & Morgan, J. J. Kinetic behavior of Mn(III) complexes of pyrophosphate, EDTA, and citrate. Environ. Sci. Technol. 
32, 2916–2922 (1998).

 96. Harrington, J. M. et al. Structural dependence of Mn complexation by siderophores: Donor group dependence on complex stability 
and reactivity. Geochim. Cosmochim. Acta 88, 106–119 (2012).

 97. Luther, G. W., Madison, A. S., Mucci, A., Sundby, B. & Oldham, V. E. A kinetic approach to assess the strengths of ligands bound to 
soluble Mn(III). Mar. Chem. 173, 93–99 (2015).

 98. Wright, M. H., Geszvain, K., Oldham, V. E., Luther, G. W. & Tebo, B. M. Oxidative formation and removal of complexed Mn(III) 
by Pseudomonas species. Front. Microbiol. 9, 1–11 (2018).

 99. Qian, A. et al. Geochemical stability of dissolved Mn(III) in the presence of pyrophosphate as a model ligand: Complexation and 
disproportionation. Environ. Sci. Technol. 53, 5768–5777 (2019).

 100. Aguirre, J., Ríos-Momberg, M., Hewitt, D. & Hansberg, W. Reactive oxygen species and development in microbial eukaryotes. 
Trends Microbiol. 13, 111–118 (2005).

 101. Burgos, W. D., Tan, H., Santelli, C. M. & Hansel, C. M. Importance of fungi in biological Mn(II) oxidation in limestone treatment 
beds. in National Meeting of the American Society of Mining and Reclamation (ed. Barnhisel, R.) 71–88 (ASMR, 2010).

https://doi.org/10.1038/s41598-019-54403-8


1 4Scientific RepoRtS |         (2019) 9:18244  | https://doi.org/10.1038/s41598-019-54403-8

www.nature.com/scientificreportswww.nature.com/scientificreports/

 102. Luan, F., Santelli, C. M., Hansel, C. M. & Burgos, W. D. Defining manganese(II) removal processes in passive coal mine drainage 
treatment systems through laboratory incubation experiments. Appl. Geochemistry 27, 1567–1578 (2012).

 103. Brewer, P. G. & Spencer, D. W. Colorimetric determination of manganese in anoxic waters. Limnol. Oceanogr. 16, 107–110 (1971).
 104. R Core Team. R: A language and environment for statistical computing. (2018).
 105. Signorell, A. DescTools: Tools for descriptive statistics (2019).

Acknowledgements
This work was funded by a Smithsonian Scholarly Studies grant to CMS, by a Smithsonian Postdoctoral 
Fellowship to DLC, by the National Science Foundation, grant number CBET-1336496, to CMH and CMS, and by 
MnDRIVE Environment at the University of Minnesota to CMS. We thank Margaret Dunn and Cliff Denholm, 
Stream Restoration Inc., for assistance and access to field sites, Carolyn Zeiner (WHOI/Harvard) for useful 
discussions and advice regarding ROS experiments, as well as Jeff Post, Tim Rose and Tim Gooding (Smithsonian 
NMNH) for assistance with the SEM/EDS work. Portions of the laboratory work were conducted in and with the 
support of the L.A.B. facilities at the National Museum of Natural History, Smithsonian Institution.

Author contributions
D.L.C., C.M.H. and C.M.S. conceived the study. D.L.C. carried out the fieldwork and algal isolation. D.L.C., A.J.F., 
O.S. and K.D. purified, maintained and characterised the algal isolates. D.L.C., A.J.F. and O.S. carried out the 
experiments. K.D. and C.M.S. carried out the pH microprobe measurements. D.L.C., O.S. and A.J.F. carried out 
the light and scanning electron microscopy. D.L.C., C.M.H. and C.M.S. designed the CFF experiments. D.L.C. 
analysed the data and wrote the draft manuscript. All authors edited and approved the final manuscript.

competing interests
The authors declare no competing interests.

Additional information
Supplementary information is available for this paper at https://doi.org/10.1038/s41598-019-54403-8.
Correspondence and requests for materials should be addressed to D.L.C. or C.M.S.
Reprints and permissions information is available at www.nature.com/reprints.
Publisher’s note Springer Nature remains neutral with regard to jurisdictional claims in published maps and 
institutional affiliations.

Open Access This article is licensed under a Creative Commons Attribution 4.0 International 
License, which permits use, sharing, adaptation, distribution and reproduction in any medium or 

format, as long as you give appropriate credit to the original author(s) and the source, provide a link to the Cre-
ative Commons license, and indicate if changes were made. The images or other third party material in this 
article are included in the article’s Creative Commons license, unless indicated otherwise in a credit line to the 
material. If material is not included in the article’s Creative Commons license and your intended use is not per-
mitted by statutory regulation or exceeds the permitted use, you will need to obtain permission directly from the 
copyright holder. To view a copy of this license, visit http://creativecommons.org/licenses/by/4.0/.
 
© The Author(s) 2019

https://doi.org/10.1038/s41598-019-54403-8
https://doi.org/10.1038/s41598-019-54403-8
http://www.nature.com/reprints
http://creativecommons.org/licenses/by/4.0/

	Mn oxide formation by phototrophs: Spatial and temporal patterns, with evidence of an enzymatic superoxide-mediated pathway ...
	Results and Discussion
	Diversity of Mn(II)-oxidising phototrophs. 
	Growth and Mn oxide formation patterns. 
	Can photosynthesis-driven pH increase alone explain all phototrophic Mn(II) oxidation?. 
	A more complex phototrophic Mn(II) oxidation pathway. 

	Conclusion
	Materials and Methods
	Site and sample descriptions. 
	Culture enrichment, isolation and identification. 
	Light and scanning electron microscopy. 
	Mn and pH tolerance. 
	pH microprobe measurements. 
	Cell-free filtrate oxidation experiments. 

	Acknowledgements
	Figure 1 Examples of Mn(II) oxidation by phototrophs.
	Figure 2 Mn(II) oxidation on agar-solidified media by single-celled, non-motile green algal isolate CM9-6.
	Figure 3 Relative abundance of P versus Mn in extracellular Mn oxides and in intracellular Mn-rich nodules, measured by energy-dispersive X-ray spectroscopy.
	Figure 4 pH microprobe measurements of cyanobacterial and green algal isolates growing on agar plates with 200 μM Mn(II).
	Figure 5 Impact of protein inhibition (boiling, protease) and superoxide inhibition (superoxide dismutase, SOD) on Mn(II) oxidation activity of algal cell-free filtrates (CFFs) prepared from cultures of different ages.
	Figure 6 Mn(II) oxidation by cell-free filtrates (CFFs) of cyanobacterial isolate MBx9-1.
	Table 1 Taxonomy, Mn(II) tolerance and Mn(II) oxidation activity of phototrophs isolated from CMD passive treatment systems.




