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Abstract
Trillions of plastic debris fragments are floating at sea, presenting a substantial surface area for microbial colonization.
Numerous cultivation-independent surveys have characterized plastic-associated microbial biofilms, however, quantitative
studies addressing microbial carbon biomass are lacking. Our confocal laser scanning microscopy data show that early
biofilm development on polyethylene, polypropylene, polystyrene, and glass substrates displayed variable cell size,
abundance, and carbon biomass, whereas these parameters stabilized in mature biofilms. Unexpectedly, plastic substrates
presented lower volume proportions of photosynthetic cells after 8 weeks, compared to glass. Early biofilms displayed the
highest proportions of diatoms, which could influence the vertical transport of plastic debris. In total, conservative estimates
suggest 2.1 × 1021 to 3.4 × 1021 cells, corresponding to about 1% of the microbial cells in the ocean surface microlayer (1.5 ×
103 to 1.1 × 104 tons of carbon biomass), inhabit plastic debris globally. As an unnatural addition to sea surface waters, the
large quantity of cells and biomass carried by plastic debris has the potential to impact biodiversity, autochthonous
ecological functions, and biogeochemical cycles within the ocean.

Introduction

Trillions of plastic particles are floating at sea [1] and provide
a substantial surface area for microbial colonization [2].
Plastic marine debris (PMD) microbial biomass has been

hypothesized to range from 860 to 16,000 metric tons [3, 4]
compared to the total mass of PMD (~268,940 tons) in the
global ocean [5]. With the potential to be transported across
marine ecosystem boundaries, microbial biomass on PMD
represents an emerging perturbation to the fragile oligotrophic
ocean habitats with unknown biogeochemical and ecological
consequences. Although poorly understood, the quantification
of cell numbers and microbial biomass on PMD (referenced
herein as microbial carrying capacity) is crucial for under-
standing the implications of PMD on oceanic ecosystems.

Employing culture-independent approaches and scanning
electron microscopy (SEM), Zettler et al. [6] described the
microbial communities on microplastic litter from the North
Atlantic, which were distinct from ambient seawater com-
munities. This plastic-associated biofilm, coined the “plasti-
sphere”, consists of a complex community comprised of
bacterial, archaeal, and eukaryotic microorganisms, and
microscopic animals. Since then, plastisphere research has
largely employed molecular ecology methods focused on
characterization of these microbial biofilm communities, their
correlation to environmental and geographical factors, and
variation between plastic substrates [7, 8]. In these field stu-
dies, the unknown origin and age of field-collected plastic
debris have impeded the determination of substrate-specific
biofilm composition. A growing number of experimental
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studies have directly compared different synthetic polymer-
associated biofilm assemblages and nonplastic substrates
exposed to the identical environments (Table S1). But few
studies, summarized in the Table S1, have incorporated a
time-course element to their incubation schemes.

SEM and DNA sequence-based microbial survey tech-
niques, methods widely used in plastisphere research, each
have advantages and limitations when quantifying diverse
microbial biofilm assemblages. The well-established
microscopic technique of SEM fails to detect cells embed-
ded within a biofilm in three dimensions [9], but provides
information on spatial structure at the surface. Sequencing
provides detailed information on taxonomy of the whole
community, but multiple copies of SSU rRNA genes per
cell, ranging 1–17 for bacteria and in up to 104 for protists,
provide an innate bias for quantitative estimates [10].
Quantitative real-time PCR (Q-PCR) allows estimates of
target gene sequence concentrations in environmental
samples, and taxon-specific Q-PCR primer sets can provide
cell numbers for a single taxon [11], but a posteriori
knowledge of target groups present is crucial. In addition,
sets of degenerate oligonucleotide primers designed for
different targets have various reaction kinetics leading to
inaccuracies during Q-PCR, and other errors such as DNA
extraction efficiency, PCR template properties, and data
analysis can lead to several orders of magnitude bias [11].

Confocal laser scanning microscopy (CLSM) has been
used extensively to nondestructively study biofilm structure
[12]. Recording the signal of different fluorochromes
together with natural pigment fluorescence (such as the
phytopigment chlorophyll a (Chl-a)), CLSM has been
employed to differentiate between phototrophs, hetero-
trophs, bacteria, archaea, and eukaryotes [12]. Furthermore,
analysis of CLSM images with computer software can
directly obtain data ranging from cell counts, size and the
characterization of microbial morphotypes, to complete
three-dimensional constructs [13]. More recently, CLASI-
FISH or Combinatorial Labeling and Spectral Imaging
Fluorescence In Situ Hybridization visualized plastisphere
membership of multiple taxa on polyethylene (PE) via
custom group specific rRNA-based phylogenetic probes and
CLSM [14]. This study compared relative bacterial counts
via CLSM to those derived from amplicon sequencing in a
time-series study taken from the same incubation experi-
ment as described in this report.

Here we employed CLSM in combination with digital
image analysis to directly count cells in order to determine
biomass contribution of the whole microbial community
(bacteria, archaea, and eukaryotes) and ascertain the carry-
ing capacity of the plastisphere. We chose two fluorophores:
Hoechst 33342, capable of penetrating diverse cell mem-
branes and intercalating double stranded DNA; and FM
1–43, a lipophilic styryl dye used to stain membranes of

diverse cell types. This combination allowed us to deter-
mine cell abundances and morphologies on a range of
chemically distinct substrates (PE; polypropylene, PP;
polystyrene, PS; Glass). The selection of these test sub-
strates was dependent on the varying index of their pre-
viously reported hydrophobicity [15, 16], which allowed
testing whether this physicochemical surface property can
influence the microbial assemblages on the substratum
surfaces. In addition, we used Chl-a autofluorescence as a
proxy for quantifying cells capable of photosynthesis. All
substrate samples were simultaneously incubated at the
Marine Biological Laboratory dock (Woods Hole, Massa-
chusetts, USA) from July to October 2013. Cell volume
measurements allowed an estimation of carbon biomass to
be calculated based on previously published “carbon/
volume (C/vol)” relationships and measurements of carbon
per cell for various microbial taxa [17, 18]. Our approach
allowed us to address the following questions: (1) how do
cell abundances, size, cellular carbon mass, and photo-
synthetic cells differ on polymeric and glass substrates over
time? (2) What is the average microbial biomass carrying
capacity of different plastic polymers and, by extension,
PMD in the global ocean?

Materials and methods

Biofilm incubations

In situ incubations consisted of placing postconsumer
plastic from 1-gallon milk jugs (PE), disposable cold-drink
cups (PP), disposable hot-drink cups (PS), and glass cubes
off a dock in Woods Hole, Massachusetts, in Vineyard
Sound (GPS coordinates: 41.525, –70.673). The items were
cleaned and then sterilized using 70% ethanol prior to
placing them in the seawater, ~1 m below the surface in July
2013 in 1-cm mesh nylon cages to prevent plastic samples
from escaping. Subsamples (~5 × 5 mm) were taken at
periodic time points (1, 2, 3, 8, 12 weeks of immersion)
thereafter and rinsed in 0.2-µm-filtered seawater to remove
unattached organisms. Attached biofilms were preserved by
placing the plastic in 4% (w/v) paraformaldehyde in 0.2 M
phosphate buffered saline (PBS) for 3 h at 4 °C immediately
after removing the samples from seawater, then transferring
them to PBS/ethanol at −20 °C for long-term storage.

Staining procedure

All cellular DNA was labeled with the blue fluorescent
Hoechst 33342 (Life Technologies, Eugene, OR), a sensi-
tive and broad-spectrum intercalating stain effective for
bacteria, archaea, fungi, and microbial eukaryotes. The lipid
membrane dye FM 1–43 FX (Life Technologies, Eugene,
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OR) was employed for the visualization of individual
microbial cells within a biofilm matrix. Both stains were
used according to the recommendations of the manufacturer
(Table S2). A detailed description of the procedure can be
found in the Supplementary section.

CLSM

A Carl Zeiss LSM 780 system configured on an inverted
Observer Z1 microscope was used to acquire the images of
biofilms at the Central Microscopy Facility (Marine Bio-
logical Laboratory, Woods Hole). Images were obtained
with a 40 × 1.3 NA Plan-Apochromat oil-immersion
objective. For each sample, 20 fields of view were randomly
imaged, except for PS at week 8, where 14 fields of view
were collected. A total of 214 images were acquired in this
study. Daily calibrations for magnification and sensitivity
were performed using 4 µm microsphere beads from the
TetraSpeck™ Fluorescent Microspheres Size Kit (Invitro-
gen, Carlsbad, CA). CLSM Images of TetraSpeck™
Microsphere beads acquired at three lasers were used as a
reference to adjust the acquisition settings such as pinhole,
gain, and voltage levels. Additional details can be found in
the Supplementary section.

Quantification of total cell numbers and
photosynthetic cells

To quantify cell abundances within the biofilms, all images
of z-stacks were processed using IMARIS 9.3.0 (Bitplane,
Zurich, Switzerland). Cells stained with both Hoechst
33342 and FM 1–43 were assessed using the “coloc”
function. The constructed colocalization images were ren-
dered as 3D images with the “iso-surface” function. If the
cells in the iso-surface rendered images, which were initi-
ally separate, were merged in the reconstruction, we
manually split them with the “cut surface” tool. This served
to capture most cells, but some merged cells were over-
looked, leading to undercounting of cells. In all, 60–100
connected cells per counting view were processed with our
“cut surface” editing, which could provide an averaged
prediction missing signal (5.4%) over all the counting
views. Finally, we quantified the cell number using the spot
detection function. We estimated the cell abundance (cells/
mm2) harbored in the plastisphere by summing the total cell
numbers (direct counts in each Z-stack image) and dividing
by the area covered by the images.

Quantifying the volume-based proportion of Chl-a
fluorescence as a function of the total biofilm volume
enabled us to monitor the dynamics of autofluorescent cells
(presumed phototrophs) within the biofilms. For each 3D-
CLSM image, the volumes of Chl-a fluorescence and all
cells were quantified by constructing a 3D iso-surface based

on signals from the Chl-a and FM 1–43 channels, indivi-
dually. Subsequently, the proportional Chl-a volume was
calculated by normalizing the volume of signals in the Chl-
a channel to those in the FM 1–43 channel. The manual
selection of the threshold was applied based upon visual
inspection throughout the imaging quantification.

Calculation of cellular carbon on PMD

The carbon biomass of cells was estimated based on pub-
lished C:vol relationships of marine microbes [18, 19].
Generally, three subblocks of each image were subsampled
along the diagonal direction (Fig. S1). Cell dimensions
(length and width, μm) in the subsampled blocks were
measured manually on the images. Five images from each
sample were randomly selected and measured. A total of
165 subsampled blocks were analyzed, and 12,613 cells
were measured.

Our calculation of cellular carbon was based on pre-
viously determined bacterial, archaeal, and eukaryotic cell-
carbon values and procedures [19–22] which are detailed in
the Supplementary section. In addition, all detailed methods
for determining PMD surface area, calculation of biomass
[22, 23], and statistical evaluations can be found in the
Supplementary section.

Results

Biofilm structures characterized by CLSM

Microbial cells were heterogeneously distributed on all four
types of substratum over the period of incubation (Fig. 1).
Microscopy images showed that pennate diatoms domi-
nated biofilm communities at week 1. At later stages (8-
week incubation), biofilms became more crowded and
diverse, and other photosynthetic and non-photosynthetic
microbes supplanted the diatoms (Fig. 1).

Cell size and abundance dynamics

All measured cell sizes were in the range of 0.84–54.6 μm
in length and 0.46–23.7 μm in width (Fig. S2). Cell abun-
dances between substrates and abundances on all substrates
were observed to increase over the incubation experiment
(Fig. 2 and Table S3). These abundances were combined
with ocean surface plastic inventory literature values to
estimate global contributions (Table S4). At week 1, the cell
abundances on PE were much higher than the three other
substrates (Kruskal–Wallis test, χ2= 25, p < 0.05; paired
Mann–Whitney–Wilcoxon test, p < 0.05, Fig. 2), but at
week 8 no significant differences in cell abundances on the
three plastic substrates were detected. However, a
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significantly lower cell density (0.8 × 105 ± 0.3 × 105 cells/
mm2) was observed on the glass compared to all plastics
(paired Mann–Whitney–Wilcoxon test, p < 0.05, Fig. 2).
The cell abundances on all substrates at week 8 displayed a
significant increase (up to threefold) compared to those at
week 1 (Mann–Whitney–Wilcoxon test, p < 0.05, Fig. 2,
Tables S3, S5, and S6). For PE, we analyzed five additional
time points, and cell abundances generally increased over
the incubation period (Fig. S3). Kernel density estimation
for the cell length showed the cell size distribution shifts

toward smaller cells on all four substrates with longer
exposure periods (Figs. 3 and S4). The average estimated
cell volumes dropped quickly over time on all substrates
(Fig. S5), and after the 1st week of incubation for PE
(Fig. S6).

Proportional Chl-a volume within all biofilm cells

There were differences in Chl-a volume proportion between
most substrates after 1 week of incubation (Kruskal–Wallis

Fig. 1 Three-dimensional
visualization of biofilm on four
substrates after 1 week (left
column) and 8 weeks (right
column) of immersion. Color
allocation: blue-DNA
intercalated with Hoechst
33342, red-FM1–43 styryl
membrane stain, green-
photopigment autofluorescence,
yellow is resulting overlay of red
and green signal. Arrows in the
top panels indicate
autofluoresence of a typical
microalga. Scale bar is 20 μm.
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test, paired Mann–Whitney–Wilcoxon test, p < 0.05,
Table S7), except no difference was observed between PP
and PS. At week 8, proportional Chl-a volumes differed
statistically between PE and PP (paired
Mann–Whitney–Wilcoxon test, p < 0.05), but no differ-
ences were found across other substrates (paired

Mann–Whitney–Wilcoxon test, p > 0.05). PE at week 8 had
a higher phototroph volume than the other substrates
(Kruskal–Wallis test, paired Mann–Whitney–Wilcoxon test,
p < 0.05, Table S7).

At week 1, significantly higher proportions of Chl-a
volumes within all biofilm cells were detected on three
plastic substrates than at week 8 (Kruskal–Wallis test: PE,
χ2= 42.1, p≪ 0.001; Mann–Whitney–Wilcoxon test: PP,
W= 284, p≪ 0.001; PS, W= 94, p≪ 0.001). Overall,
biofilm autofluorescence volumes at week 1 were higher
than those at week 8 (Fig. 4a). In contrast, the proportions
of the autofluorescence volume on glass displayed no sig-
nificant difference between weeks 1 and 8.

Carbon biomass on substrates

Carbon biomasses were significantly different between PE,
PP, PS, and glass substrates at week 1 (Kruskal–Wallis test,
paired Mann–Whitney–Wilcoxon test, p < 0.05, Table S7).
PE had the largest carbon mass value, followed by glass,
PP, and PS (Fig. 4b). Differences in carbon biomasses were
also found between three of the substrates at week 8

Fig. 2 Cell abundance (105× cells/mm2) on four substrates after
1 week and 8 weeks of immersion. Values indicate mean ± SD. Not
sharing a common letter at the same time point means there was a
statistically significant difference between cell abundances
(Kruskal–Wallis test, paired Mann–Whitney–Wilcoxon test, p < 0.05).

Fig. 3 Curves show kernel
density estimations for the cell
length distributions on four
substrates after 1 and 8 weeks
of immersion. Black dots
represent the actual size of each
cell individually measured in the
CLSM images.
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(Kruskal–Wallis test, paired Mann–Whitney–Wilcoxon test,
p < 0.05, Table S7).

Total carbon biomass on PE and Glass decreased temporally
from week 1 to 8, while total carbon biomass on PP increased
(Kruskal–Wallis test, paired Mann–Whitney–Wilcoxon test,
p < 0.05, Fig. 4b and Table S5). PE in particular at week
1 supported 10–20-fold more carbon biomass than the other
substrates but dropped quickly at week 2 and remained at
levels similar to the other substrates until week 12 (Fig. 4b).

Discussion

Biofilm formation in the marine environment is a complex
process, involving many variables, however, emerging
patterns from previous studies correlate with our data set.
Diatoms have been repeatedly reported as important colo-
nizers of marine plastic since the first reference to plastic in
the ocean [3, 14, 24–26] and as shown in Fig. 1 (oval green
cell morphologies), pennate diatoms in the present study
dominated the biofilm communities on all four substrate
types after 1 week of immersion. Pennate diatoms com-
monly dominate the biofilm community, irrespective of the

nature of the substrata [27], while at later stages, the
abundance of diatoms generally declines with the increasing
colonization of other microorganisms [14, 26].

Dense diatom monolayers on plastics can result in a
buoyancy decrease and net downward transport of plastic
particles from the surface layer [28–30]. A significantly
higher (10–20-fold) carbon biomass in the early biofilm on
PE, dominated by pennate diatoms, was observed in our
study (Figs. 1 and 4b), suggesting that normally buoyant
plastic pieces with sufficiently high surface area/volume
ratios could be prone to sinking at the initial stages of
biofilm formation, particularly for PE. Our 3D images and
observed morphological features (e.g., shape and size) of
microbes on four substrates (Figs. 1 and 3) showed that
diatoms became considerably less abundant in the late
successional stages for all substrates tested, except PS.
Thus, it is plausible that diatoms dominating plastic surfaces
are a common pattern in the early stages of biofilm for-
mation in the marine environment.

No significant differences of proportional phototrophic
volumes were found on glass between weeks 1 and 8. This
finding is in disagreement with Mueller et al. [31], who
grew phototrophic biofilms on glass slides over 44 days in
flowing unfiltered North Sea water and found a linear
increase in phototrophic biovolumes by quantifying CLSM
images. A possible explanation for this difference is that
their experimental set-up (biofilms were grown in 70 L
containers in natural seawater) was under relatively steady
state conditions in contrast to the natural conditions in our
study where biofilm formation is disturbed by various
environmental factors such as protist grazing [32]. Our
study also differs from this study in that they represented
the absolute volumes of phototrophs by quantifying the
CLSM images, while we compared proportional volumes of
phototrophs. In contrast to glass, we observed lower pro-
portions of phototrophic volumes on three plastic treatments
at week 8 compared to those at week 1 (Fig. 4a). This
implies that differences in the chemistry between plastics
and glass may contribute to this differentiation in the
responses of photosynthetic organisms. Recently, laboratory
experiments showed plastic leachates of high-density PE
and polyvinyl chloride, including inorganic and organic
chemicals, significantly reduce the in vitro growth and
photosynthesis in Prochlorococcus spp., the most abundant
photosynthetic bacterial taxon in the ocean [33]. Similarly,
Capolupo et al. [34] documented that leachates from PP and
PS apparently inhibited the growth of the marine microalga,
Skeletonema costatum. Although the leachates of post-
consumer plastics used in our study were not monitored, it
is plausible that these commercial plastic products con-
taining various additives and adsorbed chemicals could act
as a chemical cue to influence the primary productivity
within the plastisphere. In addition, biofilms are thought to

Fig. 4 Temporal development of biofilms over the incubation
period on four substrates (polyethylene (PE), polypropylene (PP),
polystyrene (PS), glass (Glass)). a Biovolume proportion (%) of
chlorophyll a fluorescence within the total biofilm volume. Data are
means ± standard error of the mean. b The estimated carbon mass
(104 × pgC/mm2). Not sharing a common letter between different time
points of the same substrate indicates statistically significant differ-
ences (ns= no significance) based on Kruskal–Wallis and
Mann–Whitney–Wilcoxon tests (p < 0.05).

72 S. Zhao et al.



act as a trophic link between dissolved nutrients in the water
column and the higher trophic levels of the aquatic eco-
system [35]. The decreased relative volumes of phototrophs
on plastic substrates at week 8 (Fig. 4a) would potentially
affect the growth rate of the secondary consumers in the
community.

Cell abundances on substrates increased during the
exposure time (Figs. 2 and S3), with a maximum found on
PE at week 8. These changes indicate progressive biofilm
stages over time, from the initial colonizers altering the
physicochemical substratum surface conditions toward
more secondary colonizers at later stages that have also
been observed in previous studies [27, 32]. The average cell
counts on four substrates (ranging from 0.5 × 104 to 1.8 ×
105 cells/mm2) were comparable to a previous study that
enumerated microplastics from the Western Mediterranean
Sea (4.4 × 104 cells/mm2) [36]. In our study, we observed a
successional pattern of attached microbes clearly transi-
tioning from larger to smaller cell volumes both qualita-
tively (Fig. 1), and quantitatively from cell dimensional
analysis (Figs. 3 and S4). Our results show the relative
abundance of eukaryotic community (cell length: >2 μm) on
four substrates declined over the exposure time, contrasting
modestly with a recent study on plastisphere incubation
research in the Caribbean Sea that identified an increasing
trend of diatoms monitored by SEM over a 6-week incu-
bation [24]. This discrepancy may be due to differences in
geographic conditions and communities or microscopic
methods. However, Dudek et al. [24] also incubated their
plastic samples in nylon bags with a 1-mm mesh size, which
could have deterred grazing of the surfaces by some
invertebrates, such as harpacticoid copepods known to
selectively feed upon diatoms in biofilms [37]. In contrast,
plastic samples in our study were incubated in cages with a
1-cm mesh. Grazing of diatoms has been commonly
observed by Schlundt et al. [14], who used SEM to ana-
lyzed biofilm on plastics from the same incubation experi-
ment as described in this report.

Changes in the C/vol relationship and cell abundances
led to variations in the area-specific carbon biomass on
different substrates between weeks 1 and 8. The five
sequential time points for PE (Fig. 4) appear to show
an oscillation in carbon biomass and proportions of pho-
totrophic volumes over the incubation period (high, low,
high, low, high). This is in keeping with the observations
by Yokota et al. [38], who cultured the cyanobacterium
Dolichospermum flosaquae with various microplastics
and found statistically significant differences in abun-
dances as a function of incubation time, suggesting indi-
cating a dynamic interaction between physicochemical
properties of plastic, microbial communities, its
life cycles, and environmental factors [28, 38]. This
dynamic, possibly cyclic pattern is suggested by our PE

data, however, longer incubations with more frequent
sampling would be necessary to verify this cell-carbon
oscillation.

Substrate-driven biofilm structures

Incubation experiments of plastic substrates in the marine
environment have demonstrated that the physiochemical
characteristic of the substratum surface (such as hydro-
phobicity, surface texture, and chemical nature) can affect
colonizing communities [16, 32, 39–42], and surface
hydrophobicity has been considered as a factor affecting
microbial cell adhesion because microbes attach more
rapidly to hydrophobic surfaces than hydrophilic surfaces
[15, 43, 44]. Previous research reported that diatom genera
(such as Achnanthes, Amphora, Cocconeis, Navicula, and
Synedra) adhered more strongly to hydrophobic surfaces,
inhibiting motility and release, than hydrophilic surfaces,
where diatom gametes swarming and release was enhanced
[45]. With respect to the substrate types used in our study,
PE is the most hydrophobic (water contact angle, θ=
101.7°), followed by PP (θ= 99°), PS (θ= 87°), and glass
(θ= 51°) in descending order with lower water contact
values indicating more hydrophilic surfaces [16]. Hence, we
predicted that more hydrophobic surfaces could harbor
more microbial cells initially and our data demonstrated this
by the descending order of cell abundances per area on PE,
PP, PS, and glass at week 1 (Fig. 2), however, this trend has
not been as clearly observed by other researchers. For
example, Ogonowski et al. [16] did not report a correlation
between bacterial abundance and substrate hydrophobicity
after incubating PE, PP, PS, and glass substrates in the
Baltic Sea for 2 weeks. These disparate results could be due
to differing methods employed, where we made direct
counts of cells, while Ogonowski et al. [16] estimated
bacterial abundances by Q-PCR analysis of 16S rRNA
genes using a primer set with broad phylogenetic specifi-
city, which was better suited for their overall investigation
of understanding how microbial assemblages varied with
substrate variability. Another factor complicating direct
comparison of the results of Ogonowski et al. [16] and our
study is the fact that 16S rRNA operon copy numbers can
range from 1 to 17 per bacterial genome and are strain
specific. A higher 16S rRNA operon copy number per
genome of a specific taxon can create bias up to an order of
magnitude or greater in comparison to individuals with a
lower copy number [10]. In contrast, we determined cell
abundances via direct counts of microbes, although this
approach might miss some microorganisms in the 1–2 μm
range due to the complex structure of the biofilm hampering
Hoechst 33342 cell membrane penetration. Thus, it is likely
that cell abundances are underestimated in our study, but we
maintain that these errors are consistent between samples
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and the plastisphere contributes slightly more C than we
report.

Some substrates inhibit the formation of biofilms
[16, 38]. Of the three plastic substrates, we observed the
lowest cell abundance on PS surfaces at week 1, which was
around threefold lower than that at week 8 (Fig. 2 and
Table S3). This could be attributed to the potential inter-
action between the styrene monomers and microorganisms.
Styrene monomers have proven to be toxic to microbes in
anaerobic treatment systems [46], and could potentially act
as a negative chemical cue for the settlement of
microorganisms.

Despite the differences in cell abundances, we did not
find a clear correlation between biovolume (carbon bio-
mass) per area and substrate hydrophobicity at week 1 or
8 (Fig. 4b). At week 8, cell abundance on glass was lower,
in contrast to plastic substrates. Compared to inorganic
glass substrates, plastic polymers have been suggested as
an active carbon source for the attached microbial com-
munity [6, 16], which could encourage more effective cell
proliferation. But no distinctions of area-specific cell
abundance on the three plastic substrates at week 8 could
be explained by the similar surface attributes, which
implies that the influence of surface properties on the
adhesion of microbes is only apparent at the initial stages
and decreases with maturation of the biofilm. This finding
is in agreement with Kettner et al. [41], who found the
abundances of fungi on PE and PS showed no differ-
entiation after incubation in seawater for 15 days, in
contrast to distinctions between plastics and wood.
Recently, Pinto et al. [47] reported that the plastic-specific
bacteria among PE, PP, and polyvinyl chloride surfaces
were less variable and abundant at later stages than those
at early stages. These observations also suggest that bio-
film communities at later stages are more structured by
changes in colonization and biofilm characteristics, rather
than by the substrate properties [48].

Microbial carrying capacity on a global scale

Based on the reported plastic counts and size classes
floating in the world’s ocean [5] and the general abundances
of different plastic debris in ocean surface water [23], we
estimate that PMD could provide a total surface area of
2.5 × 1010 m2 (Table S4). The plastic surface area estimation
assigns a particle diameter of 200 mm to any plastic afloat at
sea, which results in a conservative surface prediction. This
surface area value of PMD indicates a potentially large and
durable surface for microbial colonization. Trace nutrients
are concentrated on solid surfaces in the water column,
becoming more bioavailable and stimulating bacterial
respiration [49]. This “Zobell” effect can have a significant
influence. For instance, the subtropical gyres are

accumulation zones for buoyant PMD [5] and nutrient-
limited ocean regions [50, 51]. Thus, PMD in the oligo-
trophic subtropical gyres could provide a nutritional benefit
for sessile microbes, altering the open ocean community
and microbial loop by stimulating attached communities
and gross production, while simultaneously stripping
nutrients from the water column, inhibiting the growth of
free-living cells.

Integrating over the calculated PMD distribution in the
world’s ocean, we estimated the total number of cells on
plastic debris to be 2.1 × 1021 to 3.4 × 1021. This value is
roughly equal to ~1% of microbial cells (2 × 1023 cells) in
the global ocean neuston surface microlayer [52]. Because
much of the PMD is concentrated in the oligotrophic central
gyres, this may lead to unknown consequences for the
surrounding microbial water-column community diversity
and function, and biogeochemical cycles in the open ocean.
This number is three orders of magnitude lower than the
numbers of microbial cells in the global rivers (1.2 × 1024

cells) and both polar regions (4.0 × 1024 cells) [53]. Multi-
plying plastic surface area by the area-specific carbon bio-
mass at the early and late stages of biofilm on plastic
substrates, the total amount of carbon biomass in these
plastic-associated cells is predicted to be 1.5 × 103 to 1.1 ×
104 metric tons, which is roughly similar with the previous
estimate of living biomass (8.6 × 102 to 1.6 × 104 metric
tons) on PMD [3]. Our higher bound carbon estimate (1.1 ×
104 metric tons) approaches the estimated cellular carbon
mass in the global rivers (2.4 × 104 metric tons), as well as
both polar regions (8 × 104 metric tons) [53]. It should be
noted that our values of cell numbers and carbon contents
include both eukaryotes and bacteria/archaea, in contrast to
bacterial and archaeal cells alone, as were quantified by
Whitman et al. [53].

This introduction of carbon biomass on PMD can pro-
vide a potentially extra “carbon source” for the biota in the
ocean, especially the oligotrophic subtropical gyres, the
oceanic accumulation zone of PMD. Although grazing the
surface of PMD has been reported from all levels of the
marine trophic web, the transfer of energy between plastic-
associated microbial assemblages and pelagic communities
has not been well characterized. The first step to elucidate
the ecological role of PMD is to understand the formation,
structure, dynamics, and especially carbon content and
nutritional value of bacterial/archaeal and eukaryotic cells in
the plastisphere. We emphasize that our carbon biomass
estimates on PMD above should be considered con-
servative. Contrasted with the similar size ranges of bacteria
and archaea (picoplankton-sized cells), eukaryotic cell
volumes (nano- and microplankton-sized cells) vary by
several orders of magnitude in our measurements (Figs. S5
and S6), which would have resulted in highly variable
amounts of carbon mass per cell. Therefore, median and
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mean carbon biomass data were used to calculate the carbon
content of eukaryotes and bacteria/archaea, respectively. To
estimate the cell number and carbon mass on “other”
polymer types (plastic debris besides PE, PP, and PS) at the
global level, the minimum values of carbon per cell, cell
abundances, and eukaryotes to bacteria/archaea ratios from
the measured PE, PP, PS were selected (Table S6). More-
over, the C/vol relationship for diatoms was employed to
estimate the carbon content of all eukaryotic cells in our
study. Among all published C/vol equations for eukaryotes,
the conversion factors for diatoms resulted in the minimum
C value for each cell [19]. In addition, we know that some
cells in our 3D biofilms were obstructed from view, and we
assumed a maximum plastic particle diameter of 200 mm.
Size fractions rigorously determined by Eriksen et al. [5]
allow us to make a more constrained calculation of plastic
substrate areas. Moreover, the employment of the estimated
plastic counts (5.25 trillion pieces [5]) in the global ocean is
three to ten times lower than the most recent estimation
(15–51 trillion particles) by Van Sebille et al. [1], which
also results in the underestimation of the PMD microbial
carrying capacity. Finally, we considered only the microbial
community in calculating our carbon mass estimates,
ignoring the contribution of macrofouling communities of
metazoans that often thickly coat PMD, particularly the
larger pieces. Future studies should incorporate the whole
community, as well as spatial and temporal patterns of cell
numbers and carbon biomass on PMD from the global
ocean to determine their impacts on the overall oceanic
ecosystem.

It is important to emphasize two limitations of the
methods used to estimate carbon biomass in our study. First,
microscopic image analysis could impact the accuracy of
cell size and count measurements, including the lack of
robust discrimination between bacterial, archaeal, and
eukaryotic microorganisms, through illumination and halo
effects with the fluorescent cells causing overestimation of
biomass, the resolving power of microscopy, and the
automatic algorithm of the image segmentation [54, 55]. A
second principal limitation is the use of empirically derived
“carbon/volume” relationships to estimate the cellular car-
bon contents, often used for microbial biomass estimates
[13, 56, 57]. A significant amount of “carbon/volume”
conversion factors/models have been measured and vary
significantly [17, 18]. These differences can be derived from
the heterogeneity in species composition of the environ-
mental samples studied and the different physiological state
of pure cultures [58]. Therefore, biomass estimates based on
defined “carbon/volume” relationships could introduce
uncertainties in the biomass estimates. Using other pub-
lished conversion factors/formulas [17, 58], the estimated
global carbon mass calculated values on PMD varied,
however, they are still close (changing our lower and upper

estimates by about 32% and <5%, respectively) to our
current calculations (Table S8). We also emphasize that the
global estimate of biomass serves as a benchmark for fur-
ther studies of determining the “microbial carrying capa-
city” of PMD.

Introduced < 50 years ago, plastic substrates are a novel
microbial habitat in the world’s oceans [3, 6]. Although
several studies have surveyed microbial diversity and
quantified specific members of these biofilm habitats, ours
is the first to holistically quantify total cell inventories under
in situ conditions. Our study design allowed carrying
capacity to be quantified and comparisons of microbial
biomass to be made among different polymer substrates
over time using a relatively non-biased, direct cell staining,
and counting method. As a “foreign” perturbation in marine
systems, the comparatively large quantity of cells and car-
bon biomass carried by floating plastic debris could exert
unknown consequences on the biodiversity, ecological
functions, and biogeochemical cycles within the ocean.
Indeed, each plastic particle in the marine environment can
be considered a microbial reservoir harboring microbes'
orders of magnitude higher in density than the surrounding
open ocean community. Future efforts should focus on how
this biomass fluctuates with season and latitude and its
potential to perturb the flux of nutrients in the upper layers
of the ocean.

Data availability

All data needed to evaluate the conclusions in the paper are
present in the paper and/or the Supplementary Materials.
Additional data related to this paper may be requested from
the authors.
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