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Abstract
In the last decade, extensive application of hydraulic fracturing technologies to unconventional low-permeability
hydrocarbon-rich formations has significantly increased natural-gas production in the United States and abroad. The
injection of surface-sourced fluids to generate fractures in the deep subsurface introduces microbial cells and substrates to
low-permeability rock. A subset of injected organic additives has been investigated for their ability to support biological
growth in shale microbial community members; however, to date, little is known on how complex xenobiotic organic
compounds undergo biotransformations in this deep rock ecosystem. Here, high-resolution chemical, metagenomic, and
proteomic analyses reveal that widely-used surfactants are degraded by the shale-associated taxa Halanaerobium, both
in situ and under laboratory conditions. These halotolerant bacteria exhibit surfactant substrate specificities, preferring
polymeric propoxylated glycols (PPGs) and longer alkyl polyethoxylates (AEOs) over polyethylene glycols (PEGs) and
shorter AEOs. Enzymatic transformation occurs through repeated terminal-end polyglycol chain shortening during co-
metabolic growth through the methylglyoxal bypass. This work provides the first evidence that shale microorganisms can
transform xenobiotic surfactants in fracture fluid formulations, potentially affecting the efficiency of hydrocarbon recovery,
and demonstrating an important association between injected substrates and microbial growth in an engineered subsurface
ecosystem.

Introduction

The integration of horizontal drilling and hydraulic frac-
turing (HF) technologies for the recovery of hydrocarbons

from unconventional low permability (“tight”) formations
has increased the production of natural-gas in the United
States and abroad [1]. In 2017, the United States became a
net exporter of natural-gas for the first time since 1957,
producing on average more than 70 billion cubic feet
per day [2]. During HF, fluids are injected at high pressures
to induce new and reopen existing fractures in extremely
low-permeability (nano-Darcy conductivities) rock forma-
tions, increasing production of petroleum resources [1, 3].
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Injected fluids are comprised primarily of water, proppant
(e.g. fine sand), and organic chemical additives, with for-
mulations optimized by industry to increase natural-gas
yields, while concurrently protecting well infrastructure [3].
Once the petroleum well has been completed and natural-
gas production commences, injected fluids continue to mix
with highly saline formation pore waters, generating pro-
duced fluid brines that return to the surface over the course
of several months to years [3–8].

The interconnected fractures generated by HF create a
new microbial ecosystem through an infusion of surface-
derived water, nitrogen, and carbon sources to the shale
[4, 7, 9, 10]. Microbial community dynamics in samples
from HF natural-gas wells have been described for several
different U.S. black shale formations [9]. Within months,
the microbial communities converge, and are characterized
by low species-level diversity and predominance of halo-
tolerant, fermentative Bacteria and Archaea [4, 9–18]. This
microbial community shift occurs as HF-injected carbon
and electron acceptors are depleted, and salinity becomes
enriched from formational brine and dissolution of solid
phase salts [4–8, 11, 12, 15, 17, 19–21]. Recent studies
have begun to describe the unique metabolisms and adap-
tations enabling microbial persistence in this engineered
subsurface [11, 12, 18, 22–24], with some influenced by the
lability of chemical additives used by the petroleum
industry to protect the petroleum well and enhance its
production [11, 18, 22, 23, 25].

Organic chemical components of HF fluids play an
important, yet under-characterized role in sustaining
microbial communities in shales. For example, urea is a
naturally-derived additive that reduces friction in fracturing
fluids [26], and may be consumed as a carbon and nitrogen
source through conversion to CO2 and NH3 by taxa present
in the first few months in HF shale-gas wells (e.g. Arco-
bacter, Marinobacter) [18]. Additionally, the vitamin cho-
line (added as choline chloride) is the most frequently
disclosed clay stabilizer used by the industry, and may fuel
a community metabolism culminating in biogenic produc-
tion of osmoprotectants and ultimately methanogenesis
[11, 25]. Furthermore, the gelling agent guar gum, a poly-
saccharide derived from plants, is readily degraded by
Halanaerobium, which couples guar gum fermentation to
sulfide production months to years after HF occurs [23].
The above referenced studies focus on the biotransforma-
tion of labile or naturally-derived compounds, underscoring
the need to better understand metabolisms influencing
xenobiotic compound degradation during and after HF
operations [25].

Xenobiotic polyglycols are common and essential com-
ponents of HF fluids in natural-gas wells (up to 49.7%) as
crosslinkers, scale inhibitors, solvents, and surfactants
(Supplementary Table 1) [25, 27]. Specifically, alkyl

polyethoxylates (AEOs) containing a branched or linear
alkyl hydrocarbon connected to repeating ethoxylate chains
have been identified in produced fluid samples from pet-
roleum wells that underwent HF [28–30]. In one study
examining fluids produced from the Niobrara Formation,
AEO relative concentrations decreased as the petroleum
well matured, but the mechanism(s) responsible for AEO
changes were not thoroughly explored [28]. One possible
explanation for surfactant losses in shale wells stimulated
by HF is biological attenuation. Anaerobic degradation of
glycols is accomplished via stepwise cleavage of ethoxylate
units catalyzed by the propanediol dehydratase gene cluster,
generating alcohols, carboxylic acids, and ketone metabo-
lites [31–33]. This biotransformation pathway has not been
investigated in situ during HF operations, but was described
in groundwater microcosms simulating spills of fracturing
and produced fluids, highlighting environmental impacts
that might arise from an accidental release of these con-
stituents [33, 34]. Moreover, this surfactant degradation
mechanism may have a negative effect on hydrocarbon
recovery due to unintended changes in produced fluid
chemistry, as the transformation pathway can (1) reduce
concentrations of injected chemicals resulting in a loss of
chemical efficacy, and (2) produce corrosive organic acids
that damage well infrastructure [35]. Biological degradation
of surfactants may help explain the aforementioned sur-
factant trends; nonetheless, the environmental and industrial
consequences of this pathway are significant.

To determine whether xenobiotic polymers are atte-
nuated by microorganisms in HF systems, we analyzed
changes in unsubstituted and alkylated polyglycols in fluid
samples collected up to 204 days after production began in a
Utica-Point Pleasant Formation natural-gas well in Ohio, U.
S.A. Temporal changes in surfactant chemistry were asso-
ciated with putative biotransformation genes from produced
fluid metagenomes. To confirm the capacity of relevant taxa
to enzymatically transform these xenobiotic compounds, we
applied genome sequencing, proteomics, and metabolite
analysis in laboratory batch experiments, uncovering a
previously uncharacterized, co-metabolic pathway for sur-
factant chain shortening by the halotolerant bacterial strain
Halanaerobium congolense WG10. Our results show that
key microbial strains are capable of transforming xenobiotic
organic additives in natural-gas wells stimulated by HF.

Materials and methods

Produced water sampling and pre-processing

Fluid samples were recovered from a natural-gas well
drilled in the Utica-Point Pleasant Formation (2.6 km depth)
in eastern Ohio between July 2014 and February 2015 as
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reported previously [12]. Due to a ~3 month “shut-in”, the
first fluid sampling occurred 86 days after HF. Samples
were collected from the gas-water separator in 1 L sterile
Nalgene HDPE bottles (Thermo-Fisher Scientific, Waltham,
MA) with no headspace. The flow rate in the separator
ranged from 190,000 to 380,000 L day−1, resulting in a
maximum 8 h residence time before any sampling event
[12]. Biomass from produced fluid samples (300–1000 mL)
was concentrated onto 0.22 µm PES filters (Nalgene,
Thermo-Fisher Scientific, Waltham, MA) within 24 h of
sampling and stored at −80 °C until further use [12]. Fil-
trate was collected and preserved for ion (4 °C, with or
without nitric acid), dissolved carbon analysis (4 °C, HCl),
and surfactants (−20 °C) as described below and in
the Supplementary Methods.

Bacterial growth experiments

Surfactant biodegradation experiments were performed
using H. congolense WG10, a strain isolated from this
Utica-Point Pleasant natural-gas well 140 days after HF as
previously described [12]. H. congolense WG10 was grown
in SWDM medium (Supplementary Methods) containing
10 mM D-Glucose and amended with a commercial sur-
factant additive “Revert Flow”, which contains C6-C12

alcohol ethoxylates, isopropyl alcohol, orange terpenes, and
a polyethylene glycol–polypropylene glycol (PEG–PPG)
co-block polymer (Supplementary Table 2). Revert Flow
was added to culture samples at concentrations of ~150 mg/
L total organic carbon (TOC), with AEOs and PEG-PPGs
each between 15–45% of total Revert Flow mass according
to the manufacturer (Supplementary Table 2). Biotic sam-
ples (containing Revert Flow and 10 mM D-glucose) and
glucose controls (10 mM D-glucose) were cultured in tri-
plicate using a 10% inoculum. Killed controls, conducted in
duplicate, were initially grown to mid-log phase with 10
mM D-glucose, heat killed using an autoclave, then trans-
ferred to fresh medium (10%). Abiotic controls (in dupli-
cate) contained a 10% transfer of sterile SWDM. All
transfers were performed under anoxic conditions (80% N2,
20% CO2) and were incubated at 37 °C in the dark. Growth
was monitored using optical density readings (OD, 610 nm)
on a Hach DR900 Colorimeter (Loveland, Colorado).
Samples were collected aseptically immediately after
inoculation/transfer (t0), at mid-log phase (tm) when OD
reached ~0.3 (25.5 h for glucose controls, 43 h for surfactant
amended cultures), stationary phase (ts) (51 h for both
treatments), and death phase (td) (66 h for both treatments).
Dissolved constituents were filtered (0.22 μM PES, EMD
Millipore, Burlington, MA) for GC and LC analyses
(Supplementary Methods, Supplemental Table 3), while
unfiltered samples were used for ATP analysis (Supple-
mentary Methods).

Shotgun proteomic analysis

Biomass for shotgun proteomic analysis was collected from
biological triplicates at mid-log phase and pelleted by
centrifugation at 10,000×g for 10 min at 4 °C. Pellets were
immediately flash frozen and stored at −80 °C until ship-
ment to Pacific Northwest National Laboratory for analysis.
Protein extraction, digestion into peptides, and analysis on a
2D ACQUITY ultra high-performance liquid chromato-
graphy (UPLC) M-class system (Waters, Milford, MA) was
performed as previously described [12, 36]. Measured
peptides were searched against predicted peptides derived
from the H. congolense WG10 genome. Resulting peptide
identifications were filtered via MS-GF+ using a Q value of
≤0.01 [37] and a reverse decoy database search using the
reported filters generated an FDR of 0.9%. For comparative
analyses of replicates, protein spectral counts were nor-
malized by the normalized spectral abundance frequency
(NSAF) method [38] and Z-score values were calculated
from the mean protein abundance across all conditions as
previously reported [12]. Values between glucose controls
and surfactant grown cells were considered significantly
different if the difference in the protein z-score was ≥1.65
(90% confidence).

Polyglycol analysis

AEOs (C4, nC6, C6, C8) and polyethylene glycols (PEGs)
from field samples were analyzed using a high-performance
liquid chromatograph coupled to a high-resolution mass
spectrometer (LTQ-Orbitrap Velos with positive polarity
electrospray ionization (ESI)) (Thermo-Fisher Scientific,
Waltham, MA) at Duke University. Chromatographic
separation of branched and linear AEOs (e.g. nC6 vs. C6)
was achieved (Supplementary Fig. 1). Sample preparation,
instrument methodology, and identification methods have
been previously reported [39]. Limits of detection and
quantification were determined for each measured species
(Supplementary File 1).

C8 AEOs and PPGs in laboratory samples were analyzed
using UPLC with quadrupole time-of-flight mass spectro-
metry (qTOF-MS) at the Colorado State University Central
Instrument Facility (Supplementary Fig. 2) [33]. The
separation and identification methods have been previously
reported [40] with the following exceptions: C8 alkyl
polyethoxylates (C8 AEOn) and polypropylene glycols
(PPGn) were manually quantified on the most abundant
adduct [M+NH4]

+, except for PPGs with propoxymers n=
4–8, which were quantified on the more abundant adduct
[M+Na]+ (Supplementary Table 4). A calibration curve
(R2= 0.9879) was constructed using a C10EO8 standard
(Sigma Aldrich) for quality assurance and to establish a
linear range for similar species for accurate semi-
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quantitation based on relative abundances (see Supple-
mentary Table 4, Supplementary Table 5). For both field
and culture sample analysis, external calibrants for indivi-
dual species or mixtures with known species concentrations
were unavailable, therefore a semi-quantitative approach
was employed which normalized all AEO, PEG, and PPG
species to the starting concentrations of each individual
polyglycol, as has been reported previously (Supplementary
Table 6) [28, 33, 34, 40, 41].

Metagenomic sequencing and analysis

DNA was extracted from produced fluid filters and
sequenced as previously reported [12]. Metagenomes in
IMG/M were assembled by the Joint Genome Institute
using MEGAHIT v. 1.0.3 and annotated using the IMG
Annotation Pipeline v.4.10.0 [42]. Gene inquiry for isolate
genomes and metagenomes were performed using IMG/M
from JGI [43]. Genes in H. congolense WG10 were iden-
tified using annotated EC numbers and by comparison to
characterized genes in Acetobacterium woodii (Supple-
mentary Methods). Genes in assembled metagenomes were
identified through comparison to H. congolense WG10
using BLASTp (within IMG/M) with quality cutoffs (≥90%
identity and bitscore ≥200) (Supplementary Files 2, 3)
[43, 44].

Data accession

Metagenomic sequence data from this study is available
under NCBI BioProject ID PRJNA433267 and the Joint
Genome Institute (JGI) Integrated Microbial Genomes and
Microbiomes (IMG/M) database. Genomic sequence data is
available under the JGI-IMG/M database under project
number Ga0073285. Proteomic data is available in Sup-
plementary information (Supplementary File 4).

Results and discussion

Surfactants attenuate in situ during the months
following hydraulic fracturing

Five different polyglycols were detected in produced fluids
from this Utica-Point Pleasant natural-gas well, with rela-
tive abundances varying through time based on surfactant
class and chain length (Fig. 1a). Branched C6 AEOs, con-
taining two to nine ethoxylate units (EO2 to EO9) decreased
by 97% on average between the first day of flowback (day
86) and later production on day 204 (Fig. 1b). During earlier
flowback (days 86–92 after HF), branched C6 AEOs with
short ethoxylate chain lengths (EO3, EO4) doubled in
abundance concurrent with ~50% loss for longer chains by

day 94 (EO5-EO9) (Fig. 1c). This trend is consistent with
enzymatic chain shortening of linear AEOs under anaerobic
conditions [31, 32]. Pseudo-first order rate constants based
on temporal changes in surfactant relative abundances were
used to estimate half-lives for individual ethoxylate lengths
and ranged from 10 and 26 days for branched C6 AEOs
(Fig. 1d). In contrast to the trends described for branched C6

AEOs, linear structures with the same alkyl length (nC6

AEO) decreased only 35% between days 86 and 204,
resulting in half-lives on the order of 52–106 days (Fig. 1b,
d). AEOs with shorter alkyl chain lengths (C4 AEOs) were
removed more slowly (Fig. 1e) resulting in significantly
longer half-lives than AEOs with longer alkyl chain lengths
(115 to 990 days) (Fig. 1d). On the other hand, C8 AEOs
decreased the quickest, with 99.7% reduction by day 204,
and exhibited the shortest half-life of all detected AEO
species (10–20 days) (Fig. 1b, d). Here, branched C6 and C8

AEOs attenuated at a considerably faster rate than linear C6

or C4 AEO structures, indicating a clear preference for the
longer, branched alkyl chains over shorter or linear struc-
tures in this system. To further support this point, we also
tracked PEGs through time, which contain an ethoxylate
backbone without an alkyl chain. PEGs decreased only 32%
by day 204, with estimated half-lives between 65 and
266 days (Fig. 1d, e). Similarly, monomeric ethylene glycol
only decreased 17% between days 86 and 204, while
monomeric propylene glycol decreased 55% during this
time (Supplementary Fig. 3). Earlier studies have revealed
similar temporal declines in specific AEOs compared to
PEGs, yet little attention has been given to examining
potential causes other than sorption or mixing effects [28].

Geochemical mixing model discerns physical from
biochemical surfactant trends

To elucidate whether observed field trends in AEOs and
PEGs were a result of geochemical mixing, we applied an
end-member mixing model to inorganic elements and ions
measured in the input and produced fluid samples using
input fluid and day 204 as end-members. Mg2+, Ca2+, Sr2+,
and Br− were strongly related to Cl- in formation waters
(Spearman’s > 0.94), suggesting a conservative mixing
model was appropriate to discern physical (i.e. dilution)
effects in this system (Supplementary Table 7) [20]. Ten
days after flowback began (day 96), Li+/Cl− molar ratios
approached a plateau near 2 × 10−3 (Supplementary Fig. 4),
indicating fluid mixing effects within the formation had
diminished. In addition, pH and conductivity measurements
were consistent for the first 12 days after flowback began
(Supplementary Table 7), suggesting solubility variations
from redox changes were minimal during this period of time.
Throughout the temporal flowback series, Cl− and Sr2+

increased by 1.5 and 2.8 fold, respectively (Supplementary
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Fig. 4). By comparison, the abundance of branched C6 and
C8 AEOs decreased monotonically through time by 2 orders
of magnitude, while PEGs, C4 and nC6 AEOs remained
steady or increased during the flowback period (Fig. 1). If
trends in surfactant abundance were due solely to dilution,
we would expect to see the same magnitude of change in
both inorganic ions and organic constituents in the absence
of appreciable pH/redox driven changes in anticipated
adsorption, which was not the case. These combined trends
indicate dilution and/or mixing could not completely explain
surfactant temporal trends, and that another attenuation
mechanism occurred.

We considered whether decreases in branched C6 and C8

AEOs could be due to sorption effects from interactions
with shale [28], but ruled this out as the primary loss
mechanism based on two possible explanations. Firstly, as
observed here, AEOs with shorter ethoxylate chains
increased in abundance before decreasing (e.g. branched C6

EO3, EO4 between day 86 and 89, Fig. 1c), while other
chain lengths for the same alkyl group monotonically
decreased (e.g. branched C6 EO2, and EO5-EO9). A system
dominated by sorption should show similar trends for
ethoxylate units of the same alkyl structure (e.g. decreases,
not increases). Secondly, if we consider partitioning of
surfactants from an aqueous phase (fracture fluid) into an
organic phase (e.g. kerogen within source rock), we would
expect the more hydrophobic surfactant (higher alkyl chain
lengths, linear structures) to have a greater attraction for
other organic phases than the less hydrophobic surfactant
(lower alkyl chain lengths, branched structures). Sorption

may explain the rapid losses in C8 AEOs relative to C4

AEOs or PEGs; however, the opposite trend is observed in
the linear versus branched isomers of the C6 AEOs. Spe-
cifically, the slightly less hydrophobic branched C6 AEOs
decreased to a greater extent than the more hydrophobic
linear nC6 AEOs at all observed time points (Fig. 1b,
Supplementary File 1). It is therefore unlikely the surfactant
trends described here are dictated solely by differences in
hydrophobicity or sorption to an organic phase. Polymers
such as guar gum are known to form filter cakes in situ,
which may be one possible explanation for the observed
decrease in polyglycol concentrations; however, poly-
glycols are used to prevent and disrupt filter cake formation
during drilling [45], rendering filter cake formation an
unlikely mechanism explaining these trends. Sorption to
cell biomass is also unlikely to dictate surfactant trends as
viable cells rarely exceed 106 cells mL−1 in produced fluid
[11]. Altogether these data suggest a third mechanism, such
as biotransformation, may govern surfactant fate in this
system.

Metagenomic identification of surfactant degrading
genes

Enzymatic chain shortening of AEOs, PEGs, and ethylene
glycol can occur under anaerobic conditions through the
propanediol dehydratase gene family (pduCDE). The bio-
chemical reaction generates acetaldehyde, which can be
dismutated to ethanol and acetate by an aldehyde dehy-
drogenase (pduP) [31, 46] (Fig. 2a). Although there is

Fig. 1 a Structures of polyglycol compounds observed in this Utica-
Point Pleasant natural-gas well. b Produced fluid temporal change in
total AEO species for linear nC6, branched C6, and C8 AEOs where
C0 is the sum of all ethoxylates of a particular alkyl species at Day 86.
Error bars correspond to the standard deviation of the average change
experienced by the sum of all ethoxylates for a given alkyl chain.
c Branched C6 AEO temporal trends relative to Day 86, with each bar

representing a different C6 ethoxylate. d First-order rate constants
(bars, left y-axis) and half-lives (circles, right y-axis) for PEGs, C4,
nC6, C6, and C8 AEOs. Colors correspond to legend given in b, e.
e Produced fluid temporal change in total AEO for C4 AEOs and PEGs
where C0 is the sum of all ethoxylates of a particular alkyl species at
Day 86. Error is the same as described in b

2694 M. V. Evans et al.



currently no characterized enzyme for the biotransformation
of PPGs under anaerobic conditions, propylene glycol, the
monomer of PPGs, can be degraded by a diol dehydratase
under both aerobic and anaerobic conditions, generating
propionaldehyde, n-propanol, propionate, and acetone as
products [33, 47–49]. We therefore mined metagenomes
from Utica-Point Pleasant produced fluid samples for genes
encoding enzymes known to degrade polyglycols to deter-
mine whether the aforementioned microbial bio-
transformation pathway existed in this system.

We detected the surfactant biotransformation gene,
pduC, in produced fluid metagenomes throughout the life-
time of the Utica-Point Pleasant natural-gas well (Supple-
mentary File 2) [44]. Observed pduC genes were highly
similar (top hit, bit score > 100, identity > 90%) to dominant
Halanaerobium, Thermoanaerobacter, and Clostridiales
(Supplementary File 2), previously identified as key
microbial community members in this natural-gas well [12].
Despite the association of pduC to these three different
bacterial genera, 86.5% of all pduC genes mapped with high
homology (bit-score > 70, identity % > 70) to Halanaer-
obium, and all pduC genes detected after day 112 were
matched to Halanaerobium (Supplementary File 2). The
halotolerant taxon Halanaerobium, which can grow at NaCl
concentrations greater than 25%, but grows optimally
between 10 and 15% NaCl [50], commonly dominates the
microbial community in later produced fluids from natural-
gas wells stimulated by HF [4, 11, 12, 14, 23, 24]. As such,
Halanaerobium is an important model organism for
understanding biogeochemical changes in the highly saline,
HF stimulated shale ecosystem. Since Halanaerobium was

persistent in this natural-gas well and its reconstructed
genome contained putative surfactant degrading genes, we
focused our search to genes within metagenomic data
having high homology to this genus.

We compared metagenomic data to a genome sequenced
from a Halanaerobium strain isolated from the Utica-Point
Pleasant natural-gas well on day 140 [12]. The isolate, H.
congolense WG10, contained several important surfactant
degrading genes with homology (bit score > 200, identity >
30%) to a known glycol-degrading bacterium, Acet-
obacterium woodii (Fig. 2b) (Supplementary File 3) [46].
The normalized metagenomic gene counts for the propa-
nediol dehydratase gene family (pduCDE), aldehyde
dehydrogenase (pduP), and iron-containing alcohol dehy-
drogenase (Fe-ADH) paralleled the increasing abundance of
Halanaerobium as the natural-gas well matured, except on
day 204 where gene absence may be related to viral pre-
dation of Halanaerobium (Fig. 2c) [11, 51]. The decreasing
abundance of branched C6 and C8 AEOs in this natural-gas
well corresponds with higher pduCDE gene abundances
(Fig. 1b, Fig. 2c), suggesting Halanaerobium may be pri-
marily responsible for surfactant chain shortening in this
system. In addition to detecting the putative enzymes in the
most dominant bacterial taxa, we also identified four pos-
sible metabolites that could result from polyglycol chain
shortening in produced fluid using LC-MS and the MetFish
approach [52], including aldehydes, carboxylic acids,
alcohols, and a ketone (Supplementary Fig. 3). Although
these metabolites could result from the transformation of
other natural and additive compounds, given the portion of
fracture fluid chemical mass accounted for by polyglycols in

Fig. 2 a Scheme for enzymatic biotransformation of a branched C6

alcohol ethoxylate based on Huber et al. [31] and Trifunović et al. [46] .
b H. congolense WG10 genomic contig containing pdu and related
genes with homologous genes to Acetobacterium woodii denoted by
green circles (bitscore > 200, identity > 35%) c Relative abundance of

Halanaerobium through time and the normalized gene copies ((gene
count/assembled metagenome size) × 108) present in produced fluid
metagenomes using blastp (>90% identity and bit-score > 250) com-
pared to the genes present in the genome of H. congolense WG10

In situ transformation of ethoxylate and glycol surfactants by shale-colonizing microorganisms during. . . 2695



this shale-gas well (~0.007%, Supplementary Table 8) their
presence further supports the possibility that this bio-
transformation pathway is occurring in situ. Metabolite data
generated by LC-MS analysis was further supported by
NMR analysis of produced fluid samples (Supplementary
Fig. 3).

Surfactant degradation observed in isolate cultures

Given the likely presence of a surfactant degrading meta-
bolism in Halanaerobium, we tested the ability of the iso-
late H. congolense WG10 to metabolize a commercially
available surfactant mixture (Revert Flow, Supplementary
Table 2) containing PPGs and C6-C12 AEOs by tracking
changes in surfactant chemistry, protein abundances, and
metabolite production during batch growth over 60 h
(Supplementary Fig. 5). As this strain did not grow on the
commercially available surfactant mixture (Revert Flow),
PEGs, ethylene glycol, or propylene glycol as a sole carbon
source, surfactant treatments were amended with D-glucose
and compared with a glucose control (Supplementary
Fig. 7).

Total PPGs decreased in surfactant treatments by 19%
with no PPG losses observed in killed or abiotic controls
(Fig. 3a). PPGs containing higher propoxylate (PO) chain
lengths (PO6 through PO10) displayed more significant
decreases in relative concentration (26–47%) as compared
with shorter propoxylate lengths (PO4 and PO5) (8 and
12%, respectively), a trend which may be attributed to the
shortening of longer PPG chains (Fig. 3b). Metabolite data
showed significantly higher propionate concentrations in
surfactant treatments (0.54 mM) compared to glucose con-
trols during the death phase (Fig. 4a), supporting the
enzymatic production of carboxylic acids from PPG chain
shortening. To our knowledge, H. congolense WG10
represents the first report of a microbial isolate transforming
PPG under anaerobic conditions.

Biotransformation of AEOs also occurred during growth
of H. congolense WG10 on surfactants. Total AEOs
decreased in relative concentration by 74%, with losses in
several ethoxylate chain lengths (EO4 through EO7) sig-
nificantly lower than killed and abiotic controls (Fig. 3a, b).
Acetaldehyde/propionaldehyde, the initial product(s) of
AEO/PPG chain shortening, had a higher concentration in
the surfactant treatment (>0.6 mM) at stationary phase
compared to glucose controls, which never surpassed 0.2
mM at any time point (Fig. 4a). Acetate concentrations were
significantly higher during mid-log phase in surfactant
treatments; however, acetate continued to increase in glu-
cose controls during the death phase whereas concentrations
plateaued in surfactant treatments (Fig. 4a). No significant
differences in concentration of ethanol/propanol were
detected between the two treatments (Fig. 4a). It is

important to note that we measured considerable losses in
the relative concentration of AEOs in abiotic and killed
controls (35 and 64%, respectively, Fig. 3a), which we
attributed to interaction with growth medium reagents
(abiotic) and/or sorption to dead biomass (killed) estimated
at 109 cells/mL. It is also possible high salt concentrations
caused matrix suppression during analysis of AEO species
using mass spectrometry [30]; however, medium conditions
were held constant, therefore these effects are similar across
treatments.

Fig. 3 Relative change in initial and final concentrations of poly-
propylene glycols (PPGs) and C8 alkyl polyethoxylates (AEOs) in
surfactant amended cell cultures between inoculation (t0) and sta-
tionary phase (ts, 51 h). a The sum of all PPG and C8 AEO polyglycol
species. b Relative change in each individual ethoxylate/propoxylate.
Error bars correspond to standard deviations between triplicate mea-
surements, and statistical significance for biotic cells (p < 0.1) is
denoted by (*) compared to abiotic controls only and (**) compared to
both killed and abiotic controls
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Using shotgun proteomics, we sought to determine
which biochemical pathway was responsible for surfactant
transformations in H. congolense WG10. Protein relative
abundance for each of the three genes in the propanediol
dehydratase gene cluster pduCDE (Gene 6–8 in Fig. 4b/
Ga0072835_105104-105106) was significantly higher in
surfactant grown cultures as compared with glucose con-
trols (Fig. 4b, Supplementary Fig. 6). The activity of
pduCDE generates one mole of an aldehyde per ethoxylate
(AEO) or propoxylate (PPG) cleaved. As aldehydes are
toxic to bacterial cells, they are immediately captured by a
bacterial microcompartment (BMC) before conversion to
propionyl/acetyl CoA using an aldehyde dehydrogenase
(pduP, Gene 9/105116) [47]. Here, we saw a significant
increase in the relative abundance of proteins associated
with BMCs (105102, 105103, 105110) as well as overall
increases in pduP for surfactant grown cells (Gene 9/
105116) (Supplementary Fig. 6). In addition, proteins
responsible for converting propionyl/acetyl-phosphate to
their corresponding carboxylic acids (propionate/acetate)
were identified at significantly higher relative abundances in
surfactant grown cultures compared to glucose controls
(Gene 11/10188) (Fig. 4b, Supplementary Fig. 6). Fur-
thermore, at least eleven proteins associated with Vitamin
B12 synthesis, a key cofactor during pduCDE activity, were
observed at significantly higher levels for cells grown on
surfactants (Supplementary Fig. 6) [47].

In addition to increased abundance of proteins associated
with AEO and PPG chain shortening, we also observed
clear differences in methylglyoxal synthase (Gene 2/
11740), methylglyoxal reductase (Gene 4/10770), and (S)-
lactaldehyde reductase (Gene 5/10563) protein abundance
for surfactant grown cultures (Fig. 4b, Supplementary
Fig. 6). These three enzymes convert dihydroxyacetone
phosphate derived from glucose to methylglyoxal, next
reducing it to lactaldehyde, and finally producing propylene
glycol. Propylene glycol is then taken into the propanediol
dehydratase gene cluster (pduCDE) for conversion to car-
boxylic acids and alcohols as described previously. When
grown in the presence of glycol-containing compounds, we
infer that H. congolense WG10 utilizes the methylglyoxal
bypass during glycolysis, thereby “turning up” the pathway
for propanediol dehydratase. Consequently, surfactant
grown cells likely shuttle more glucose through the
methylglyoxal bypass relative to glucose controls. This
would culminate in decreased glycolytic activity and
increased production of aldehydes (acetaldehyde/propio-
naldehyde) and carboxylic acids (acetate/propionate) from
the generation of propylene glycol and from shortening of
AEO and PPG chains (Fig. 4a).

Research by others suggests the methylglyoxal bypass is
important for bacteria grown under stress or nutrient limited
conditions, including excess organic carbon [53–56].
Although carbon was not limited in our experiments, we

Fig. 4 a Relevant metabolite concentrations for surfactant grown
cultures and glucose controls at t0, tm (mid-log), ts (stationary phase),
and td (death phase), and statistical significance (p < 0.1) is denoted by
(*) next to the measurement. b Proposed surfactant metabolic recon-
struction of Halanaerobium congolense WG10 cultured with surfac-
tants compared to glucose controls. Arrow color represents average z-
score in proteins from surfactant cultures. Each arrow denotes one
biochemical step, whereas each number corresponds to individual

proteins. Statistical significance (p < 0.1) for differences in protein
relative abundance in surfactant grown cultures are denoted by a black
outline around the corresponding arrow. Blacked out arrows indicate
the protein was solely found in surfactant grown cultures and not in
glucose controls. The protein legend includes the gene number, name,
and z-score differences between glucose controls and surfactant grown
cultures

In situ transformation of ethoxylate and glycol surfactants by shale-colonizing microorganisms during. . . 2697



observed significantly higher abundances of the universal
stress protein (uspA, 10238) in surfactant amended cultures
(Supplementary File 4). Moreover, in a recent study on a
closely-related Halanaerobium strain isolated from the
same natural-gas well (H. congolense WG8), the methyl-
glyoxal bypass was initiated under growth at high pressures
with glucose as the sole carbon source, possibly to dispose
of excess reducing equivalents [48]. Here, we propose co-
metabolism of glycols occurs either through cellular stress
and/or high concentrations of glycols within the medium,
activating both the methylglyoxal bypass and the propane-
diol dehydratase pathways.

Our combined field and laboratory data provide evidence
for several important findings regarding bacteria living in
highly saline anaerobic systems. Firstly, the halotolerant
bacterial strain isolated from produced fluids obtained from
this natural-gas well, H. congolense WG10, can co-
metabolize two commonly used surfactant classes,
namely, AEOs and PPGs, when grown on a labile substrate.
Importantly, the pduCDE gene cluster in H. congolense
WG10 acts on monomeric ethylene glycol, PPGs, and
AEOs, but not PEGs (Supplementary Fig. 7), indicating a
predilection for specific polymers. Our field data suggest
that enzymatic preference extends to alkyl chain length (C8

and C6 over C4 AEOs) and structure (branching over linear
AEOs, and AEOs over PEGs). This finding is surprising in
light of previous work which described branched AEOs as
significantly more recalcitrant to biodegradation than linear
AEOs [57]. Here, the presence of glucose is key to sur-
factant biotransformation through presumed precursor acti-
vation of the propanediol dehydratase gene cluster after
sending fructose-1,6-biphosphate through the methyl-
glyoxal bypass. The propanediol dehydratase gene family
(pduCDE) as well as the aldehyde and alcohol dehy-
drogenases (pduP, Fe-ADH) were detected in metagenomes
assembled from fluids produced from the Utica-Point
Pleasant natural-gas well (Fig. 2c). However, not all
Halanaerobium strains contain these genes (Supplementary
Table 9), suggesting that this pathway may be unique to
certain strains occupying specific niches in the HF stimu-
lated shale ecosystem.

During HF operations, both labile carbon and recalcitrant
xenobiotic carbon compounds are injected into the subsurface
along with microbial cells. Guar gum and other poly-
saccharides are frequently disclosed in fracture fluid for-
mulations, and are readily metabolized by microorganisms in
produced fluids [11, 23, 25]. In particular, Halanaerobium is
capable of cleaving the mannose and galactose monomers
from guar gum, yielding galactose which can be converted to
glucose-1-phosphate for use in glycolysis [23]. Guar gum
transformation may therefore initiate the methylglyoxal
bypass in a similar way to glucose, triggering the propanediol
dehydratase pathway and resulting in chain shortening of

surfactants in produced fluids. The production of carboxylic
acids and alcohols associated with this co-metabolic pathway
in Halanaerobium may provide bottom-up support to other
shale-associated microorganisms [22]. Moreover, the biolo-
gical depletion of injected surfactants in parallel with the
accumulation of metabolites may lead to sub-optimal hydro-
carbon extraction, advanced petroleum well corrosion, and an
overall lower rate of return for the petroleum industry [35].

Conclusion

Specific classes of AEOs were rapidly attenuated during the
first few months after HF of a natural-gas well drilled in the
Utica-Point Pleasant Formation. Although this trend has
been observed in other petroleum wells stimulated by HF,
the mechanism(s) behind surfactant losses were not well
understood. In this Utica-Point Pleasant natural-gas well,
Halanaerobium dominated the microbial community
structure within months, despite the decreasing concentra-
tions of labile carbon and increasing salinity. An isolate
from this natural-gas well (H. congolense WG10) trans-
formed AEOs and PPGs in the presence of glucose, utiliz-
ing the methylglyoxal bypass during glycolysis to initiate
chain-shortening enzymes. The co-metabolic pathway
described here may be initiated by other polymeric com-
pounds that enter glycolysis (e.g. guar gum), suggesting this
pathway may inadvertently occur until polymers are com-
pletely transformed. In contrast to the surfactant types
attenuated in field and laboratory findings (AEOs, PPGs,
monomer glycols), PEGs were not degraded in the Utica-
Point Pleasant natural-gas well produced fluids nor by H.
congolense WG10, suggesting that PEGs may be useful
tracers of injected hydraulic fracturing fluid in this system.
Our findings highlight the versatility of the halotolerant
bacterial taxa, Halanaerobium, to metabolize xenobiotic
organic additives injected during HF stimulation of natural-
gas wells.
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