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Abstract
Seagrasses thrive in anoxic sediments where sulphide can accumulate to phytotoxic levels. So how do seagrasses persist in
this environment? Here, we propose that radial oxygen loss (ROL) from actively growing root tips protects seagrasses from
sulphide intrusion not only by abiotically oxidising sulphides in the rhizosphere of young roots, but also by influencing the
abundance and spatial distribution of sulphate-reducing and sulphide-oxidising bacteria. We used a novel multifaceted
approach combining imaging techniques (confocal fluorescence in situ hybridisation, oxygen planar optodes, and sulphide
diffusive gradients in thin films) with microbial community profiling to build a complete picture of the microenvironment of
growing roots of the seagrasses Halophila ovalis and Zostera muelleri. ROL was restricted to young root tips, indicating that
seagrasses will have limited ability to influence sulphide oxidation in bulk sediments. On the microscale, however, ROL
corresponded with decreased abundance of potential sulphate-reducing bacteria and decreased sulphide concentrations in the
rhizosphere surrounding young roots. Furthermore, roots leaking oxygen had a higher abundance of sulphide-oxidising cable
bacteria; which is the first direct observation of these bacteria on seagrass roots. Thus, ROL may enhance both abiotic and
bacterial sulphide oxidation and restrict bacterial sulphide production around vulnerable roots, thereby helping seagrasses to
colonise sulphide-rich anoxic sediments.

Introduction

The health and productivity of seagrass ecosystems across
the world is linked with the sulphur cycle. The reasons for
this lies in the high availability of dissolved sulphate in
seawater combined with the reduced nature of seagrass
sediments [1]. As such, the mineralisation of organic matter
and release of plant available nutrients (N and P) in the
sediment is typically coupled to microbial sulphate reduc-
tion [2, 3]. In the process of liberating nutrients from organic
matter, sulphate reduction also results in the production of
sulphides such as H2S [4]. H2S is a known phytotoxin of
plants as it disables energy production by inhibiting the
activity of cytochrome c oxidase and other metal containing
enzymes [4]. This paradox leads us to question how sea-
grasses survive in reduced sediments with high dissolved
sulphide concentrations.

At present, the survival of seagrasses in sulphide-rich
sediments has been attributed, in part, to the radial diffusion
of oxygen from within roots to the rhizosphere (commonly
termed radial oxygen loss, or ROL) [5, 6]. This ROL can
protect seagrasses by abiotically oxidising sulphide to less

* Belinda C. Martin
belinda.martin@research.uwa.edu.au

1 School of Biological Sciences, The University of Western
Australia, 35 Stirling Highway, Crawley, WA 6009, Australia

2 The UWA Oceans Institute, The University of Western Australia,
35 Stirling Highway, Crawley, WA 6009, Australia

3 Centre for Microscopy, Characterisation and Analysis, The
University of Western Australia, 35 Stirling Highway,
Crawley, WA 6009, Australia

4 School of Agriculture and Environment, The University of
Western Australia, 35 Stirling Highway, Crawley, WA 6009,
Australia

5 Environmental Futures Research Institute, Griffith University,
Parklands Drive, Southport, QLD 4215, Australia

6 Ooid Scientific Graphics and Editing, White Gum Valley,
WA 6163, Australia

Electronic supplementary material The online version of this article
(https://doi.org/10.1038/s41396-018-0308-5) contains supplementary
material, which is available to authorised users.

12
34

56
78

90
()
;,:

12
34
56
78
90
();
,:

http://crossmark.crossref.org/dialog/?doi=10.1038/s41396-018-0308-5&domain=pdf
http://crossmark.crossref.org/dialog/?doi=10.1038/s41396-018-0308-5&domain=pdf
http://crossmark.crossref.org/dialog/?doi=10.1038/s41396-018-0308-5&domain=pdf
mailto:belinda.martin@research.uwa.edu.au
https://doi.org/10.1038/s41396-018-0308-5


harmful forms, thus reducing entry of toxic sulphide into
roots [7]. However, the presence of sulphide-oxidising
bacteria on seagrass roots may prove a more efficient
strategy for the removal of sulphides from the sediment than
abiotic removal, as bacterially mediated sulphide oxidation
can be 1000—10,000 times faster than abiotic oxidation [8].
The idea of plant protection by microbial sulphide oxidation
is not new, and the presence of sulphide-oxidising bacteria
inside the gills of Lucinid clams have been associated with
decreased sulphide concentration in seagrass sediments [9].
Free-living sulphide-oxidising Beggiatoa have also been
shown to decrease sulphide concentrations in the soils of
waterlogged rice seedlings [10]. However, similar mutually
favourable interactions between free-living sulphide oxidi-
sers and seagrass roots are yet to be established.

One group of free-living sulphide-oxidising bacteria that
are suited to living in the oxic–anoxic microzones of sea-
grass roots are the filamentous bacteria within the Desulfo-
bulbaceae known as ‘cable bacteria’ [11]. Cable bacteria
span the oxic–anoxic interphase and transport electrons
along their filaments to connect sulphide oxidation in the
anoxic layer to reduction of oxygen in the oxic layer [12].
Recently, cable bacteria have been found in a diversity of
habitats that have characteristically high sulphide levels,
including sediments in salt marshes and adjacent to seagrass
beds [13]. However, their presence has yet to be confirmed
in the seagrass rhizosphere. If cable bacteria do occur in
association with seagrass roots, benefits would exist for the
seagrass (as an additional defence against sulphide intru-
sion) and for the cable bacteria (via the creation of oxic
microzones, and hence generation of electron acceptors in
an otherwise anoxic and high-sulphide environment).

As the primary electron acceptor, O2 leaking from sea-
grass roots has the potential to influence the balance
between sulphide-oxidising bacteria (sulphide consumption)
and sulphate-reducing bacteria (sulphide production) within
the rhizosphere, but this essential link has not been explored.
Hence, although ROL has some capacity to directly oxidise
sulphide in the rhizosphere, we propose that the oxic
microenvironment generated around seagrass roots could
also enhance the oxidisation of sulphides by encouraging
the colonisation of sulphide-oxidising bacteria through the
provision of electron acceptors (O2, but also NO2

− or NO3
−

via nitrification), and limit sulphide production by creating
an environment that is not favourable for sulphate-reducing
bacteria [14].

Here, we use a novel multifaceted approach to link
microscale patterns of ROL and sulphide concentrations in
rhizospheres of Halophila ovalis and Zostera muelleri, to
colonisation patterns of sulphide-oxidising and sulphate-
reducing bacteria. This approach enabled us to show, for the
first time, the spatial extent and influence of ROL on colo-
nisation of sulphate reducers and sulphide oxidisers on

seagrass roots in situ and, ultimately, provided new evidence
for how seagrass survive in sulphide-rich sediments.

Materials and methods

Seagrass and sediment collection

H. ovalis, Z. muelleri, and sediments were collected from a
water depth of ~ 1 m using Perspex corers (10 cm i.d., 30 cm
depth) from the Swan River estuary (approximately 4 km
from the river mouth; − 32.03, 115.76), Western Australia
in November 2016 (Austral Spring). H. ovalis is the domi-
nant seagrass in the Swan estuary and its growth has pre-
viously been found to be constrained by conditions of the
river sediment (high concentrations of acid volatile sulphide
and organic matter) [15]. High sulphide intrusion into roots
of Z. muelleri has also been correlated with reduced biomass
and shoot density at sites in an estuary in the south-east of
Australia [16].

The two seagrass species were growing as a mixed
meadow in salinity close to that of seawater (~ 30 – 32 psu).
Maximum time-integrated sediment sulphide concentrations
in the meadow measured using sulphide diffusive gradient
in thin films (DGTs; see section below and supplementary)
were 172 µM during the day and 84 µM during the night
(Fig. S1). Intact cores of seagrasses and sediment were kept
in water in insulated boxes and transported back to the
University of Western Australia within an hour of collec-
tion. On return to the laboratory, plants were carefully
separated from the sediment by rinsing in water collected
from the sample site. Ramets consisting of three shoots with
intact apicals were immediately planted into rhizoboxes.
Each rhizobox (20 cm (h) × 20 cm (l) × 2 cm (w)) consisted
of two clear acrylic sheets (2 mm thickness) with an open
square spacer of water-resistant foam between them (Fig.
S2). One side of the rhizobox was glued permanently to the
foam, whereas the other side was sealed using non-toxic
silicone grease and held together with rubber bands to make
the side detachable, yet water tight. Each rhizobox was fitted
with oxygen planar optodes (see section below) and filled
with sieved (< 2 mm) sediment from the sample site. The
sieved and homogenised sediment was a silty sand with a
bulk density of 1.50 ± 0.09 g cm−3, a porosity of 52.8 ± 2.02
% and organic matter content of 3.26 ± 0.05 %. The rhizo-
boxes were then placed within larger (25 L) temperature
controlled (24 °C) recirculating glass aquaria filled with
aerated filtered seawater (~ 30 psu). Rhizoboxes were cov-
ered with black plastic to avoid interference from ambient
light and tilted at 45° to encourage root growth along the
optode wall (Fig. S2). Plants were grown under an irra-
diance of 250 µmol photons m−2 s−1 (measured with a LI-
COR underwater quantum sensor LI−192 connected to a LI
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−250A light meter) and a 14:10 h light:dark cycle. All
measurements were performed on new roots that had grown
into the sediments after transplanting.

Oxygen planar optode measurements

The two-dimensional O2 distribution in seagrass rhizo-
spheres was mapped using planar oxygen optodes consisting
of a 1% (wt) O2 quenchable platinum(II) meso-tetra(penta-
fluorophenyl)porphine combined with a 1% (wt) reference
dye (Macrolex © fluorescence yellow 10GN) immobilised
in 4% (wt) polystyrene coated on a transparent 100 µm
polyester support [17]. The optode was covered with a layer
of grey silicone (biocide-free) for insulation and to minimise
soil auto-fluorescence [18]. Both dye and silicone layers
were applied using a K-Hand coater (50 µm wet film; RK
Print Coat Instruments, UK). Planar optodes were taped to
the side of the rhizoboxes using waterproof tape and a thin
water film, while carefully avoiding air bubbles.

The oxygen planar optodes were imaged using a colour
ratiometric approach, where seven blue LED’s (λ-peak=
447.5 nm; Luxeonstar, Canada) equipped with a dichroic
blue filter (CDB-5051; UQC optics, UK) excited both dyes
to create duel emission; red luminescence from the O2-sen-
sitive dye and green luminescence from the reference dye.
Emission was captured using a modified digital SLR (Canon
EOS 1000D) equipped with a macro lens (Sigma 50mm
F2.8) and a long-pass emission filter (OG 530, Schott; UQG
optics, UK). The LEDs and SLR camera were controlled via
USB using the software ‘Look@RGB’ (imaging.fish-n-
chips.de), which also splits images into red, green, and blue
channels. The intensity ratio (red channel–green channel)/
green channel) was used to measure O2 concentration at the
surface of the optode using previously obtained calibration
curves. These calibration curves were obtained with and
without a strip of DGT (see below) by purging with N2 and
ambient air in filtered seawater (same salinity and tempera-
ture as the experiment) and monitored continuously with a
dissolved O2 meter (YSI ProODO). Two-point calibrations
were subsequently performed throughout the experiment
using anoxic sediment (0 µmol L−1 O2; 0% air saturation)
and the overlying water column (260 µmol L−1 O2; 100% air
saturation) as a reference to check and correct for any sensor
drift over time. Further details regarding calibration calcu-
lations and image capture and processing can be found in
Morten et al. [17]. All images were processed using the free
software ImageJ (version 1.48) (https://rsbweb.nih.gov/ij/).

Oxygen imaging and root sampling

The oxygen planar optodes were sufficiently transparent to
discern roots growing behind them, which allowed the
continual monitoring of root growth and subsequent ROL.

Oxygen concentration, width, and length of the oxic area
around roots were used as indicators of the extent of ROL
using tools in ImageJ. To corroborate the ROL patterns
observed using O2 planar optodes, roots of Z. muelleri and
H. ovalis were also examined for ROL using the methylene
blue agar method [19]. Detailed methodology on methylene
blue staining can be found in the supplementary.

At the end of the 4 weeks, roots were sampled for both
Fluorescence in situ hybridisation (FISH) analysis and 16 S
rRNA sequencing (see section below). For FISH sampling,
ROL from the roots of three replicate plants in separate
rhizoboxes of H. ovalis and Z. muelleri was imaged and
immediately quantified. Rhizoboxes were then carefully
opened and roots were cut using the planar optode image as
a reference to identify whole roots that were exhibiting ROL
(deemed ‘leaking’) and those exhibiting no ROL (deemed
‘non-leaking’). H. ovalis has only one root per rhizome node
and the apical root consistently exhibited ROL, whereas no
ROL was seen from roots on older nodes. Hence, we col-
lected the root from the second node as the ‘non-leaking’
root. For Z. muelleri, multiple roots grow from each rhizome
node and hence we selected roots that exhibited ROL or no
ROL from the apical shoot based on the optode image. Both
leaking and non-leaking roots were cut at the root tip (~ 5
mm, which includes the root cap and elongation zone with
no root hairs) and at the root hair zone (~ 20–40 mm from
the root tip). Root hairs were absent in the elongation zone
for both leaking and non-leaking roots. The unwashed root
segments were immediately placed into a 4% formaldehyde
(v/v) solution in phosphate-buffered saline (PBS) and fixed
over night at 4 °C. Roots were then washed in 1 × PBS three
times and stored in a 1x PBS/96 % EtOH (40:60) at − 20 °C
until hybridisations (see below) [20].

For DNA sampling, Z. muelleri roots were sampled in the
same way as those for FISH, that is, ROL from roots of four
replicate plants were imaged and quantified, leaking and
non-leaking unwashed roots were removed from the sedi-
ment, cut into sections defined above and immediately fro-
zen at − 80 °C. Bulk sediment DNA were also collected
from rhizoboxes. A schematic of the sampling design can be
found in Supplementary Figure 3.

Sulphide DGT

The two-dimensional distribution of sulphide in the rhizo-
sphere was measured using the DGT technique. This
approach consists of a polyacrylamide hydrogel impreg-
nated with silver iodide (AgI(s)) that reacts with dissolved
sulphide to form a black Ag2S(s) precipitate, which is
quantified using computer-imaging densitometry [21]. To
minimise the blurring of the oxygen distributions measured
by the planar optodes, the AgI DGT gels were prepared at ~
150 µm thickness (i.e., much thinner than the conventional
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AgI DGT gels, which are ~ 800 µm thick), using a method
modified from Robertson et al. [22]. Rectangles (6 × 10 cm)
of polyethersulfone filter membrane (0.45 µm pore size, 100
µm thick; Sterlitech) were dip-coated in a solution con-
taining 31.2 mL of deionised water, 18.8 mL of acrylamide/
bisacrylamide solution (19:1, 40% (w/w); Sigma Aldrich),
6 mL of 2 mol L−1 silver nitrate and 140 μL of 10% (w/w)
ammonium persulfate. The membranes were then sand-
wiched between two sheets of 250 µm thick polyvinyl
chloride and allowed to polymerise at room temperature for
at least 30 min. The membrane-supported gels were then
immersed in a solution of 0.4 mol L−1 potassium iodide over
night, to allow the precipitation of silver iodide within the
gel. The membrane-supported AgI gels were then rinsed in
deionised water and any loosely adhered AgI precipitate
removed by wiping the gels with lint-free laboratory tissue
(Kimwipes). Gels were stored at 4 °C in deionised water, but
were placed in seawater (same salinity as the tanks) 24 h
prior to deployment to condition the gels to the same ionic
strength. AgI DGT gels were deployed at midday on four
separate rhizoboxes; two containing Z. muelleri and two
containing H. ovalis. At each application time, the front
plates of the rhizoboxes were removed under water and
replaced with a blank acrylic plate to keep the sediments and
plants submerged and in place and to prevent re-oxidation of
sulphides prior to DGT deployment. DGT gels were then
mounted onto the optode with tape, carefully avoiding air
bubbles, and overlain with a NucleoporeTM membrane (0.2
µm pore size, 10 µm thick) to prevent any direct contact
between the gels and the sediments and roots. Once, the
front plates of the rhizoboxes were carefully replaced and
resealed, images of the oxygen-optode-DGT were then

taken every 10 min to monitor oxygen distribution and
ensure sediments remained anoxic during deployment (total
deployment time was 1 h).

FISH and confocal laser scanning microscopy

Standard FISH was conducted on root segments (~ 0.5 cm)
of either root tips or root hair zones in 500 µL micro-tubes
according to [20, 23]. Root segments were incubated in
150 µL of hybridisation buffer (900 mM NaCl, 20 mM Tris-
HCl, 35% formamide (v/v), and 10% SDS (v/v)) and 15 µL
of up to four probes (50 ng µL−1) were added to each tube
(Table 1). Doubly labelled probes were used for Cy5 and 6-
Fam to increase fluorescence signals above background
auto-fluorescence [24], whereas the new-generation Atto
dyes provide brighter fluorescence and greater photo-
stability and hence was applied as a single labelled probe
[25]. All probes were synthesised by Biomers (Ulm, Ger-
many) and were hybridised at a formamide concentration of
35% at 46 °C for 4 h. Root sections were carefully trans-
ferred to 50 mL of pre-warmed washing buffer (70 mM
NaCl, 20 mM Tris-HCl, and 5 mM EDTA) and incubated
for 15 min at 48 °C. Root pieces were then transferred to
cold MQ H2O for 1 min before mounting in VectaShield
AF1 (Vector Laboratories, Burlingame, CA) on a glass
slide. Spacers of carbon tape were used between the slide
and coverslip to prevent damage to the roots.

Confocal laser scanning microscopy (CLSM) was per-
formed on a Nikon Ti-E inverted microscope with a Nikon
A1Si spectral detector. Fluorescent dyes 6-Fam, Atto 565,
and Cy5 were sequentially excited with 488, 561, and 640
nm laser lines, respectively. Laser power was set at 4% and

Table 1 Fluorescently labelled
oligonucleotide probes applied
in this study

Probe sequence (5′–3′) Probe name Target group Fluorophore Reference

GCTGCCTCCCGTAGGAGT EUB338 (I)a Most bacteria Cy5-Cy5c [63]

GCAGCCACCCGTAGGTGT EUB338 (II)a Planctomycetales Cy5-Cy5c [64]

GCTGCCACCCGTAGGTGT EUB338 (III)a Verrucomicrobiales Cy5-Cy5c [64]

AGTTAGCCGGTGCTTCCT Delta495ab Most Deltaproteobacteria
and most
Gemmatimonadetes

6-Fam-6-Famc [65]

AGTTAGCCGGCGCTTCCT Delta495bb Deltaproteobacteria 6-Fam-6-Famc [65]

AATTAGCCGGTGCTTCCT Delta495cb Deltaproteobacteria 6-Fam-6-Famc [65]

ACCGGTATTCCTCCCGAT DSB706 Desulfobulbaceae (cable
bacteria) and
Thermodesulforhabdus

Atto 565 [66]

ACTCCTACGGGAGGCAGC NONEUB None (negative control
probe)

Cy5-Cy5c, 6-
Fam-6-Famc,
Atto 565

[67]

With exception of the probe with the fluorescent tag Atto 565, all probes were doubly labelled at the 5′ and
3′ end
aProbes applied as an equimolar mix (EUB mix)
bProbes applied as an equimolar mix (Delta mix) with a competitor probe mix (Delta comp. mix)
cDoubly labelled at both 5′ and 3′ end
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photomultiplier gain and offset were individually optimised
for each channel and every field of view. For each sample,
the upper root surface was located and 15 random images
were acquired using a × 60 Plan Apo VC Oil lens with 1.5 ×
and 2 × zoom with four line averaging. Manual counting of
cells hybridised in each laser channel was performed using
ImageJ using the Cell Counter plug-in (https://imagej.nih.
gov/ij/plugins/cell-counter.html). To account for non-
specific binding, manual cell counting was also performed
on the negative controls (using the probe NONEUB;
Table 1), and any cell numbers counted in the negative
controls were subtracted from the corresponding sample
counts (Fig. S4).

DNA extraction, 16 S rRNA sequencing, and
bioinformatics

DNA was extracted from unwashed roots using the MoBio
PowerSoil DNA extraction kit according the manufacturer’s
instructions. A fast prep 24 (MP Biomedicals) set at 4.5m s−1

for 60 sec was used to disrupt the soft seagrass roots and lyse
cells with DNA eluted in nuclease-free water. Microbial com-
munities were profiled using the primers 341 F—806R that
target the V3–V4 hypervariable region of the 16 S rRNA gene
and have lower off-target amplification of plant chloroplasts
[26–28]. Sequencing of pooled amplicons was performed by
the Australian Genome Research Facility (AGRF) on the Illu-
mina MiSeq platform, using Nextera XT v2 indices and 300 bp
paired end sequencing chemistry. Bioinformatic analysis of
sequence reads was largely completed following the pipeline
developed by [29]. Paired end reads were assembled by
aligning the forward and reverse reads using PEAR (version
0.9.1) [30]. Quality metrics were checked using FastQC (ver-
sion 0.11.5) and filtered using tools in FASTX (version 0.7) and
BBmap (version 35.84). Ambiguous and chimeric sequences
were identified and removed using VSEARCH (version 1.4.0)
with the RDP as reference [31]. All downstream analyses were
performed in QIIME (version 1.9.1) [32]. Open-reference
operational taxonomic unit picking was performed using the
SortMeRNA method [33] with a minimum identify of 97%.
Taxonomy was assigned using UCLUST (version 1.2.22) [34]
with the SILVA rRNA as reference (release 128) and sequences
were aligned using PyNAST (version 1.2.2) [35]. OTUs iden-
tified in < 0.1% of the reads were removed as well as reads
identified as chloroplast or mitochondria. Archaeae were not
filtered out. General sequencing statistics are provided in sup-
plementary Table 1.

Data analysis

Bacterial diversity of Z. muelleri roots within samples (alpha
diversity) was estimated using Faith’s Phylogenetic Diver-
sity. Weighted Unifrac of relative abundances of rarefied

data were used to construct dissimilarity matrices of the
communities (beta diversity) and visualised using PCoA.
Stratified permutational multivariate analysis of variance
(PERMANOVA; R vegan function adonis) with 999 per-
mutations was conducted to explore the percentage of var-
iance that could be explained by the differences in beta
diversity among leaking and non-leaking roots and root
regions of Z. muelleri.

Differences in microbial colonisation and bacterial alpha
diversity among root regions (e.g., root cap, elongation, and
root hairs) for each seagrass species were tested using either
linear mixed effects or generalised linear models, with
individual plants included as a random effect to account for
measures taken from the same root/plant. Differential
abundance of OTUs between leaking and non-leaking Z.
muelleri roots was performed on variance stabilised data
using the DESeq2 package [36]. Significance was deter-
mined by Benjamini–Hochberg corrected p values < 0.05.
Desulfobulbaceae sequences were re-aligned using SINA
aligner (v1.2.11) with a minimum identity of 0.9 and a
sequence cutoff of 0.7. A maximum-likelihood tree was then
constructed using FastTree (General Time Reversible model
and gamma rate) to show the phylogenetic relationship
between cable bacteria sequences recovered in our study to
those of known cable bacteria (Fig. S8).

All statistical testing was carried out in R studio (version
1.0.153) using the Phyloseq (version 1.14.0) [37], ggplot2
(version 2.2.1), vegan (version 2.4-3) and nlme (version 3.1
−137) packages. All raw 16 S rRNA sequences have been
uploaded to NCBI Sequence Read Archive under submis-
sion number SRP133137.

Results

Spatiotemporal patterns of ROL and sulphide in
seagrass rhizospheres

Oxygen planar optodes and methylene blue staining
demonstrated that ROL was spatially restricted to immedi-
ately behind the root tips of young apical roots (Fig. 1, Fig.
S5). The zone of ROL extended to an average length of
10.6 ± 4.8 mm for H. ovalis and 4.2 ± 2.7 mm for Z. muelleri
and an average width of 1.5 ± 0.7 mm for H. ovalis and 1.3
± 0.8 mm for Z. muelleri (Table S2), generally correspond-
ing to the region of root elongation. In this region, the
average oxygen concentration measured from nine replicate
plants was 59 ± 19 and 59 ± 21.7 µmol L−1 (22.6 ± 7.3 and
22.5 ± 8.3 % of air equilibrium (air= 20.6 kPa oxygen))
during the day for H. ovalis and Z. muelleri, respectively,
which is within concentrations previously reported for
belowground tissues of other. Zostera species and H. ovalis
[38, 39]. ROL was related to the age of the root (ceasing
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within 5–9 days of root growth for these fast growing spe-
cies) and depended on available light to leaves and shoots;
ROL was reduced by > 50% in length and oxygen con-
centration within 30 min of darkness (Fig. 1 and Table S2).

Sulphide DGTs combined with oxygen planar optodes
revealed that ROL of Z. muelleri resulted in an oxidised
band surrounding the root tip and a decrease in the con-
centration of sulphides within this band (Fig. 2a). Con-
versely, for those roots not exhibiting ROL, there was an
increase in sulphide concentration along the length of the
root (Fig. 2b).

Colonisation by root-attached bacteria within oxic–
anoxic microsites

To obtain insights into colonisation patterns of key bacterial
groups within the oxic and anoxic microsites of seagrasses,
we sampled both roots leaking oxygen and those not leaking
oxygen, hybridised these root pieces with specific fluor-
escent bacterial DNA probes and made observations using
CLSM (Fig. S3). For H. ovalis, colonisation by bacteria
(cells mm−2 root surface) was higher in the root hair zone
versus the root cap, but there was no significant difference
between roots exhibiting ROL (termed ‘leaking roots’) and
roots exhibiting no ROL (termed ‘non-leaking’ roots)
(Figs. 3a, c). Conversely, for Z. muelleri, colonisation by
bacteria (cells mm−2 root surface) differed among root zones
and between leaking roots and non-leaking roots (Figs. 3b,
c). Non-leaking roots had higher numbers of bacterial cells
than leaking roots (Fig. 3c). For leaking roots, the highest
number of bacterial cells was in the root hair zone where no
ROL was observed compared with the elongation zone and
root cap (Fig. 3c). Conversely for non-leaking roots, total

bacterial cell numbers did not differ among the three root
zones (cap, elongation zone, and root hair zone) (Fig. 3c).
There was a significant reduction in the proportion of δ-
proteobacterial cells in leaking roots versus non-leaking
roots for H. ovalis and in the elongation zone (region of
ROL) for Z. muelleri (Fig. 3d). Filamentous sulphide-

Fig. 1 Spatiotemporal patterns
in ROL from the roots of
Zostera muelleri and Halophila
ovalis. a Oxygen loss from Z.
muelleri roots over 9 days of
growth. A second new root can
be seen leaking oxygen in day 8
and 9. b Oxygen loss in roots of
Z. muelleri during light (250
µmol photons m−2 s−1) and dark
transitions (30 min darkness).
c Oxygen loss from H. ovalis
root over 3 days. d Oxygen loss
in H. ovalis root during light and
dark transitions. Images are
overlays of transparent optode
images on bw images of the
roots. Nine replicate plants were
measured for each species. Days
are relative to when ROL was
first observed (i.e., when the root
grew to the optode wall). Scale
bar is 5 mm

Fig. 2 2-D distribution of oxygen and sulphide in the rhizosphere of
Zostera muelleri during full light (250 µmol photons m−2 s−1).
a Oxygen (left) and corresponding reduction in sulphides (right)
around the leaking root tips (overlain with bw image of roots and
marked with white squares where oxidation has occurred). b Lack of
oxygen loss around older roots (left) and corresponding increase in
sediment sulphides (right) along the length of the root (overlain with
bw image of roots). Scale bar is 5 mm
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oxidising cable bacteria were detected on the root surface of
both H. ovalis and Z. muelleri, where they were significantly
higher in abundance in the root hair zone of leaking roots

(Fig. 3e). Cable bacteria were absent from the root cap of
leaking roots for both seagrass species and from the elon-
gation zone for H. ovalis (Fig. 3e).

Fig. 3 Colonisation patterns of microbial populations on oxic–anoxic
microsites of H. ovalis and Z. muelleri root surfaces. a, b Repre-
sentative confocal laser scanning microscopy (CLSM) micrographs
showing bacterial colonisation of root zones (root hairs, elongation,
and root cap) of a H. ovalis, with younger oxygen leaking roots on the
left panel and older non-leaking roots on the right panel, and b Zostera
muelleri, with younger oxygen leaking roots on the left panel and older
non-leaking roots on the right panel. Bacteria were stained with oli-
gonucleotide probes where red= bacteria (probe EUB I–III), yellow
= δ-proteobacteria (probe Delta 495a-c), blue/purple= cable bacteria

(probe DSB706). Scale bar is 10 µm. Fifteen images of each replicate
root were examined per root region. c–e Mean numbers of bacterial
groups (N= 3, SE ± 1) detected on the surface of root zones (root cap,
elongation, root hairs) c Bacteria (probe EUB I–III; red) d δ-
proteobacteria expressed as a proportion of total bacteria (probe Delta
495a-c; yellow) and e Cable bacteria expressed as a proportion of total
bacteria (probe DSB706; purple). The significance of fixed factors
(root zone, root type, and their interaction) are displayed in each plot,
where *= 0.05, ** < 0.01, *** < 0.001, and NS= not significant
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Diversity and community structure of root-attached
bacteria within oxic–anoxic microsites

To further investigate the influence of oxic microsites on
root microbial community composition, we sampled roots of
Z. muelleri leaking oxygen and those not leaking oxygen,
extracted DNA from the root tip (including both elongation
zone and root cap), and root hair zone, as well as from bulk
sediment and performed microbial community profiling
using 16 S rRNA (V3–V4) sequencing (Fig. S3). A 16 S
rRNA community profiling largely confirmed the influence
of ROL on root-associated microbial communities (Fig. 4).
Diversity (Faith’s phylogenetic diversity) differed by both
root region (F2,15= 41.6, p < 0.001) and root type (F1,15=
8.5, p= 0.01), which was lower on the root tip (the region
of ROL) relative to the root hair zone and the bulk sediment
(Fig. 4a). The composition of the Z. muelleri root micro-
biome was strongly affected by the type of root (i.e., leaking
vs non-leaking) and differed by root region as revealed by
PCoA of weighted UniFrac distances (PERMANOVA;
interaction term F1,19= 3.52, p= 0.02). The largest differ-
entiation among microbial communities was detected in the
root tip (corresponding to the region of ROL) between
leaking and non-leaking roots (Fig. 4b, Fig. S6, Fig. S7),
confirming the patterns observed in FISH-CLSM (Fig. 3).

Putative sulphide-oxidising bacteria within the ε-
proteobacteria (e.g. Sulfurimonas, Nitratifractor, and Arco-
bacter) were also found to be more differentially abundant
on non-leaking roots relative to leaking roots (Fig. 4c, Fig.
S6). Numerous genera of putative sulphate-reducing bac-
teria within the δ-proteobacteria were more abundant on
non-leaking roots than on leaking roots (Fig. S7).

Several sequences aligned with the candidate cable bac-
teria species Candidatus Electrothrix communis (Fig. S8).
Other sequences recovered from our 16 S rDNA data also
grouped within the monophyletic Candidatus Electrothrix
cluster, suggesting that these OTUs are potentially novel
cable bacteria species (Fig. S8). No sequences aligned to the
freshwater cable bacteria Candidatus Electronema.

Discussion

ROL in seagrasses is temporally and spatially
restricted

Oxygenation of the seagrass rhizosphere appears restricted
to areas surrounding the tips of young growing roots.
However, the degree to which this occurred was species
specific, with H. ovalis exhibiting ROL over a greater length

Fig. 4 16 S rRNA sequencing of
root regions of oxygen leaking
and non-leaking roots of Z.
muelleri roots and bulk
sediment. a Mean estimated
alpha diversity (Faith’s
Phylogenetic Diversity) ± 1 SE
(N= 4; points annotated with
different letters differ at
p < 0.05). b Principal
coordinates analysis (PCoA) of
weighted UniFrac distances.
c Differentially abundant OTUs
(significance of p < 0.05)
between root regions of oxygen
leaking and non-leaking roots.
Sediment was excluded from
differential abundance analysis.
OTUs are arranged by
increasing significance of their
adjusted p values and the
direction of the log2 fold change.
Greater than 0 log2 fold change
indicates OTUs more
differentially abundant in
leaking roots. Roots were
sampled during full light
(250 µmol photons m−2 s−1)
supply to the shoots, and
immediately after oxygen loss
was quantified
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of root than Z. muelleri. The differences in ROL between
these two species and among roots of different ages could be
due to the variation in the development of barriers to oxygen
loss as roots age. For example, we found evidence of sub-
erisation of the outer walls of mature root sections for Z.
muelleri (Fig. S9), thus promoting longitudinal diffusion
rather than radial loss and ensuring oxygen reaches meta-
bolically active apical meristems [40]. Conversely, there
was no evidence of suberisation of outer cell walls in H.
ovalis roots (Fig. S9), suggesting that either suberin was not
obvious in this species, or that an alternative barrier to
oxygen loss exists [41]. Evidence that H. ovalis develops a
barrier to ROL along the basal portion of the root has been
shown from one other study [41], though root anatomy was
not evaluated. Furthermore, differences in the proportion of
root volume occupied by aerenchyma cells among seagrass
species may also influence ROL [6], as well as differences in
growth rates; where slower-growing root cells closer to the
root tip are older than cells at the same distance of a faster
growing root, and so the barrier can form closer to the tip of
a slower-growing root. This may have been the case for the
two species investigated in this study where average root
growth rates of Z. muelleri and H. ovalis were estimated to
be 4.2 and 10.5 mm d−1, respectively.

ROL in Z. muelleri corresponded to a decrease in sul-
phides surrounding the leaking root tip, suggesting ROL
acts as a ‘barrier’ to sulphide intrusion when the plant is
sufficiently oxygenated. Conversely, when roots are older
and no longer showing ROL, sulphide concentrations in
the rhizosphere increased, likely related to release of
carbon compounds from sloughed root cells and/or exu-
dation from the higher density of root hairs present on
older roots [42]. Hence, owing to the highly restricted site
of ROL in these seagrass species (spatially and tempo-
rally), we argue that while the ability of O2 loss from roots
to oxidise sediment sulphides is an important protective
mechanism for seagrasses, this process is not likely sig-
nificant for the bulk sediment on a meadow-scale. Fre-
deriksen and Glud estimated total root ROL for a bed of Z.
marina to range from 12 to 22 mmol O2 m

−2 d−1 under
saturating light conditions [38], which is less than the
ROL associated with fauna activity (e.g., around burrows
and bioturbation), suggesting that ROL of seagrasses
contributes only a minor part to total benthic O2 uptake
[43]. As H. ovalis has only one root per node of the rhi-
zome, it can be assumed that ROL from a bed of H. ovalis
of equal shoot density would also contribute only a minor
part to benthic O2 uptake. Hence, in the context of bulk
sediment biogeochemistry, the presence of seagrasses are
more likely to enhance sulphate reduction than sulphide
oxidisation in sediments owing to exudation of carbon
compounds from roots and the accumulation of organic
matter in seagrass sediments [44].

Diversity, community structure, and colonisation of
root-attached bacteria are influenced by root age
and oxic–anoxic microsites

Younger seagrass roots exhibiting ROL had a lower abun-
dance of total bacteria and lower proportion of potential
sulphate-reducing bacteria, but a higher proportion of
sulphide-oxidising cable bacteria than older roots exhibiting
no ROL. The differences in microbial colonisation patterns
between O2 leaking and non-leaking roots could be due
directly to the presence of oxygen, particularly as the
majority of bacteria in anoxic sediments are adapted to zero
oxygen conditions. In addition, as a majority of δ-
proteobacteria are sulphate-reducing bacteria [45], it is
possible that oxygen loss from root tips creates an envir-
onment not suitable for many of these sulphate reducers.
However, as there was also a reduction in δ-proteobacteria
in the root hair zone between ROL and no ROL roots, these
differences could also have been driven by differences in
root exudation patterns between younger and older roots.
The differences in microbial colonisation patterns could also
be due to differences in carbon and nitrogen exudation
among root zones (for example exudation at the root tips
versus root hairs) [46, 47]. In addition, shedding of outer
layers of root cap cells as roots grow through sediment could
also reduce microbial colonisation on root caps. Regardless
of what is driving this process, a reduction in the number of
sulphate-reducing bacteria would result in lower sulphide
production.

This is the first discovery of a close association of
sulphide-oxidising cable bacteria with seagrass roots. The
long filaments of cable bacteria (occasionally longer than 20
mm) allow them to bridge the anoxic-oxic interface on the
seagrass root surface to make use of the high sulphide
concentration in the anoxic root hair zone, as well as the
electron acceptors (either O2 or NO3

−) available in the oxic
zone, to ultimately provide an additional defence against
sulphide intrusion for seagrasses. Based on our oxygen
planar optode images, we have estimated the average root
growth (extension rates) of Z. muelleri and H. ovalis to be
4.2 and 10.5 mm d−1, respectively, which is within the range
of that previously reported for Z. marina (8.7 mm d−1) [38].
The high motility of cable bacteria (up to 0.8 µm s−1,
or 70 mm d−1) [48] would enable them to respond to the
oxygen front that moves on a diel pattern of photosynthetic
activity and as the root grows through the sediment. Cable
bacteria have been shown to adjust their position in the
sediment in response to a moving oxygen front produced by
a photosynthetic algal biofilm [49]. Furthermore, root hairs
and the region of oxygen loss in older roots may leak minute
quantities of oxygen—too small to be detected with the
optode film—that may be sufficient to support electrogenic
sulphide oxidation in these root regions. As mentioned
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previously, the higher proportion of cable bacteria in the
root hair zone of leaking roots could also be due to differ-
ences in carbon exudation between younger and older roots
and among root zones, as cable bacteria have previously
been shown to exhibit heterotrophic growth on carbon
substrates [50].

The ability of cable bacteria to improve sediment con-
ditions in seagrass rhizospheres is not limited to their ability
to reduce sulphide concentrations and thus intrusion into
roots, but also extends to their capacity to increase the
availability of plant nutrients (Fe2+and PO4

3−) owing to
dissolution of Fe and Ca minerals (e.g., FeS and CaCO3)
from acidification of the anodic reaction (in the sulphidic
zone) [51, 52]. The highest density of cable bacteria
occurred in the root hair zone, which is also proposed to be
the site of greatest nutrient uptake for these seagrasses
owing to the increase in surface area from root hairs, and the
prominent plasmodesmatal connections apparent in the root
hairs [53]. This cable bacteria-mediated mineral weathering
may also explain the expansion of meadows in sediments
with low free phosphorus levels [54].

There was also an increased abundance of ε-
proteobacteria (particularly Sulfurimonas) in older roots of
Z. muelleri with no ROL. Sulfurimonas, Nitratifractor, and
Arcobacter all possess the full sulphide oxidation gene
cassette (sox genes) as well as the sulphide-oxidising

sulphide:quinone oxidoreductase, which catalyzes the oxi-
dation of hydrogen sulphide [55]. The increased abundance
of these ε-proteobacteria in roots with no ROL is likely a
reflection of the higher availability of electron donors
(reduced sulphides) surrounding older roots compared to
younger roots. In addition, many sulphur-oxidising ε-pro-
teobacteria display high versatility in their metabolic path-
ways and are able to use alternative electron acceptors to
oxygen (such as NO3

− and NO2
−) [56, 57]. It is also pos-

sible that these older roots may still be leaking minute
amounts of oxygen that may be sufficient to support sul-
phide oxidisation for these bacteria, many of which are
classified as microaerobic [56]. The abundance of these
putative sulphide-oxidising ε-proteobacteria also correlated
with the occurrence of sulphate-reducing bacteria, suggest-
ing they are likely involved in syntrophic feeding (or
‘obligately mutualistic metabolism’) [45]. Sulphur-
syntrophy between populations of microbes producing sul-
phides and those consuming sulphides is widespread and
occurs in a diversity of habitats from photosynthetic
microbial mats [58] to gutless marine worms [59]. Hence,
ROL, as well as carbon and nitrogen, from seagrass roots is
likely central for maintaining and fine-tuning the balance in
the availability of resources between these two bacterial
groups. Sulfurimonas, and more generally the Campylo-
bacterales, appear to be a dominant microbial genus within
the roots of seagrasses [60, 61], and were recently found to
decline in abundance when three seagrass species (H. ovalis,
Cymodocea serrulata, and Halodule uninervis) were grown
under low and fluctuating light conditions [62]. Although
the functional role of these bacteria for seagrass health
remains to be investigated, the dominance of Sulfurimonas
in seagrass roots combined with their apparent sensitivity to
environmental perturbations suggests they may be useful as
an indicator for declining seagrass sediment health.

Conclusions

Seagrass roots have a strong barrier to prevent the radial loss
of oxygen to the rhizosphere, thus ensuring that oxygen
reaches the distal, metabolically active, apical meristems.
This results in a highly restricted zone of oxygen loss (~ 1.5
mm wide) surrounding tips of young roots. Hence, our
findings highlight that although ROL from roots oxidising
sulphides is an important protective mechanism for sea-
grasses on the microscale, this process is not significant for
the bulk sediment sulphides, and that seagrasses may
enhance sulphide production in sediments rather than alle-
viate it (Fig. 5). Nevertheless, despite the restricted nature of
ROL, our multifaceted approach reveals a previously
unrecognised role for this localised O2 loss: ROL creates
spatially and temporally restricted oxic zones that may serve

Fig. 5 Conceptual summary of the influence of radial oxygen loss
(ROL) on defence against sulphide intrusion in Halophila ovalis and
Zostera muelleri. Seagrasses enhance sulphide production in bulk
sediments owing to release of exudates and decomposition of under-
ground tissue (blue text in box). On the microscale (white text in box),
growing roots lose oxygen from root tips, which works to defend
against sulphide intrusion into vulnerable young roots by both abio-
tically oxidising sulphides in the rhizosphere, as well as promoting the
colonisation of sulphide-oxidising cable bacteria (shown in purple) and
decreasing the colonisation of sulphate-reducing bacteria (shown in
yellow)
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to protect sensitive seagrass tissues from sulphide intrusion
by oxidising sulphides surrounding the growing tip, and by
influencing the abundance of sulphate-reducing and
sulphide-oxidising microorganisms that colonise these
younger roots (Fig. 5).

Our study is also the first report on the direct association
of sulphide-oxidising cable bacteria with seagrass roots.
These specialised bacteria live in the interface of oxic–
anoxic microzones and may improve sediment conditions by
oxidising sulphides to enable seagrasses to colonise
sulphide-rich sediments. The increased occurrence of cable
bacteria in roots exhibiting ROL may prove to be a wide-
spread phenomenon among submerged (i.e., aquatic) and
semi-submerged (i.e., amphibious) and emergent wetland
plants, which colonise sulphide-rich sediments, including
mangroves and saltmarsh plants, and adds a new plant-
microbial dimension to our understanding of plant toler-
ances of anoxic sediment conditions.
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