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Abstract
The central Baltic Sea is characterized by a pelagic redox zone exhibiting high dark CO2 fixation rates below the chemocline.
These rates are mainly driven by chemolithoautotrophic and denitrifying Sulfurimonas GD17 subgroup cells which are
motile and fast-reacting r-strategists. Baltic Sea redox zones are unstable and a measurable overlap of nitrate and reduced
sulfur, essential for chemosynthesis, is often only available on small scales and short times due to local mixing events. This
raises the question of how GD17 cells gain access to electron donors or acceptors over longer term periods and under
substrate deficiency. One possible answer is that GD17 cells store high-energy-containing polyphosphate during favorable
nutrient conditions to survive periods of nutrient starvation. We used scanning electron microscopy with energy-dispersive
X-ray spectroscopy to investigate potential substrate enrichments in single GD17 cells collected from Baltic Sea redox
zones. More specific substrate enrichment features were identified in experiments using Sulfurimonas gotlandica GD1T, a
GD17 representative. Sulfurimonas cells accumulated polyphosphate both in situ and in vitro. Combined genome and
culture-dependent analyses suggest that polyphosphate serves as an energy reservoir to maintain cellular integrity at
unfavorable substrate conditions. This redox-independent energy supply would be a precondition for sustaining the r-
strategy lifestyle of GD17 and may represent a newly identified survival strategy for chemolithoautotrophic prokaryotes
occupying eutrophic redox zones.

Introduction

Marine systems such as the Baltic Sea, Black Sea, and the
Cariaco Basin are characterized by a practically permanent

oxygen depletion zone [1–5]. In these systems, reduced
sulfur compounds, especially hydrogen sulfide, are pro-
duced by the anaerobic microbial decomposition of organic
matter [6, 7].

The typical transition zone between oxidized and
reduced water bodies is referred to as the redox zone and it
contains a high microbial abundance and activity. The latter
includes the catalysis of important biogeochemical trans-
formation processes [8]. In the Baltic Sea, one of the
organismal groups predominating within its redox zones
belongs to the Epsilonproteobacteria, represented by the
Sulfurimonas GD17 subgroup. GD17 cell counts are highest
below the chemocline, defined as the depth marked by the
first appearance of sulfide [9–11]. Bacteria of the Sulfur-
imonas GD17 subgroup are anaerobic sulfur oxidizers and
denitrifiers, adapted to waters with sulfide concentrations
ranging from <10 to 20 µmol L−1 [12, 13].

The successful isolation of a representative of the
GD17 subgroup, Sulfurimonas gotlandica strain GD1T, has
provided a model organism for studies of biogeochemical
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cycling in the Baltic Sea redox zone [12–14]. In the central
Baltic Sea, even though the redox zone itself is relatively
stable, local mixing events or lateral intrusions can occur
[15], introducing nitrate-containing water masses in sulfidic
zones and vice versa. The result is a redox zone of fluctu-
ating redox potentials on smaller scales. In situ substrate
incorporation analyses using nano secondary ion mass
spectrometry (NanoSIMS) on a single-cell level showed
that S. gotlandica subgroup GD17 cells are fast-reacting r-
strategists that depend on these intrusions for growth [13].
However, in this fluctuating system, where the loss of
essential donors or acceptors is a constant threat, it is
unclear how S. gotlandica subgroup GD17 cells gain access
to the energy sources they need for chemosynthesis.
Accumulation and storage are possibilities and both have
been well documented in other chemolithoautotrophic
bacteria, such as Beggiatoa, Thioploca, and Thiomargarita,
which store sulfur, nitrate, or both [16–19]. Although earlier
studies suggested a similar ability for Sulfurimonas present
in the Baltic Sea [11], it has yet to be demonstrated.

Thus, the aim of our study was to examine the potential
substrate storage capabilities of Sulfurimonas subgroup
GD17. However, with a mean volume of 0.6 µm3 [13],
Sulfurimonas cells are much smaller than the above-
mentioned chemolithoautotrophic bacteria, limiting intra-
cellular storage capacities. Thus, instead of sulfur or nitrate
as only precursors for energy generation, we expected an
enrichment of polyphosphate to be a more comprehensive
and beneficial cellular storage system within unstable

marine redox zones. Polyphosphate consists of linear
polymers based on tens to hundreds of phosphate residues
which are linked by highly energetic phosphoanhydride
bonds. As a final product it represents both a redox-
independent and rich source of energy. Cellular polypho-
sphate enrichment is a well-known feature of numerous
prokaryotic taxa and contributes to a wide variety of cellular
functions. For instance, in Beggiatoa, polyphosphate may
provide energy as part of a cellular “safety system” that is
active in the absence of a suitable electron acceptor [20].
Polyphosphate can also be accumulated in response to
certain conditions: for purposes of phosphorus storage [21–
23], as an adenosine triphosphate (ATP) substitute [24, 25],
as a factor in stress responses [20, 26–28], as an adaptation
to the stationary phase of the cell cycle [29], as a pH buffer
system [30], in the control of gene activity [31], for energy
storage [32] and in the upkeep of motility [33, 34].
Recently, it has been shown for the oxic–anoxic interface in
the water column of the ferruginous Lake Pavin that mag-
netotactic bacteria of the family Magnetococcaceae accu-
mulate polyphosphates and could significantly contribute to
the P cycle in this environment [35].

Our hypothesis was that, as shown in Fig. 1, mixing
events in pelagic Baltic Sea redox zones provide areas
where suitable electron acceptors and electron donors co-
localize for the chemosynthesis of Sulfurimonas subgroup
GD17. In these conditions S. gotlandica GD1T cells accu-
mulate polyphosphate. Preserving cellular integrity, poten-
tially linked to motility, for a longer time period, this redox-
independent energy supply would be a prerequisite for the
maintenance of the r-strategy lifestyle of Sulfurimonas
subgroup GD17/GD1T.

The hypothesis was tested by polyphasic in situ and
in vitro approaches. For our in situ approach, we took
advantage of the fact that dark CO2 fixation measurements
have already demonstrated the high cellular density of most
chemolithoautotrophic prokaryotes in sulfidic zones of the
Baltic Sea [36]. As the major chemolithoautotrophic cluster
in the redox zone, Sulfurimonas subgroup GD17 was
expected to comprise these high-density cells. Accordingly,
we isolated the chemolithoautotrophic cluster by flow
cytometry, identified the bacterial composition, and deter-
mined the features of cellular substrate enrichment. In vitro
experiments using S. gotlandica strain GD1T were per-
formed to identify the ecological features associated with
the potential substrate storage capability of the cells.

Materials and methods

A detailed description of the material and methods used
in this study is available online in the Supplementary
Methods.

Fig. 1 Transition zones between oxidized and reduced water masses
provide favorable habitats for chemolithoautophic microorganisms.
Mixing events, such as micro-scale intrusions, create overlapping
zones where suitable electron acceptors (including NO3

−) and electron
donors (including H2S) co-localize. We hypothesize that under these
conditions S. gotlandica GD1T cells accumulate polyphosphate, using
it as an energy source to sustain cellular integrity, which is a pre-
condition to enable motility to new favorable zones
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Sulfurimonas subgroup GD17 in situ sampling and
processing

Sampling

Water samples from the Gulf of Finland were collected on-
board the R/V Salme in July 2014 and from the Landsort
Deep on-board the R/V Poseidon in August 2015 (Sup-
plementary Fig. S1; Supplementary Table S1). Flow cyto-
metry samples for cellular-based analyses were fixed with
paraformaldehyde and glutaraldehyde (P+G, final con-
centrations 1 and 0.05%, respectively; pH= 7.4) and
incubated at 4 °C for 60 min. Subsamples for downstream
molecular analyses were preserved in dimethyl sulfoxide
(DMSO) at a final concentration of 15% and stored at –80 °
C.

Cell isolation by flow cytometry

The cells were sorted on a BD FACSAria III (Becton,
Dickinson and Company; see Supplementary Methods).
Events within high nucleic acid and high side scatter clus-
ters (HNA-hs) were attributed to GD17 (P2 cluster in
Figs. 2–4). Cells within and without the P2 cluster were
sorted, collecting between 500,000 and 1,000,000 cells in 2

mL Eppendorf tubes. The sorted samples were prepared and
used for (a) scanning electron microscopy–energy-dis-
persive X-ray spectroscopy (SEM-EDX) analyses (P+G
fixed) to detect cellular substrate enrichments; (b) GD17
identification by 16S rRNA gene analyses (DMSO-fixed);
(c) GD17 quantification using the SUL90 gene probe and
fluorescence in situ hybridization combined with catalyzed
reporter deposition (CARD-FISH (P+G fixed)) [9].

Molecular identification and quantification

DMSO-preserved P2 cluster samples were pelleted and used
for direct PCR amplification. Amplicons of the obtained
16S rRNA gene V2 hypervariable region were sequenced
on the Illumina MiSeq platform (The Estonian Genome
Center Core Facility) and phylogenetically analyzed as
described earlier [37]. Sorted P2 samples from the Landsort
Deep were used for CARD-FISH analyses.

Nucleotide sequence accession numbers

The 16S rRNA gene sequences determined in this study
have been deposited in the National Center for Bio-
technology Information (NCBI) Popset Database under
accession numbers KT86004455220–KT860044.

Fig. 2 In situ analyses. a Specific high nucleic acid-containing, high
side scatter cluster P2 cell abundances and the total cell abundances
(T) outside cluster P2 as determined at 13 different Baltic Sea stations.
Nine P2 clusters (labeled 1–9) were selected for cell sorting, followed
by CARD-FISH analyses or 16S rRNA gene identification. b Relative
abundance of S. gotlandica strain GD1T/GD17 cells determined by

CARD-FISH (P2 clusters 1–3); 16S rRNA gene abundances of Sul-
furimonas spp. (P2 clusters 4–9). *P2 cluster samples used for sub-
strate enrichment analyses by SEM-EDX. Number of cells containing
polyphosphate versus polyphosphate-free cells was: 1/294 (station
H2), 3/143 (station 23), 1/217 (station AP5); 0/85 (77 m), 281/25 (79
m) (station F3), 0/103 (station 17)
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Polyphosphate identification

Cellular element composition was analyzed by SEM (Zeiss
Merlin® Compact VP) combined with EDX (Oxford
Instruments; AZtec 3.3. and Inca software) using X-
MaxN80 EDX detector. The cells were filtered onto 0.2
µm polycarbonate filters (Whatman Nucleopore), dried at
room temperature, and chrome-coated (vacuum sputter)
before their analysis for electrical conductivity. A total of
25,396 potential particles (between 1494 and 5993 per
sample) were automatically spotted by the AZtec program
and their elemental composition identified by several mea-
surements on the features. The accelerating voltage was 10
kV with a working distance of 8.5 and a microscope mag-
nification of 3000. The EDX measurement was calculated
by stoichiometry and normalized to 100%. Deconvolution
elements were carbon and chrome. Eventually, particles
were controlled by eye to discriminate abiotic particles from
bacterial cells. Only those cells with phosphorus contents
between 20 and 60% were labeled as phosphorus enriched.
To identify polyphosphate, point identification was used for

elements nitrogen, phosphorus, sulfur, oxygen, magnesium,
and calcium on 39 single cells. These selected cells were
analyzed using the line scan mode with 200 points of
measurement each.

Sulfurimonas GD1T in vitro analyses

Cultivation

S. gotlandica strain GD1T cells were cultivated in a mod-
ified artificial brackish water (ABW) medium under anoxic
conditions [38], as described in Labrenz et al. [14].
NaHCO3 was provided as the carbon source at a final
concentration of 2 mmol L−1. The medium was supple-
mented with 10 mmol KNO3 L

−1 (variations in some
experiments, see Supplementary Methods) as the electron
acceptor. One of two different compounds (thiosulfate,
elemental sulfur) was used as the electron donor and added
in variable concentrations depending on the experimental
setup. All supplements were prepared anoxically and ster-
ilized before usage: KNO3 and thiosulfate was autoclaved

Fig. 3 Approach to identify and quantify Sulfurimonas spp. cells in the
high nucleic acid, high side scatter cluster P2. BD FACSAria III was
used to sort out the P2 cluster (green gate) from SYBRGreen-I-stained
samples. a Sorted cells were identified by parallel sequencing of 16S
rRNA gene sequences amplified via direct PCR. OTU2, which clusters
together with “uncultured Helicobacteraceae bacterium G138eps1”

(the first 16S rRNA gene sequence published representing Sulfur-
imonas subgroup GD17 [10]), and Sulfurimonas gotlandica GD1T

were used to determine relative 16S rRNA gene abundance. b
Quantification of sorted cells by CARD-FISH staining using the Sul90
probe which targets the Sulfurimonas GD1T/GD17 subgroup
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and sulfur tyndallized. The cultures were incubated at 15 °C
in the dark. Cultures with elemental sulfur as the electron
donor were incubated on a tilting table at 60 rpm. The cells
were counted and observed by nucleic acid staining using
DAPI (4,6-diamidino-2-phenylindol) and epifluorescence
microscopy as described by Grote et al. [12].

Physiological and morphological S. gotlandica GD1T

features

A polyphasic approach was used to identify the potential
role of polyphosphate for GD1T. (a) The chemical compo-
sition of cellular element enrichments was identified in
SEM-EDX analyses of 36 cells as described above. (b)
Polyphosphate and protein production during the different
GD1T growth phases was quantified. Polyphosphate quan-
tification was based on Martin and Van Mooy [39] with a
slight modification in buffer composition according to
Kulakova et al. [40]. For protein quantification Bio-Rad
Quick StartTM Bradford Protein Assay was used. (c) The
motility speed of cells grown in the presence of different
electron donor and acceptor concentrations was measured.
For this, GD1T was cultivated as described above in ABW
medium supplemented with 6 different electron thiosulfate/
nitrate concentrations, ranging from 10 µmol L−1 up to 10
mmol L−1. Cultures were incubated for 7 days and then
transferred on self-prepared objective slides with an anoxic
chamber on it. Cells were recorded using a microscope
(Zeiss AXIO star plus) mounted with a camera (Nikon
D300s) for up to 10 s. Super©, a freeware tool, was used to
extract data from all videos. Resulting bmp data were
analyzed using the freeware program “Trace” (Heribert
Cypionka, 2000–2010). Analogously to Fischer and
Cypionka [41], individual cells were identified by the pro-
gram and tracked over recorded times to measure the
motility speed. Motility speeds of 436 cells were measured
in total. (d) The influence of polyphosphate inclusions on
GD1T cell integrity was assayed in a 90-day incubation
experiment, where only nitrate was supplemented as elec-
tron acceptor. The test design was based on Adler and Dahl
[42] and the described gradient experiment to examine the
influence of different polyphosphate concentration on cel-
lular integrity. Defined numbers of nutrient-free ABW
medium-washed high-polyphosphate-containing cells and
low-polyphosphate-containing cells were placed on the
bottom of glass tubes containing nutrient-free ABW soft
agar with a nitrate-containing solid top agar. Tubes were
incubated for 90 days in an anoxic atmosphere, at 15 °C in
the dark. After incubation, tubes were split in 2 cm sections
and the semi-solid agar of each part was prepared for DAPI
counting. (e) An incubation experiment was carried out for
23 days to test chemotactic movement in a thiosulfate-
nitrate gradient. Test tubes were prepared with semi-solid

agar in the middle flanked by solid top agar containing
nitrate and solid bottom agar containing thiosulfate.
Inoculated tubes were incubated for 23 days. After the
incubation, the tubes were opened and the semi-solid
medium was divided into 8 × 1 mL sections. Cell counts in
these layers were determined using DAPI staining.

Results

Identification and isolation of environmental
Sulfurimonas subgroup GD17 cells

GD17 identification and quantification

Earlier NaH14CO3 tracer incubation experiments using
central Baltic Sea redox zone waters followed by flow
cytometric cell sorting and CO2 fixation rate measurements
identified already distinct flow cytometric high side scatter
clusters with prokaryotes of high nucleic acid content being
responsible for 65 to 100% of the total dark fixation [36].
As the major chemolithoautotrophic taxon in the redox
zone [43], Sulfurimonas subgroup GD17 was expected to
comprise these high-density cells [9–11, 36]. However, this
hypothesis remained unproven and had to be confirmed
first to enable a linkage between environmental Sulfur-
imonas identity and potential polyphosphate enrichment.
Accordingly, we isolated the HNA-hs clusters, identified
their bacterial composition and Sulfurimonas cell abun-
dance. Water samples for flow cytometry analyses were
collected from the Gulf of Finland and the Landsort Deep
and revealed the presence of HNA-hs clusters in all
hypoxic and sulfidic areas investigated (Figs. 2, 3; cluster
P2). Parallel sequencing analyses of 16S rRNA gene
amplicons based on six different samples demonstrated that
Sulfurimonas spp. contributed 91.6% (±1.9%) of the 16S
rRNA genes of the P2 clusters (Fig. 2b). The most abun-
dant OTU2 (Fig. 3a) was a member of the Sulfurimonas
GD1T/GD17 subgroup (84.1% (±1.5%) of all 16S rRNA
gene reads). Sulfurimonas GD1T/GD17-specific CARD-
FISH analyses using gene probe Sul90 confirmed these
high 16S rRNA gene abundances for redox zone samples
collected from the Landsort Deep under optimal H2S
concentrations of 6.8 µmol L−1 (Figs. 2a, 3b; Supplemen-
tary Table S2), in which Sulfurimonas GD1T/
GD17 subgroup cell abundances within the P2 cluster were
94 and 97%. By contrast, in the control group (low side
scatter cells), Sul90-positive cells contributed only between
0.7 and 2.1% of the cells outside the P2 cluster (Supple-
mentary Table S2), and thus were at the detection limit of
this approach. At the deepest depths and in a highly sulfidic
zone, the fraction of Sul90-positive cells in the P2 cluster
decreased down to 17% (Fig. 2).
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Polyphosphate accumulation in Sulfurimonas cells
in situ and in vitro

In situ polyphosphate accumulation in Sulfurimonas
subgroup GD17 cells

Following the sorting and identification of Sulfurimonas
GD17/GD1T dominated P2 clusters from the Gulf of Fin-
land and the Landsort Deep, as described above, these
samples were subjected to SEM-EDX particle analyses. The
5.9% (±5.1%) of the automatically detected particles could
manually be identified as bacterial cells (1153 cells overall),
with total numbers in the range from 85 to 295 cells per
sample (Fig. 2). Of the cells originating from the P2 cluster
of station F3, 91.8% (79 m) contained phosphorus. The P2
cluster taken 2 m above at 77 m depth did not contain
phosphorus-positive cells anymore. All the other P2 clusters
analyzed contained between 0.0 and 2.1% phosphorus-
enriched cells. The evidence of inorganic polyphosphate in
cells of the P2 cluster using the line scan mode was obtained
from station F3 at 79 m (Fig. 4b3). At this depth, the
abundance of the P2 cluster was high, >4.36 × 105 cells mL
−1 (Fig. 2). In comparison to cultured GD1T cells, poly-
phosphate of the environmental P2 cluster cells contained
potassium instead of calcium (Fig. 4b4). In contrast, sulfur
or nitrate enrichments were undetectable in any cell or bulk
of cells investigated by EDX. Thus, Sulfurimonas subgroup
GD17 enriched polyphosphate in areas of pelagic redox
zones where sulfide/nitrate overlaps may occur. To confirm

these conditions as relevant ecological factors, the impact of
different substrates and substrate concentrations on poly-
phosphate formation in Sulfurimonas gotlandica GD1T cells
were investigated.

In vitro polyphosphate accumulation in Sulfurimonas
gotlandica GD1T cells at different catabolite concentrations

Independent of the electron donor type, yellow inclusions
were only seen in larger amounts in DAPI-stained,
stationary-phase S. gotlandica strain GD1T cells cultivated
in the presence of high concentrations (5 or 10 mmol L−1)
of the electron donor/acceptor (thiosulfate: in 94.4%
(±3.7%) of total cells; sulfur: in 7.5% (±5.2%) of total
cells). Lower concentrations (100 µmol L−1) resulted in cell
growth but fewer or no visible inclusions (thiosulfate: in
0.1% (±0.3%) of total cells; sulfur: in 1.4% (±1.7%) of total
cells). Point measurements as well as line scans during
SEM-EDX-based elemental composition analyses of cells
containing these inclusions (Fig. 4a3, 4) revealed the pre-
sence of phosphorus in combination with magnesium and
calcium. In polyphosphate-free cells, phosphorus was
below the detection limit of this approach.

Polyphosphate enrichment at different substrates and
growth phases

Cellular polyphosphate and protein production depended on
the applied electron donor and the growth phase (Table 1).

Fig. 4 Approach to detect polyphosphate inclusions in Sulfurimonas
GD1T/GD17 cells in culture and environmental samples. a1 The cells
were harvested directly from S. gotlandica GD1T cultures. b1 Sul-
furimonas GD17 cells were collected by FACS from environmental
samples. GD17 forms the distinct pattern P2 when analyzed by flow
cytometry. a2 Identification and marking of single S. gotlandica GD1T

cells with yellow inclusions after DAPI staining. b2 SYBRGreen-
stained Sulfurimonas GD17 cells isolated by FACS were identified by
marking with the Laser Microdissection Microscope (LMD). a3, b3

The marked cells were line-scanned for the distribution of phosphorus,
nitrogen, magnesium, and potassium, or calcium over the whole cell
body. The crosses mark the spots analyzed in greater detail by EDX
point analysis (a4, b4). Specific cross-marked areas were analyzed for
their elemental composition. Relative abundances (%) correspond to
those elements in the marked spot included in the analysis. Two ele-
ments visible in the EDX spectra were excluded from calculation:
carbon, which was the filter material, and chromium, used as the
sputter element for conductivity
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For cells grown on thiosulfate the exponential phase was
between 60 and 132 h of incubation (k= 0.066), while for
sulfur cultures the exponential growth phase was between 72
and 144 h (k= 0.041). In elemental sulfur incubations, the
polyphosphate/protein ratio was nearly constant over time;
between 0.017 and 0.025 amol (10−18) fg−1, with a mean
polyphosphate enrichment of 0.81 (±0.55) amol per cell. In
thiosulfate incubations, the polyphosphate/protein ratio fol-
lowed the growth curve and increased over time from 0.007
up to 0.089 amol fg−1 at the end of the exponential phase
(Table 1). Based on a polyphosphate content of 1.51 (±0.38)
amol per cell, the maximal polyphosphate enrichment
occurred after 132 h of incubation in thiosulfate medium.

Cellular integrity at different cellular polyphosphate
concentrations

The theoretical benefit of polyphosphate enrichment could
be the maintenance of cellular integrity at nutrient-limited
conditions in a pelagic redox zone for a certain time. To
gain first insights into this, S. gotlandica GD1T cultures
containing high and low cellular polyphosphate concentra-
tions were incubated in electron donor-free media for
90 days and their survival rate determined.

Cells containing high or low amounts of polyphosphate
were used (after two washing steps in nutrient-free ABW) at
starting densities of 2.0 × 109 cells. The polyphosphate/
protein ratio of the polyphosphate-rich approach was 0.049
amol fg−1, with 98% of all DAPI-stained cells containing
visible polyphosphate inclusions, and below the detection
limit of 0.025 amol fg−1 for the polyphosphate-low
approach. After 90 days, no polyphosphate was detectable
anymore in both approaches. While cell abundances of both
groups decreased (initially high-polyphosphate group by
84.0% (±9.0%) and low-polyphosphate group by 99.0%
(±0.3%)), a significantly larger number of initially high-
polyphosphate-containing cells (Mann–Whitney test, p <
0.05; with more than one magnitude difference) maintained
visible cellular integrity.

Taken together, our data point to the role of polyphosphate
as a cellular energy source under low-nutrient conditions.

Ecological features of Sulfurimonas gotlandica GD1T

potentially associated with polyphosphate
generation

To reach favorable niches in an unstable environment, Sul-
furimonas subgroup GD17/GD1T requires the ability: (1) to
identify zones of optimal nutrient conditions and (2) to reach
these zones quickly before they disappear. In consequence,
both the ability of GD1T to identify optimal nutrient condi-
tions within a thiosulfate-nitrate gradient and the maximal
motility speed achieved were respectively investigated.Ta
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Cellular identification of optimal substrate concentrations
in a thiosulfate-nitrate gradient

At all electron donor/acceptor concentrations tested in the
gradient experiments, S. gotlandica GD1T formed distinct
patterns in the glass tubes after 23 days of incubation. At
higher nutrient concentrations, the fractions containing the
highest cell abundances generally became proportionally
larger, with the cells in those fractions moving towards the
KNO3-containing top agar. Thus, in a gradient system,
GD1T actively moved and stayed in specific areas favorable
for its growth (Supplementary Table S3).

Motility speed of GD1T cells

After their incubation for 7 days (late exponential growth
phase), motile cells had a mean speed of 15–40 µm s−1

(Supplementary Table S4; independent of the electron
acceptor/donor concentration), but reached a maximum speed
of 158 µm s−1 (data not shown). There was no significant
trend indicating a relationship between electron acceptor/
donor concentrations and the speed of the motile cells.

Discussion

Our SEM-EDX analyses showed that Sulfurimonas cells
became enriched in phosphorus in the form of polyphosphate,
as they were detected together with an increase in magnesium
and potassium (environmental samples) or calcium (cultures).
Negatively charged polyphosphate is typically associated with
positively charged ions, with valences of both +1 and +2
[44–46]. Similar EDX results have already been reported for
polyphosphate inclusions [47, 48]. In addition, GD1T DAPI-
stained cells contained bright yellow inclusions and thus
differed in their appearance from otherwise blue DAPI-
staining cells. This metachromatic shift was due to the inter-
action of the dye with a polyanionic substance, in this case
polyphosphate [49, 50]. While there are alternative, multiple,
negatively charged substances possibly explaining this spec-
tral change [48, 51, 52], the combination of phosphorous
detected in EDX analyses and the observed metachromatic
shift provided reliable evidence that the Sulfurimonas inclu-
sions consisted of polyphosphate.

Requirements for polyphosphate accumulation in S.
gotlandica GD1T

Polyphosphate inclusions in cells of S. gotlandica strain
GD1T were also detected in situ, in analyses of environ-
mental samples, thus confirming that our results were not a
culture-dependent artifact. However, among all the envir-
onmental samples analyzed, in only one such sample

(which co-occurred with maximum abundances of the
GD17/GD1T cluster) was polyphosphate detected in 98.1%
of all cells, whereas for all the other samples it was ≤2.1%.
The considerably higher cell abundance in this zone sug-
gests that it provides favorable environmental conditions for
GD1T cells. This was confirmed in the cultivation experi-
ments, in which high concentrations of electron donors
resulted in more pronounced polyphosphate inclusions, and
low concentrations exhibited either low amounts or no
polyphosphate inclusions at all. These results suggested that
significant polyphosphate accumulation, evidenced by dis-
tinguishable inclusions, occur only under favorable condi-
tions. Yet, while distinguishable inclusions were
consistently seen in batch cultures, they were a rare
occurrence in environmental samples.

The presence of different available electron donors
resulted in different polyphosphate contents in GD1T cul-
tures and also in variations of polyphosphate formation
timing (Table 1). Polyphosphate accumulation in accor-
dance with the growth phase and available energy source
has been demonstrated in other microorganisms [53, 54]. In
culture medium containing thiosulfate, polyphosphate was
formed during the exponential growth phase. However, as
soon as the cells entered stationary phase, the polypho-
sphate content remained constant or began to decrease. This
is probably due to the complete consumption of electron
donors during that growth phase [55].

In cultures supplemented with elemental sulfur, the
nearly constant amount of polyphosphate may have reflec-
ted the fact that elemental sulfur hardly dissolves in pure
water and even less in sea water [56]. Under the tested
conditions, <10 nmol sulfur L−1 is dissolved in ABW
medium [57]. Therefore, in addition to growth, polypho-
sphate production by GD1T seems to be highly dependent
on the bioavailability of sulfur, such that only bacterial cells
in direct contact with sulfur are probably able to produce
high-energy-containing polyphosphate.

Thiosulfate was better than elemental sulfur in pro-
moting polyphosphate production by GD1T cells. The
probable difference can be explained by access to the
electron donor, because the formation of high-energy-
containing polyphosphate is only possible when an effi-
cient supply is provided. Further investigations using
other electron donors such as pyruvate and hydrogen
sulfide will provide further insights into the relationship
between polyphosphate formation and the availability of
suitable electron donors.

Polyphosphate accumulation pathways in S.
gotlandica GD1T

S. gotlandica GD1T contains a number of genes associated
with both polyphosphate formation and degradation [12]
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and therefore also has the potential for polyphosphate
anabolism and catabolism (Fig. 5). Three of these genes
encode polyphosphate kinase enzymes belonging to the
type 2 family (ppk2 [12]) which, unlike the type 1 family
(ppk1), preferentially degrade polyphosphate to achieve
purine phosphorylation [58–60]. One of the ppk2 genes in
the GD1T genome (NCBI accession: WP_008335082.1)
was classified into the PA0141 family (using InterPro66.0),
for which the activity has been tested in Pseudomonas
aeruginosa. This enzyme catalyzes the synthesis of ATP in
a reaction in which polyphosphate dephosphorylation is
coupled to adenosine diphosphate (ADP) phosphorylation
[59]. Another enzyme is an RNA degradosome polypho-
sphate kinase which is similar to the ppk1 from Escherichia
coli [P0A7B1]. The S. gotlandica strain GD1T genome also
contains an exopolyphosphatase (ppx) that catalyzes the
hydrolysis of terminal phosphate residues from polypho-
sphate chains, as well as enzymes comprising a low-affinity
Pi transport system (Pit) thought to play a role in the pro-
duction of energy from polyphosphate through the genera-
tion of a proton-motive force [61, 62].

Members of the Epsilonproteobacteria isolated from
marine sediments were recently shown to utilize all of the
above-mentioned genes, particularly ppk2, under both
anoxic and sulfidic conditions [63]. The authors proposed
that these bacteria are able to concurrently engage in sulfur
oxidation and polyphosphate degradation [63]. Our results
show that the S. gotlandica strain GD1T genome confers
other possibilities for polyphosphate utilization which,
analogously, may be widely distributed.

Possible implications of polyphosphate
accumulation in Sulfurimonas GD17/GD1T cells for
their ecology

We hypothesized that S. gotlandica GD1T cells accumulate
polyphosphate in overlapping zones of pelagic redox zones
where suitable electron acceptors and electron donors co-
localize, using this polyphosphate as an energy source to
sustain cellular integrity. Currently, the experimental results
support important parts of our hypothesis. Specifically, the
90-day incubation experiment demonstrated that polypho-
sphate inclusions significantly assisted in maintaining the
cellular integrity of S. gotlandica GD1T cells under nutrient-
limiting conditions for a 3-month time period.

However, more specifically in the context of main-
tenance energy, it could additionally be hypothesized that
the sustainment of cellular integrity also sustains motility to
reach new favorable zones under unfavorable conditions.
Under nutrient starvation, maintenance energy defined as
“…the energy consumed for functions other than the pro-
duction of new cell material…” [64], including osmor-
egulation, synthesis of macromolecules, membrane
energization and motility, has to be provided by endogen-
ous substrates as, e.g., polyphosphate. It has been shown
that prokaryotic cells can maintain motility under nutrient
starvation. For instance, Vibrio anguillarium can stay motile
for up to 8 days under these conditions [65] and Metha-
nocaldococcus jannaschii only produces flagella related-
polypeptides during energy limitation periods [66]. The
reason is probably that motility, especially in combination

Fig. 5 Hypothesized use of polyphosphate for energy storage and
motility of S. gotlandica GD1T cells. Polyphosphate kinase 1 family
(ppk1) enzymes catalyze the formation of polyphosphate from ATP.
Polyphosphate kinase 2 family (ppk2) enzymes produce nucleoside
triphosphate (NTP) from phosphate and nucleoside diphosphate

(NDP). Exopolyphosphatase (ppx) hydrolyzes the terminal phosphate
from polyphosphate; the low-affinity Pi transport system (PIT) gen-
erates a proton-motive force via the symport of polyphosphate and
protons
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with chemotaxis, can improve the supply of catabolites and
by this increase cellular fitness [67]. Thus, the maintenance
of motility by polyphosphate may also be an important
feature for the survival of S. gotlandica GD17/GD1T in
pelagic redox zones. In principal, the theoretical benefit of
this form of energy storage, if solely used for movement,
can be considered. For this we assumed that: (i) the storage
of internal polyphosphate based on thiosulfate-grown cul-
tures is between 0.27 and 1.51 amol cell−1 (Table 1), (ii)
polyphosphate chain lengths are comparable in situ to those
used in standard experiments (45 residues), (iii) the energy
content of a phosphoric acid bond is 30.5 kJ mol−1 and (iv)
bacterial swimming efficiency is in the range of 5.1 × 109 m
J−1 to 7.3 × 109 m J−1 [68]. Under these conditions, the
resulting maximum migration distance would be 0.2–1.5 cm
(Supplementary material, text 1), which is sufficient to
overcome small-scale turbulences. This hypothesis would
be supported by the fact that GD1T cells can, independent of
their supply of electron donors and acceptors and the range
of substrate concentrations tested, swim fast, with nearly
160 µm s−1, thus enabling the cells to reach favorable zones
quickly (Supplementary Table S4). Finally, it was shown
that GD1T cells can indeed actively localize these zones
(Supplementary Table S3), probably based on chemotaxis
towards nitrate [12].

The redox zone of the Baltic Sea is characterized by a
changing redox potential induced by local mixing events
[15] which introduce nitrate-containing water masses into
sulfidic zones and vice versa. Given this turbulent envir-
onment, the ability to store polyphosphate to maintain
cellular integrity, and potentially linked to motility, and
thus improve localization would provide a valuable sur-
vival advantage and can therefore be considered a valu-
able niche adaption for motile bacteria in pelagic Baltic
Sea redox zones. In fact, a comparative analysis of the
functional capacity of Landsort Deep metagenomes
showed that the proportion of genes responsible for che-
motaxis and movement was much higher in cells from
hypoxic water masses than in those from other ecosystems
also characterized by redox gradients [69]. Even in eco-
systems where there is no redox gradient, the micro-scale
patchiness of available nutrients results in differences in
bacterioplankton assemblages at a millimeter scale [70].
The adoption of a chemotactic response to micro-scale
perturbations was previously shown to provide a sig-
nificant advantage for heterotrophs, by enabling a much
higher exposure to nutrients [71]. Our results could pre-
sent a similar case for the chemolithoautotrophic bacteria
that occupy redox gradients within eutrophic ecosystems
perturbed by temporally and spatially limited mixing
events; future analyses should especially aim to directly
confirm this hypothesis with regard to maintenance of
motility.

Conclusion

Our study demonstrated the storage of inorganic polypho-
sphate by cells of Sulfurimonas subgroup GD17/GD1T

cells, both in vitro and in situ. However, in environmental
samples, polyphosphate storage was detected only in cells
inhabiting a zone close to the chemocline and present in
considerably higher abundances than in other parts of the
redox zone. These results suggest that: (i) polyphosphate
accumulates only under favorable conditions, defined as the
exposure to sufficient amounts of electron acceptors/donors
and (ii) that polyphosphate is used to maintain cellular
integrity. This redox-independent energy supply could be a
prerequisite for the maintenance of the r-strategy lifestyle of
Sulfurimonas subgroup GD17/GD1T and may generally
represent a newly identified survival strategy for chemo-
lithoautotrophic prokaryotes occupying eutrophic redox
zones.
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