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Abstract
The Deepwater Horizon (DWH) blowout resulted in the deposition to the seafloor of up to 4.9% of 200 million gallons of oil
released into the Gulf of Mexico. The petroleum hydrocarbon concentrations near the wellhead were high immediately after
the spill, but returned to background levels a few years after the spill. Microbial communities in the seafloor are thought to be
responsible for the degradation of hydrocarbons, however, our knowledge is primarily based upon gene diversity surveys
and hydrocarbon concentration in field sediment samples. Here, we investigated the oil degradation potential and changes in
bacterial community by amending seafloor sediment collected near the DWH site with crude oil and both oil and Corexit
dispersant. Polycyclic aromatic hydrocarbons were rapidly degraded during the first 30 days of incubation, while alkanes
were degraded more slowly. With the degradation of hydrocarbons, the relative abundances of Colwelliaceae,
Alteromonadaceae, Methylococales, Alcanivorax, Bacteriovorax, and Phaeobacter increased remarkably. However, the
abundances of oil-degrading bacteria changed with oil chemistry. Colwelliaceae decreased with increasing oil degradation,
whereas Alcanivorax and Methylococcales increased considerably. We assembled seven genomes from the metagenome,
including ones belonging to Colwellia, Alteromonadaceae, Rhodobacteraceae, the newly reported genus Woeseia, and
candidate phylum NC10, all of which possess a repertoire of genes for hydrocarbon degradation. Moreover, genes related to
hydrocarbon degradation were highly enriched in the oiled treatment, suggesting that the hydrocarbons were biodegraded,
and that the indigenous microflora have a remarkable potential for the natural attenuation of spilled oil in the deep-sea
surface sediment.

Introduction

The Deepwater Horizon (DWH) oil spill is the largest
accidental oil spill in the history of the petroleum industry,
releasing about 780 million liters of light Louisiana crude
oil into the Gulf of Mexico between April and July 2010
[1]. Discharged from the wellhead at 1500 m, the oil
impacted large areas of the deep-sea and surface environ-
ments, marshes, and sandy beach shorelines. In addition, 7
million liters of Corexit dispersants were applied on the
surface and subsurface environments, constituting the lar-
gest ever remediation response to an oil spill [2]. However,
the fate of the oil remnants and the impact of the spilled oil
are still being determined.

Estimates indicate that 11–30% of the spilled oil was
unaccounted for, and a large fraction of this might have
been deposited in the seafloor [3]. Chanton et al. [4] cal-
culated that 3.0–4.9% of the oil released from the DWH was
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deposited in a 2.4 × 1010 m2 region of sediments surround-
ing the wellhead, based on the absence of 14C tracer;
Valentine et al. [5] estimated 4–31% of the oil was depos-
ited over a 3200 km2 area based on chemical tracers
(hopane). High levels of polycyclic aromatic hydrocarbons
(PAHs) (>24,000 μg kg−1) were detected in sediments near
the wellhead following the spill, compared to those in dis-
tant cores (50 μg kg−1) [6]. Moreover, hydrocarbon con-
centrations were higher during 2010–2011 compared to
years prior to 2010 [7, 8]. Oil deposition was likely facili-
tated by contact of the deep plume with continental
slope surface sediments, and sinking of oil-rich marine
snow [9, 10]. However, 1–3 years after the spill, PAH
concentrations in many of these surface sediments were
similar to pre-DWH conditions [11]. This depletion can be
attributed to the combined effects of dissolution and
biodegradation [12, 13]. In fact, microbially sourced
radiocarbon-depleted organic molecular species were
observed in the water column 4 years after the spill event,
potentially accounting for a large proportion of “missing”
spilled hydrocarbon [14].

Seafloor sediments harbor diverse and abundant micro-
bial communities comparable to those in seawater [15]. In
the northern Gulf of Mexico (nGOM) these bacteria are
commonly influenced by hydrocarbon-rich cold-seeps and
likely have developed the abilities to metabolize hydro-
carbons [16, 17]. Oil-impacted seafloor sediments sampled
5–6 months after the DWH were enriched in uncultured
Gammaproteobacterium and Colwellia species, and genes
involved in degrading aliphatic and aromatic hydrocarbons
[18, 19]. Genes associated with denitrification also
increased significantly in highly contaminated sediments.
Other sediments collected at similar times found aerobic
microbial communities and associated functional genes
present in all samples [20]. However, Deltaproteobacteria
and anaerobic hydrocarbon-degradation genes were enri-
ched only in sediments closer to the DWH site.

The hydrocarbon degradation abilities of bacterial com-
munities have been widely studied in the deep-sea oil
plume, but the deep-sea sediments have received much less
attention. Previous studies sampled sediments, analyzed
bacterial communities or metagenomes, and correlated the
bacterial community to their degradation potential or resi-
dual oil [7, 18–22]. However, there is no systematic study
reporting the abilities of the seafloor microbial communities
to degrade different groups of hydrocarbons. Here, we
amended deep-sea surface sediment collected near the
DWH site with light Louisiana sweet crude oil and/or
Corexit dispersant, and incubated the samples at in situ
temperature for 180 days. We analyzed the residual
hydrocarbons, bacterial community, and determined the
functional genes to address the following questions: (1)
How quickly does the crude oil biodegrade in deep-sea

sediment? (2) How does the bacterial community compo-
sition change when exposed to crude oil? (3) Are functional
genes associated with hydrocarbon degradation enriched in
the presence of oil in deep-sea sediment? Our findings
revealed that PAHs were more rapidly degraded than
alkanes within 30 days, whereas alkane degradation con-
tinued until 180 days. Furthermore, increased hydrocarbon
degradation corresponds to increased abundances of
several members of Alteromonadales (Colwelliaceae and
Alteromonadaceae), Methylococcales, Oceanospirillales
(Alcanivorax, Olephilaceae, and Oceanospirillaceae),
Rhodanobacterales (Phaeobacter and Octadecabacter),
Bacteriovorax, and a myriad of hydrocarbon degradation
genes.

Materials and methods

Sediment sampling

Sediment was collected by multicore aboard the R/V Pelican
on June 25, 2013, from Station C12 (28.6381°N, 88.5192 °W,
1600 m deep) in the nGOM about 17 km away from the
DWH Site [11]. The temperature, salinity, and dissolved
oxygen of the overlying water were 4.4 °C, 35 ppt, and 4.6
mg L−1, respectively. The background PAHs concentration
(ΣPAH43) at this site was ca. 110 ng g−1 sediment [11].

Incubation

On board, the top three centimeters of the sediment core
were extruded immediately after collection then homo-
genized in a sterile beaker using a sterile metal spoon. Equal
volumes of homogenized sediment (6 cm3) were transferred
to 60-mL wide-mouth amber glass jars. Three treatments
were prepared (Table 1): Sediment amended with light
Louisiana sweet (LLS) crude oil and Corexit (SOC), sedi-
ment plus overlying water amended with both oil and
Corexit (SWOC), and sediment plus overlying water
amended with oil only (SWO). Before addition, the

Table 1 Description of experimental treatments

Treatment Description

S Sediment only (Control)

SOC Sediment+ oil+Corexit

SW Sediment+water (Control)

SWOC Sediment+water+ oil+Corexit

SWO Sediment+water+ oil

Incubation was performed in sealed 60-mL wide-mouth amber glass
jars containing 6 cm3 of sediment. Crude oil was added at a final
concentration of 200 ppm (mass/volume).
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overlying water was serially filtered through 5 and 0.20 µm
membranes to remove bacteria. The crude oil was
added from a stock of crude oil in seawater [23, 24], and
stirred to mix. Corexit 9500A dispersant was added at a
1:20 dispersant:oil ratio. Controls without added substrate
were prepared for both the sediment only (S) and sediment
plus overlying water (SW). All bottles were tightly sealed
using Teflon-lined caps to minimize losses due to
volatilization.

The jars were incubated in the dark at 4–4.5 °C
without shaking. Three replicate jars for each treatment
were sampled for hydrocarbon and bacterial analysis
after 15, 30, 60, 120, and 180 days. Only one replicate for
controls was prepared for each sampling period, solely for
bacterial analysis. Abiotic controls were not included, pri-
marily because sediment quantities from the cores were
limited, and we prioritized the experimental treatments. Our
previous work showed that abiotic losses are negligible
under our standard incubation conditions [24–28]. Our
incubation bottles are tightly sealed with Teflon-lined caps
to prevent evaporation. We did not observe appreciable
losses in previous incubation experiments at 25–30 °C, and
the ~4 °C incubation temperature in this study should fur-
ther reduce any evaporative loss. The other potential abiotic
loss of hydrocarbons is through sorption, as hydrocarbons
are hydrophobic and can be sorbed to sediments irre-
versibly. However, deuterated standards added before
the extraction of the samples were all recovered in
excellent rates (85–97%), consistent with our previous work
[7, 25, 29, 30], suggesting minimal loss due to sorption.
Overall, we do not think abiotic loss was significant in our
incubations.

Oil extraction and analysis

The entire volume of sample was freeze-dried and extracted
using dichloromethane in a Soxhlet extractor for 24 h. The
extract was filtered through a chromatographic column
packed with anhydrous sodium sulfate [7], concentrated
using Rotovap, and exchanged with hexane. Sample clean-
up and fractionation were performed according to Wang
et al. [31]. The saturated fraction was eluted with hexane
while the aromatic fraction was eluted with hexane in
benzene (1:1). Aliphatic hydrocarbons (C11–C35), 17α(H),
21β(H)-hopane (C30-hopane), and PAHs were analyzed
using GC–MS (Shimadzu QP2010 plus) operated in selec-
ted ion mode (SIM) [24, 29]. Hydrocarbons were quantified
by a five-point calibration curve of known mixed standards
of alkanes and PAHs. The concentration of each compound
was normalized to C30-hopane [32, 33]. The deuterated
surrogate standards (hexadecane-d34, acenapthene-d10,
phenanthrene-d10, pyrelene-d12, benzo[e]pyrene- d12) added
prior to extraction had a recovery rate of 85–97%.

DNA extraction, sequencing, and analysis

Total genomic DNA was extracted from 250 mg of freeze-
dried samples using the MO BIO Powersoil DNA Isolation
Kit. The 400 bp V4/V5 region of the bacterial 16S rRNA
gene was amplified using the primers Hyb515F_rRNA and
Hyb909R_rRNA, and sequenced using the Illumina MiSeq
platform at the University of Texas Genomic Sequencing
and Analysis Facility (UTGSAF) [34].

At least 10,000 2 × 250 bp paired-end sequences were
generated from each sample. After trimming primer
sequences, Pandaseq (v2.8) was used to assemble
forward and reverse reads into one contiguous sequence
[35]. The contiguous sequences were assigned to
operational taxonomic units (OTUs) via the closed
reference-based OTU picking method in QIIME (v1.7.0)
[36], using the Greengenes database (version 13_5) at 97%
similarity [37]. Taxonomic classification was carried out
using the RDP classifier in QIIME and the Greengenes
database.

Genomic assembly, binning, and annotation

DNA samples of control (S-30) and oil treatment (SOC-30)
collected at 30 days of incubation were sequenced by
Illumina HiSeq 4000 at UTGSAF, resulting in about 120
million reads of 2 × 150 paired-end sequences per sample.
Assembly, binning, and annotation was performed follow-
ing an established protocol [38] with some modifications.
Briefly, shotgun genomic reads were screened for adapter
using Cutadapt [39], interleaved using interleave_fasta.py,
and trimmed at both ends using Sickle (https://github.com/
najoshi/sickle). Paired-end reads were assembled
using IDBA-UD [40] with the following parameters
(–pre_correction –mink 55 –maxk 95 –step 10 –seed_kmer
55). Assembled 1 kb fragments were submitted to JGI IMG/
MER system [41] for annotation. The predicted
proteins were further compared to proteins involved in
hydrocarbon degradation in a custom database using blastp
[42]. The resulting output was used to determine the relative
abundances of genes in the control (S-30) and treatment
(SOC-30).

Binning of the assembled fragments was performed
using tetra-nucleotide frequency signatures using 4.5 kb
fragments of the contigs [43]. Emergent Self-Organizing
Maps were manually delineated and curated based on
clusters within the map. Binning was enhanced by incor-
porating reference genomes for all assembled contigs into
the Emergent Self-Organizing Maps [43]. The complete-
ness, contamination, and strain heterogeneity of the gen-
omes within bins were estimated using CheckM [44]. The
distribution of the genes for hydrocarbon degradation was
determined by comparing the predicted proteins to a custom
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database. The genomes are available in NCBI GenBank
under BioProject ID PRJNA434806 and accession numbers
SAMN08581018–SAMN08581024.

Statistical analysis

Non-metric multidimensional scaling (NMDS) was used to
visualize the similarity of the bacterial community struc-
tures in control and treatments. NMDS was performed using
Bray–Curtis distances in the PAST software package,
V2.17 [45]. Treatments were then compared using one-way
analysis of similarity (ANOSIM) to verify the significance
of the clustering [30]. The hydrocarbon biodegradation rate
constant was computed based on first-order kinetic model
[25, 30].

Results

Hydrocarbon degradation

PAHs were degraded faster than alkanes in all treatments
during the first 30 days of incubation (Fig. 1a–c). In SOC,
only 30 and 21% of PAHs and alkylated PAHs remained at
day 20, while 60% of alkanes were not transformed.
Moreover, the percent degradation of alkanes and PAHs

Fig. 1 Biodegradation of (a) total alkanes, (b) total PAHs, and (c) total alkalyted PAHs in deep-sea sediment amended with crude oil. SOC
sediment+ oil+ Corexit, SWOC sediment+water+ oil+ Corexit, SWO sediment+water+ oil

Fig. 2 Non-metric multidimensional scaling (NMDS) of bacterial
community structures in deep-sea sediment incubated with or without
crude oil. The ordination is based on Bray–Curtis coefficient matrix of
relative abundances. S sediment only, SOC sediment+ oil+Corexit,
SW sediment+water, SWOC sediment+water+ oil+Corexit, SWO
sediment+water+ oil. The numbers indicate days of incubation
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was higher at all time points in SOC compared to
both slurry treatments (SWO and SWOC). Corexit
enhanced the degradation of alkanes at 120 days, but did
not affect PAH degradation. While alkane degradation
continued until 180 days, PAH degradation was negligible
after 60 days. The degradation rate constant (k) of
alkanes was higher in SOC than SWOC, which was
higher than SWO (Figure S1A). Whereas the rate constants
of the PAHs and alkylated PAHs varied, SOC
generally showed the highest degradation rate for most
PAHs, and the rate of SWO was slightly higher than that of
SWOC (Figure S1B). Note also that rate constants of PAHs
and alkanes with lower molecular weights were generally
higher than those with higher molecular weights in all
treatments.

Bacterial community structure and dynamics

Incubations in the presence or absence of oil showed shifts
in bacterial community structure, but the effect of oil
addition was much greater (Fig. 2). Control communities (S

and SW) do not vary from each other (P= 0.1212), but
differ significantly from oiled treatments (P= 0.0001)
(Table S1). There was no significant difference between the
slurry treatments with oil alone or with both oil and dis-
persant (P= 0.8865). Moreover, sediment alone with both
oil and Corexit was not different from the sediment–water
slurry (P= 0.8272).

The initial bacterial community was comprised mainly of
Gammaproteobacteria, Deltaproteobacteria, Alphaproteo-
bacteria, Planctomycetes, Acidobacteria, and Actinobacteria
(Fig. 3). Changes in bacterial community structure, most
notably the Gammaproteobacteria, were observed both in
control and oil-amended treatments. On average, Gamma-
proteobacteria abundance in the controls increased by 1.2-
fold, whereas their abundances in the oil treatments
increased by about two-fold. At the order level, the increase
of Gammaproteobacteria was mainly due to Alteromona-
dales, Oceanospirillales, and Methylococcales (Figure S2).
Besides the Gammaproteobacteria, Rhodobacterales
(Alphaproteobacteria), and Bdellovibrionales (Deltaproteo-
bacteria) increased in oil treatments.

Fig. 3 Bacterial community
dynamics at class level in deep-
sea sediment incubated with or
without crude oil. S sediment
only, SOC sediment+ oil+
Corexit, SW sediment+water,
SWOC sediment+water+ oil
+ Corexit, SWO sediment+
water+ oil. The numbers in the
horizontal axis indicate the days
of incubation

Fig. 4 Abundances of genera
under orders Alteromonadales,
Methylococcales,
Oceanospirillales,
Rhodanobacterales, and
Bdellovibrionales that showed
increase in deep-sea sediment
incubated with or without crude
oil. S sediment only, SOC
sediment+ oil+ Corexit, SW
sediment+water, SWOC
sediment+water+ oil+
incubation with or without crude
Corexit, SWO sediment+water
+ oil. The numbers in the
horizontal axis indicate the days
of incubation
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Alteromonadales sequences included Altermonadaceae
closely affiliated to HB2-32-21, which increased 2–3-fold in
control and 20–34-fold in treatment, and two genera
belonging to Colwelliaceae (Fig. 4). The unclassified Col-
welliaceae responded greatly to oil amendment during the
initial 15 days, increasing up to 100-fold, and then decreased
steadily. This gradual decrease of Colwelliaceae correlated
with an increase in the abundances of unclassified Methylo-
coccales (50-fold at 15 days to 180-fold at 180 days), Alca-
nivorax (10-fold at 30 days to 700 to 900-fold at 180 days),
and Oleiphilaceae. The increase of other Colwelliaceae in
S-control at 30–60 days of incubation comprised more than
50% of the total Colwelliaceae, but this OTU did not seem to
metabolize oil as they showed a negligible increase in the oil
treatment. Bacteriovorax increased greatly at 30 and 60 days
by 40-fold to 300-fold, respectively, in the treatments, yet
only about 10–20-fold in control. Although present in rela-
tively low abundance, Phaeobacter and Octadecabacter
increased by 10-fold with oil addition.

Abundance of hydrocarbon-degradation genes

Metagenomic analysis showed that a variety of genes
involved in hydrocarbon degradation were enriched in the
oil treatment (SOC-30) relative to the control (S-30) (Fig. 5).
Genes associated with initial oxidation of aromatic rings
(benzene dioxygenase to aromatic ring hydroxylating diox-
ygenase) were generally more abundant than alkane mono-
oxygenase in the control. However, while these aromatic
genes increased on average by 2.5-fold, alkane mono-
oxygenase increased by 4.5-fold in the treatment. Unde-
tected in the control, toluene, methan, and butane
dioxygenases emerged in the presence of oil. Moreover,
genes involved in metabolism of the by-products of hydro-
carbon degradation, including alcohol and cyclohexanol
dehydrogenases, and those relating to fatty acid metabolism
are the most abundant. A set of genes involved in the
complete oxidation of alkanes was abundant in the deep-sea

sediment and increased after oil addition. Similarly, we
found a nearly complete set of genes for the degradation of
cyclohexane (alkane monooxygenase, cyclohexanol dehy-
drogenase, cyclohexanone monoxygenase, and fatty acid
metabolism). Catechol and benzoate dioxygenases, two
genes commonly responsible for the total oxidation of aro-
matic rings, were detected at lower abundance.

Genes associated with anaerobic metabolism were also
enriched. Abundances of denitrifying genes, such as nitrate
reductase, nitrite reductase, nitric oxide, and nitrous oxide
reductases increased 4-fold in the presence of oil compared
to the control (Figure S3). Notably, the genetic potential for
anaerobic alkane and aromatic degradation was indicated by
a slight increase in alkysuccinate synthase (assA) and ben-
zylsuccinate synthase (bssA), respectively. Moreover,
benzoyl-CoA reductase, another key enzyme of anaerobic
aromatic metabolism, increased when oil was added [46].

Reconstructed genomes

Assembly and binning of metagenomic data resulted in
reconstruction of seven genomic bins (designated Bin 6, 8,
17, 18, 19, 20, and 21) from the oiled treatment (Table 2).
These bins have an estimated completeness from 17 to 50%,
and low contamination (<10%). Phylogenetic analyses of
15 concatenated ribosomal proteins identified Bin 20 as a
Gammaproteobacterium belonging to genus Colwellia and
closely related to Bin 37 of Dombrowski et al. [42] (Fig. 6).
The 46% complete Bin 21 was also closely affiliated to
Colwellia, but distinct from Bin 20. Both genomes possess
naphthalene dioxygenase, but lack genes for the degradation
of natural gas and benzene, toluene, ethylbenzene, and
xylene (BTEX). Bin 8 (50% complete) was similar to
Woeseia oceani XK5, a new genus in the order Chroma-
tiales identified from coastal sediment [47]. This is the first
study to report the presence of this genus in the deep-sea
sediment. Bin 8 harbors a repertoire of genes for complete
degradation of naphthalene and initial oxidation of BTEX

Fig. 5 Abundance of genes
involves in hydrocarbon
degradation in the metagenome
data of sediment+ oil+Corexit
(SOC-30) and sediment only (S-
30) sampled at 30 days of
incubation
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Table 2 Distribution of genes involved in hydrocarbon degradation in seven reconstructed genomes

 GENES  BINS Bin 6 Bin  8 Bin 17 Bin 18 Bin 19 Bin 20 Bin 21
 Completeness 24% 50% 40% 17% 23% 45% 46%
 Contamination 7% 9% 0% 0% 0% 9% 0%

Identity Alteromonadales Woeseia NC10 Unidentified Rhodobacteraceae Colwelliaceae Colwelliaceae

PAH degradation
PAH dioxygenase large subunit nidA

cis-3,4-dihydrophenanthrene-3,4-diol dehydrogenase phdE
extradiol dioxygenase phdF
hydratase-aldolase phdG
aldehyde dehydrogenase nidD
1-hydroxy-2-naphthoate dioxygenase phdI

4-(2-carboxyphenyl)-2-oxobut-3-enoate aldolase phdJ
phthalate 4,5-dioxygenase pht3
phthalate 4,5-cis-dihydrodiol dehydrogenase pht4
4,5-dihydroxyphthalate decarboxylase pht5
phthalate 3,4-dioxygenase subunit alpha phtAa
phthalate 3,4-cis-dihydrodiol dehydrogenase phtB
3,4-dihydroxyphthalate decarboxylase phtC

protocatechuate 3,4-dioxygenase, alpha subunit pcaG
3-carboxy-cis, cis-muconate cycloisomerase pcaB
4-carboxymuconolactone decarboxylase pcaL
3-oxoadipate enol-lactonase pcaD
3-oxoadipate CoA-transferase pcaI
beta-ketoadipyl CoA thiolase pcaF
catechol 1,2-dioxygenase catA
catechol 2,3-dioxygenase dmpB, xylE
muconate cycloisomerase catB

benzoate/toluate 1,2-dioxygenase subunit alpha benA-xylX

dihydroxycyclohexadiene carboxylate dehydrogenase benD-xylL

Naphthalene degradation

naphthalene 1,2-dioxygenase ferredoxin reductase component nahAa
naphthalene 1,2-dioxygenase subunit alpha nahAc
naphthalene 1,2-dioxygenase subunit beta nahAd

cis-2,3-dihydrobiphenyl-2,3-diol dehydrogenase nahB

2-hydroxychromene-2-carboxylate isomerase nahD

trans-o-hydroxybenzylidenepyruvate hydratase-aldolase nahE
salicylaldehyde dehydrogenase nahF

Alkane degradation
alkane 1-monooxygenase alkB1
alcohol dehydrogenase adh1
NADP-dependent aldehyde dehydrogenase aldh
long-fatty-acid CoA ligase fadD 
acyl-CoA dehydrogenase fadE
enoyl-CoA hydratase paaF
3-hydroxyacyl-CoA dehydrogenase fadJ
acetyl-CoA acyltransferase fadA
Other alkanes
butane monooxygenase
methane monooxygenase
propane monooxygenase
cyclohexanol-dehydrogenase
cyclohexanone 1,2 monooxygenase

BTEX degradation
benzene dioxygenase
toluene dioxygenase
ethylbenzene dioxygenase
xylene monooxygenase
alkylbenzene dioxygenase

Anaerobic degradation
nitrate reductase narG
nitrite reductase, large subunit nirK
nitric oxide reductase norB
Nitrous-oxide reductase nosZ
Hydroxylamine dehydrogenase hao
benzylsuccinate synthase bssA
alkylsuccinate synthase
benzoyl-CoA reductase

The genes were based in the degradation pathways of naphthalene, phenanthrene, and hexadecane in Dombrowski et al. [42]. The blue boxes
indicate the presence of the genes in the genome [64]

2538 H. P. Bacosa et al.



compounds. Bin 17 belongs to Candidate Phylum NC10
whose members are linked to anaerobic oxidation of
methane coupled to denitrification [48, 49]. Genomes of Bin
6 (Alteromonadales), Bin 18 (unidentified), and Bin 19
(Rhodobacteraceae) possess a myriad of aromatic degra-
dation genes, which are thought to be involved in PAH
degradation. Alkane monooxygenase, the key enzyme in
alkane degradation [50], was only present in Bins 6 and 21.
Notably, Bin 21 has a complete set of pathway genes for
total oxidation of alkanes. The denitrification genes narG
and nirK were found in 5 of 7 reconstructed genomes.

Discussion

To date, research documenting the bacterial community and
potential hydrocarbon degradation of deep-sea sediment in
the nGoM is relatively scarce [18–22]. In each of these
studies, sediment cores were collected from different dis-
tances around the wellhead, analyzed for microbial com-
munity or metagenomes, and examined for possible
metabolic or hydrocarbon degradation potential. Succession
of oil-degrading bacteria and abundance of functional
genes, together with the change in oil chemistry at a
molecular level, were not documented in these, or, to the
best of our knowledge, any other studies.

PAHs and their alkylated homologs were degraded faster
than alkanes within the first 30 days in the sediment. These
data agree with the results of Yergeau et al. [22] who reported
high concentrations of alkanes in the 0-cm-depth sediments
around the DWH wellhead, while both PAHs and methylated
PAHs were below the detection limit. Using 13C-labeled
dodecane, toluene, and phenanthrene, Mason et al. [19] found
that dodecane was degraded faster than both phenanthrene
and toluene, which is contrary to our findings. Using single
substrates may alter the preferential degradation of hydro-
carbons by the bacteria, thus crude oil may be more repre-
sentative of oil spill situations [27]. Our data follow the
typical pattern that short chain (C11–C14) alkanes were
metabolized faster than mid-chain (C15–C22), and long chain
>C30 were the least degraded [7, 24, 25, 29]. After the 30-day
period of rapid loss, PAH degradation slowed, as the
remaining 4–5 ring PAHs are more recalcitrant. However,
many alkylated PAHs disappeared faster than the parent
PAHs, particularly monoalkylated naphthalenes, which
represent a large fraction of alkylated PAHs in LLS oil [24].
Biodegradation of all hydrocarbon groups was also faster in
sediment alone, suggesting that overlying water reduced
hydrocarbon degradation likely by decreasing bioavailability,
as floating oil sheen was observed on the water. Using sea-
water alone, Kleindienst et al. [51] showed that the addition of
Corexit negatively affected the degradation of both n-alkanes
and PAHs. However, our results revealed that Corexit

enhanced the degradation of n-alkanes, but not PAHs and
alkylated PAHs, in slurry sediments.

We observed greater shifts in microbial community
composition with oil as compared to controls. Although the
top centimeters of the core were oxic to suboxic [22],
changes in the controls were expected as oxygen was
introduced during experiment preparation. Moreover, we
observed changes in bacterial community in seawater only
during previous incubation studies [52]. Regardless, the
difference in the bacterial composition between the control
and the treatment should be attributed to oil as the key
driver. For example, members of Alteromonadales, Methy-
lococcales, Oceanospirillales, Rhodobacterales, and Bdel-
lovibrionales increased with reference to the control in the
presence of oil or both oil and dispersant. The bacterial
communities in our incubations share some features with
communities from sediments collected following the DWH
spill. Contaminated sediments near the DWH site contained
abundant Gammaproteobacteria, particularly uncultured
Gammaproteobacterium, Colwellia, and Rhodobacteraceae
[18, 19]. These studies represent single time point collec-
tions. Here, we showed that Colwellia initially dominated,
but decreased remarkably with oil degradation and was
succeeded by other taxa including Alcanivorax and
Methylococcales. Surface sediment collected 19 months
after DWH by Yergeau et al. [22] included low abundances
of Oceanospirillales, Alcanivorax, Colwellia, and Methy-
lococcaceae, comparable to our initial sediment commu-
nities. In contrast, Kimes et al. [20] found higher levels of
anaerobic Deltaproteobacteria, which were not abundant in
this study or Mason et al. [19]. Our previous report on
surface bacterial communities of deep-sea sediment samples
found mainly Methylococcus, Vibrio, Pseudomonas,
Methylobacter, Flavobacteria, and Acidobacteria [21],
whereas Vibrio and Pseudomonas were not dominant in our
cores. This variation in initial bacterial composition may be
due to differences in sampling site or time, and degree of oil
contamination and weathering.

The dynamics of several bacterial taxa correlated with
degradation of oil components. Colwelliaceae and Alter-
monadaceae were barely detectable in the initial commu-
nity, yet comprised 15–20% and 4–8% of the community
after 15 days. This suggests the key roles of these bac-
teria played in the early stages of degradation, as 25–50%
of n-alkanes C11–C15 and 60–80% of naphthalene were
degraded during this period. Alteromonas is a known
naphthalene degrader [53]. Colwellia in the DWH plume
incorporated ethane, propane, and benzene [54], suggesting
its flexibility to degrade both light alkanes and aromatics.
Our results support these findings, because Colwellia
abundance decreased dramatically as lower molecular
weight hydrocarbons disappeared (Fig. 4; Fig. S4). Another
Colwelliaceae representative was abundant in sediment
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controls, indicating a diversity of Colwelliaceae phylotypes
in the nGoM with functions other than hydrocarbon
degradation. For example, Colwellia RC25 isolated from
the GoM degraded components of Corexit when incubated
at 4 °C [53]. After 15 days, Alteromonas remained abundant
while Colwelliaceae numbers declined, with a concurrent
increase of Alcanivorax and Oleiphilaceae, which can
degrade long chain alkanes and are abundant in weathered

oil [54, 56, 57]. This is unsurprising as by that point the
treatments were already depleted of short alkanes, leaving
the mid-chain to long-chain alkanes.

The metagenomes of the control and oil treatments pro-
vide further evidence of oil degradation abilities in deep-sea
sediment communities. Functional gene categories related
to aliphatic and aromatic hydrocarbon metabolism were
present in the sediment and increased in abundance with oil

Fig. 6 Phylogenetic
characterization of genomic Bin
8, Bin 17, and Bin 20
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addition (Fig. 5). Genes involved in initial oxidation of
aromatic compounds were more abundant than alkane
oxygenase, which supports the observation that PAHs were
readily degraded during the first 30 days of incubation,
similar to Lu et al. [58]. The most abundant genes were
alcohol dehydrogenase, cyclohexanol dehydrogenase, and
those involved in fatty acid oxidation, consistent with pre-
vious observations in deep-sea sediments [19]. Like Mason
et al. [19], we also found a complete set of genes for
cyclohexane degradation. They report that these genes were
abundant in sediments with high hydrocarbon concentra-
tions, and here we demonstrated that these genes increased
with oil addition. We observed a slight increase in genes for
anaerobic hydrocarbon degradation (assA, bssA), a process
that occurs very slowly [20]. This is not surprising, as while
our initial conditions were oxic, areas within the sediment
might become suboxic to anoxic. The 60-ml sealed jars
contain about 6 cm3 of sediment, and a headspace with
sufficient O2 for the complete oxidation of the quantifiable
amount of hydrocarbons. The surface might be oxic
throughout the incubation period, but extensive hydro-
carbon degradation could cause suboxic conditions below,
reflective of in situ conditions in the seafloor. Oil exposure
in deep-sea sediment can also alter other metabolic path-
ways, such as nitrogen cycling, evidenced by the tre-
mendous increase in denitrifying genes observed here and
by Mason et al. [19]. Thus, degradation of large amounts of
labile hydrocarbons could create microenvironments that
enhanced denitrification under the experimental conditions.

The partial genomes of Colwelliaceae (Bin 20 and Bin
21) contained genes for denitrification similar to Colwellia
psychrerythraea 34H, which is a facultative anaerobe, and
to the Colwellia described by Mason et al. [59], suggesting
that both aerobic and anaerobic processes occurred during
incubation. This is not surprising as the surface sediment
and overlying water in this area are enriched in nitrate,
7.5–10.5 µM [19, 30]. While PAH dioxygenase and naph-
thalene dioxygenase were abundant in four genomes (Bins
6, 8, 18, 19), alkane monoxygenase was only detected in
two genomes (Bins 6 and 21). Nonetheless, a repertoire of
alkane metabolite degradation genes was found in four
genomes, indicating a strong likelihood that many alkanes
could have been totally oxidized. Colwelliaceae Bin 21 had
a broad spectrum of genes for substrate utilization that may
explain its ability to degrade a variety of hydrocarbons.
Notably, Bin 8 closely related to Woeseia has a nearly
complete repertoire of genes for degrading BTEX com-
pounds, aliphatic and aromatic hydrocarbons. Woeseia is a
facultative, chemoheterotrophic anaerobe recently classified
as a novel genus [47]; this is the first report of its ability to
degrade hydrocarbons. Bin 17 is closely affiliated to can-
didate phylum NC10 that links anaerobic methane oxidation
to denitrification [48, 49], another indication that anoxic

conditions were present during incubation. The presence of
nitrite and nitrate reductases and naphthalene dioxygenase
in the Bin 17 genome suggests a potential for hydrocarbon
degradation coupled to denitrification. NC10-related bac-
teria have been found in oxygen-limited freshwater habitats,
lake sediments, rice paddy soils, wastewater sludge, and
marine water column oxygen minimum zones [60–63], but
this is the first report on NC10 bacterium in GOM deep-sea
sediments, particularly related to hydrocarbon degradation.
Our mass-balance calculation revealed that the oxygen in the
headspace was sufficient for the complete oxidation of
hydrocarbons to CO2 and H2O. However, only 20–60% of
biodegraded oil could be converted to CO2, and the rest could
be transformed to metabolites or be converted into biomass
[27, 64]. The degradation of other organic compounds in
the sediment might have also contributed to the depletion of
oxygen in the incubation bottles at the later part of the
experiment, resulting in the oxic surface layer and suboxic/
anoxic bottom layer. The bacterial communities here are
consistent with oxic to suboxic environments, correspond-
ing to the top few centimeters of the core used in this study.
Our incubations represent a model for the fate of oil
deposited on surface sediments, which could undergo bio-
degradation due to aerobes and facultative anaerobes. This
study does not represent the anoxic subsurface environment,
primarily inhabited by obligate anaerobes.

In this study, we demonstrated the response of deep-sea
sediment bacteria in the nGoM to light Louisiana sweet
crude oil, in terms of community composition and hydro-
carbon metabolism. We showed that PAHs were readily
degraded when oil was added, but alkane degradation
occurred more slowly. We calculated degradation rate
constants based on the first-order model for alkanes, PAHs,
and alkylated PAHs that can be used for modeling the fate
of oil in the deep-sea surface sediment. Using 16S rRNA
gene sequencing and metagenomics we showed that Col-
welliacea, Altermonadaceae, Methylococcales, Rhodo-
bacteraceae, and Alcanivorax increased in abundance with
oil addition. Colwelliacea later decreased as oil degradation
continued, with corresponding increases in Alcanivorax and
Methylococcales. We correlated the putative roles of these
bacteria in the degradation of hydrocarbons, based
on changes in oil composition. Lastly, assembled meta-
genomes assign the degradation potential to individual
bacteria within the microbial community in the sediment.
Our findings are crucial in understanding the role of bacteria
taxa in the fate of oil in deep-sea sediment and can inform
remediation efforts in future oil spills in the region.
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