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FACEts of mechanical regulation in the morphogenesis of
craniofacial structures
Wei Du1,2, Arshia Bhojwani2 and Jimmy K. Hu 2,3

During embryonic development, organs undergo distinct and programmed morphological changes as they develop into their
functional forms. While genetics and biochemical signals are well recognized regulators of morphogenesis, mechanical forces and
the physical properties of tissues are now emerging as integral parts of this process as well. These physical factors drive coordinated
cell movements and reorganizations, shape and size changes, proliferation and differentiation, as well as gene expression changes,
and ultimately sculpt any developing structure by guiding correct cellular architectures and compositions. In this review we focus
on several craniofacial structures, including the tooth, the mandible, the palate, and the cranium. We discuss the spatiotemporal
regulation of different mechanical cues at both the cellular and tissue scales during craniofacial development and examine how
tissue mechanics control various aspects of cell biology and signaling to shape a developing craniofacial organ.
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INTRODUCTION
The vertebrate head is an intricate and complex part of the animal
body, composed of organs with diverse functions and types. These
craniofacial structures, including the cranium, sensory organs,
mandible, temporomandibular joint (TMJ), palate, muscles, and teeth,
are all constructed in their own unique forms and shapes to facilitate
their functions. The complexity of craniofacial skeletal shapes was well
appreciated by early naturalists, such as Johann Wolfgang von Goethe
(1749–1832), who coined the word “morphologie”.1 Goethe’s study
on morphological features set the foundation for the work by D’arcy
Thompson, which formally recognized the role of physical laws in
shaping biological structures, such as the vertebrate skull, during
development and across evolution.2 Now a century after Thompson’s
morphometric study, craniofacial structures with their diverse shapes
and architectures once again serve as important models to investigate
the developmental processes and cell biological events that propel
organ morphological changes. With the advent of novel imaging and
biomechanical techniques, we have gained a deeper understanding
of how mechanical forces and other physical quantities regulate
craniofacial morphogenesis. These studies unveil the interplay
between biochemical and mechanical signals during organ formation
and provide targetable pathways and guiding principles for
developing new regenerative strategies. Here we will first review
different types of physical quantities that contribute to tissue
development and shape changes, and then focus on the mechanical
regulation of selected examples of craniofacial structures.

PART I. SOURCES AND TRANSDUCTION OF MECHANICAL
SIGNALS DURING ORGAN MORPHOGENESIS
Organ morphogenesis is a physical process that integrates
mechanical and biochemical information into the regulation of

coordinated cell property and behavior changes.3,4 There are four
main categories of mechanical inputs during development: (1)
tissue volumetric changes; (2) generation of cellular forces by
cytoskeletons; (3) large scale forces by muscle contraction; and (4)
tissue material properties (Fig. 1). Below we discuss the molecular
and cellular setup of each process, as well as their functional
contribution to organ shape changes. Craniofacial examples are
included when applicable. It should also be noted that while these
are separate physical quantities, they are often coregulated and
interconnected during organ development. Finally, we will discuss
the signaling process through the Hippo pathway and Piezo ion
channels that convert mechanical inputs into biochemical signals
within cells.

Differential tissue growth and volumetric changes
In a developing organ, progenitor cells can divide, apoptose, and
change in size; all of which contribute to the overall growth of the
tissue. Spatiotemporal regulation of these processes can therefore
lead to differential growth and shape changes. For instance,
spatially localized proliferation has been observed at the ventral
edge of the developing opercle, a dermal bone of the zebrafish
craniofacial skeleton, and this inhomogeneous distribution of
cycling cells is responsible for sculpting the correct shape of the
bone.5 Similarly, during avian beak formation, localized prolifera-
tion zones exist in the frontonasal process of different avian
species, and spatiotemporal control of the location and size of
these proliferation zones directly determines the beak shape in
birds.6 Differential growth also affects tissue mechanics. As cell
numbers and tissue volume increase within a space constrained
by surrounding tightly connected cells and/or the extracellular
matrix (ECM), the expanding population would experience an
increased pressure (compression) and stretch the surrounding
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cells, which would experience increased strain7 (Fig. 1). These
force changes have been shown to function as a mechanical
feedback to further alter cell behaviors and induce cell
differentiation, proliferation, or cell rearrangement.8–13

Proliferation can also occur in a directional (anisotropic)
manner. As cells often divide along the long axis of tissue
elongation, such as during the outgrowth of the vertebrate limb
bud and the Drosophila wing disc, oriented cell division has been
thought to contribute to tissue lengthening.14–16 However,
division orientation may be a cellular response to dissipate
preexisting anisotropic stresses (forces) within the tissue,17 as

opposed to driving shape changes directly. Indeed, randomizing
cell divisions does not significantly affect morphogenesis, as
demonstrated in the developing Drosophila wing disc and during
zebrafish gastrulation.18,19 Consistent with these findings, prolif-
eration alone cannot account for the morphological changes
observed in the developing vertebrate limb bud and mandibular
arch,20,21 highlighting the importance of other mechanical inputs,
such as actomyosin tension and tissue material properties in
regulating organ morphogenesis.

Force generation by cytoskeletons
Actin microfilaments and microtubules are dynamic cytoskeletal
structures and components of force generating machineries that
convert energy from ATP or GTP hydrolysis into pushing or
contractile forces. These forces propel various cellular processes,
including cell migration, cell shape changes, and transportation of
organelles. Pushing forces are produced when these filaments
polymerize against a barrier, such as the cell or nuclear
membrane.22,23 Contractile forces are primarily produced by the
interaction between actin and the motor protein, non-muscle
myosin II (MyoII), where activated MyoII assembles into bipolar
filaments that crosslink and slide filamentous actin in opposite
directions.24 Actomyosin tension is critical for many morphoge-
netic events and spatiotemporal control of the contractile
machinery and MyoII activity underlies an important mechanism
for generating the anisotropic stress required to deform cells and
morph developing tissues.25,26 One such example is apical
constriction during epithelial invagination. Prior to invagination,
signaling cues organize actomyosin cables at the apical side of
cells in an epithelial monolayer and apically activate MyoII-
dependent contraction via the small GTPase RhoA and Rho-
associated coiled-coil kinase (ROCK), effectively shrinking the
apical cell surface and driving epithelial buckling.27,28 This type of
actomyosin-driven shape changes has been implicated in the
folding of lens and inner ear placodes, as well as the tongue
circumvallate papillae.29–31 Polarized Rho and MyoII activity has
also been observed in tissues patterned by planar cell polarity,
such as during body axis elongation. In this context, Rho kinase
and active MyoII concentrate at the cell junctions perpendicular to
the elongating axis.32–34 The resultant increase in anisotropic
actomyosin tension shortens that cell-cell boundary and allows
neighboring cells to intercalate along the direction of boundary
contraction, thus generating convergent extension movement
and tissue elongation.32–38

Tissue shape changes, such as those driven by apical
constriction and convergent extension, require transmission and
coordination of forces produced by individual cells at the
supracellular level. In the epithelium, cells are joined to each
other via cell adhesion proteins, including the membrane-
spanning E-cadherin and P-cadherin in the adherens junctions
(AJs). The cytoplasmic tails of cadherins bind to β-catenin, which
connects actin filaments to cadherins via α-catenin.39 The
maturation of AJs and their stable attachment to actin cables
are mechanosensitive. Tensional forces transmitted through
cadherins and actins unfold α-catenin from an autoinhibited state
to an open conformation that allows vinculin binding; vinculin in
turn becomes activated to stabilize α-catenin conformation and to
promote further actin assembly at AJs.40–44 Concurrently, cell
contractility can alter cadherin function and junctional integrity.45–47

The mechanosensory function of AJs thus allows cells to
dynamically react and coordinate mechanical forces at the
supracellular level and to adjust adhesion strength for tissue
remodeling.
In addition to actin-based cell mechanics, forces originating

from non-centrosomal microtubules can also contribute to
morphogenetic changes. Microtubules are characterized by their
high bending rigidity and capable of bearing compressive stress
to maintain cell shapes.48,49 During epithelial morphogenesis in
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Fig. 1 Force generation and signal transduction. Organ morpho-
genesis is modulated by several different physical quantities:
volumetric changes, actomyosin contractility, tissue material prop-
erty, and muscle contraction. a Anisotropic distribution of prolifer-
ating cells within a tissue contributes to its directional growth. If the
tissue surrounding the proliferating zone does not expand in the
same rate, the proliferating zone will experience compression (red
arrows); while the surrounding cells will experience tension (blue
arrows). b Cells generate active forces via actomyosin contractility.
Actin cytoskeletons are connected to adherens junctions (AJs) and
focal adhesions (FAs), which are mechanosensitive and can mediate
increased cell–cell and cell–extracellular matrix (ECM) adhesions,
respectively upon increased actomyosin tension and/or substrate
stiffness. Both cell adhesion and ECM composition help determine
the tissue material properties. The Hippo/YAP/TAZ pathway can also
respond to mechanical signals. When there is low mechanical input,
the transcription cofactors YAP and TAZ are phosphorylated and
restricted in the cytoplasm. When there is high mechanical input,
YAP/TAZ are localized to the nucleus and bind to TEAD transcription
factors to drive the expression of target genes. Finally, mechanical
deformation of cell membranes open up the mechanosensitive
Piezo 1 and Piezo 2 ion channels, leading to calcium (Ca2+) influx
and activation of downstream signaling. c Muscle contraction
generates large tissue forces that can impact morphogenesis of
nearby musculoskeletal elements. Blue arrows represent force
directions. α, α-catenin; β, β-catenin; FAK, focal adhesion kinase; p,
phosphorylation
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Drosophila, cell polarity signals have been shown to reorganize
the apical-basal distribution or planar orientation of non-
centrosomal microtubules in epithelial cells. This allows tissue
level coordination of anisotropic pushing forces generated by
microtubule polymerization or dynein-dependent microtubule
sliding to modulate cell shapes and overall tissue morpholo-
gies.50,51 Beyond the direct mechanical control of cells, micro-
tubules can also indirectly influence tissue mechanics by
transporting cell adhesion components to targeted regions and
promoting local MyoII activation to drive clustering of E-
cadherin.52,53 Interestingly, mutations in genes encoding factors
that are involved in microtubule assembly and dynamics can
affect the development of several craniofacial structures in
vertebrates, and it will be imperative to determine if
microtubule-dependent mechanical regulation plays a role in
these processes.54–57

Forces from muscle contraction
Muscles generate forces through the sliding of actin and muscle
myosin filaments, and muscle contractile forces have been shown
to provide key mechanical signals to regulate the morphogenesis
of skeletons, tendons, ligaments, and joints.58 Studies using chick
embryos with chemically paralyzed muscles and mouse embryos
carrying mutations that inhibit muscle formation or contraction
have demonstrated that a functional musculature is required for
attaining proper bone growth and circumferential shapes of long
bones,59–61 for promoting the enlargement of bone ridges that
attach to tendons,62–64 for regulating the size and development of
tendons,65,66 and for maintaining the fate of joint progenitor cells
during joint morphogenesis.67 Similar results have also been
found in the craniofacial system of several experimental models.
For example, mechanical inputs from muscles contribute to the
acquisition of species-specific mandible shapes in avian species;68

while muscle forces are necessary for the morphogenesis of both
the pharyngeal cartilage, as well as cranial tendons in the
zebrafish.69,70 Consistent with these findings, in both mice and
human patients with muscular dystrophy, reduced skull growth
and altered craniofacial skeletal shapes are evident, likely as a
result of weakened mastication muscles.71–73 Muscle contraction is
therefore an integral part of morphogenesis and it functions in
part by regulating cell rearrangements or ECM remodeling. For
instance, muscle forces facilitate skeletal elongation by enabling
intercalation of chondrocytes and thus generating cell stacking
during bone growth.69 The mechanical property of the developing
cartilage may also be influenced by muscle contraction, as tensile
forces can alter the ECM composition by controlling the
expression level of collagens and proteoglycans from chondro-
cytes.74,75 Finally, during tendon development muscle forces can
directly affect the ECM organization and stimulate the release of
active Tgfβ from the ECM to regulate tendon elongation and
branching.70 Future studies will focus on how cells sense and
convert mechanical signals from muscles to generate specific cell
behavior for tissue morphogenesis, which remains an important
question in the field.

Material properties of developing tissues
While tissue growth and cytoskeletons produce forces that enable
cell movement during morphogenesis, the extent of ensuing
cellular rearrangements and tissue deformations (i.e., the rheolo-
gical response to forces) depends on the material properties of the
developing tissue. These physical properties, such as stiffness and
viscoelasticity, are determined by the biochemical and biomecha-
nical states of the constituent cells and their surrounding ECM.
Spatiotemporal regulation of tissue material properties can
therefore guide morphogenetic events and various cellular
processes. For example, a tissue tends to be soft and more fluid-
like during early stages of morphogenesis, but cells subsequently
increase cortical actin crosslinking and tension that stiffens and

maintains the maturing tissue architecture.76–78 The viscoelasticity
of tissues is further controlled by cadherin-dependent adhesion,
as strong cell-cell adhesion can increase the viscosity and the yield
stress of the tissue (more solid-like); while reduced adhesion
allows tissues to be more fluid-like.79–81 In elongating tissues such
as during vertebrate body axis extension, establishing a spatial
gradient of cadherin-mediated viscoelasticity thus guides pro-
genitor cells through a fluid-to-solid transition, in which cells are
initially permissible to rearrange and extend tissues posteriorly in
a fluid-like state but become progressively “jammed” anteriorly to
preserve the tissue architecture.81,82 Such mechanism may
similarly function to drive tissue lengthening during craniofacial
development, as differential viscosity leading to differences in cell
intercalation has been observed during mandibular arch
elongation.21

ECM is composed of proteoglycans and fibrous proteins (e.g.,
collagens, fibronectin, laminins), and its composition and structure
convey crucial biochemical and mechanical information to guide
cell proliferation, differentiation, and movement during develop-
ment.83 Cell-ECM adhesion and signal transduction are primarily
through binding of ECM proteins to the transmembrane hetero-
dimeric integrin receptors that are part of the focal adhesions
(FAs). In nascent FAs, talin connects cytoplasmic tails of β-integrin
subunits to the actin cytoskeleton. Similar to the α-catenin in AJs,
the regulation of talin conformation and function is mechan-
osensitive. In response to an optimal substrate stiffness, cells can
exert more forces at FAs via increased actomyosin contractility.
Tensile forces at FAs then stretch talin and expose cryptic sites for
vinculin binding, which reinforces the talin-actin linkage mechani-
cally and promotes FA maturation.84,85 Integrin activation also
recruits focal adhesion kinase (FAK) and SRC kinase, which activate
downstream biochemical signaling to regulate cytoskeletal
organization and gene expression.83 FAs therefore allow cells to
sense and react to the mechanical property of ECM, and in turn
cells can control the matrix stiffness via actomyosin contractility or
by modulating the ECM contents and crosslinks.86 One example of
ECM-guided tissue shape change is the branching morphogenesis
of the submandibular gland. Several studies showed that
collagens and fibronectin accumulate at the branching point.87,88

where integrin activation signals through FAK and RhoA to induce
actomyosin contractility.89,90 This has two consequences: first it
enhances cell motility to facilitate branching; and second, it
reciprocally triggers further local fibronectin assembly to support
branching structures and promote cell proliferation.56,89,90 The
ECM can also transduce tissue mechanical forces, for example
during the initiation of cephalic neural crest cell migration.91 In
this context, convergent extension of the head mesoderm results
in increased cell density and tissue stiffness. This information is
then relayed through the ECM to activate integrin/vinculin
signaling in the overlying neural crest cells and induce their
migration. The ECM thus plays important roles during craniofacial
development. Given that ECM and integrin signaling has been
implicated in the morphogenesis of several craniofacial structures
that develop from invaginating ectodermal epithelia, including
the tooth, optic, otic and olfactory placodes.92–98 it is plausible
that changes in ECM mechanical properties modulate cell
behaviors to facilitate epithelial invagination in these developing
organs.

Sensing and integrating mechanical information with biochemical
signaling via the Hippo pathway and Piezo proteins
Above, we discussed the role of integrin signaling in sensing
substrate stiffness and then converting that information into
biochemical signals to regulate cell behaviors. Another important
mechanotransduction pathway downstream of FAs and AJs is the
Hippo signaling cascade that controls gene transcription by
regulating the activation and nuclear translocation of the
transcription cofactors Yes Associated Protein (YAP) and its
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paralog WW Domain Containing Transcription Regulator 1 (TAZ)99

(Fig. 1). The localization of YAP/TAZ in the cytoplasm or nucleus
(and thus their transcriptional function) depends on their
phosphorylation state. When the Hippo pathway is active, several
phosphorylation events lead to the activation of LATS1 and LATS2
kinases, which then phosphorylate YAP/TAZ at several amino acid
residues. This restricts YAP/TAZ in the cytoplasm through binding
with proteins associated with adhesion complexes, such as 14-3-3
and angiomotin, and promotes YAP/TAZ degradation as
well.100,101 Conversely, inactivation of Hippo signaling allows
unphosphorylated YAP/TAZ to accumulate inside the nucleus and
function with other transcription factors to drive the expression of
genes that regulate cell proliferation and differentiation. It should
be noted that other kinases, including FAK and SRC, can also
directly phosphorylate YAP/TAZ,102,103 and different signaling
mechanisms can be employed to control YAP/TAZ functions.
Biomechanically, talin-mediated tension sensing at FAs enables
cells to respond to substrate stiffness and trigger actomyosin-
dependent YAP activation.104,105 Upon integrin engagement, FAK
and SRC can additionally signal through PI3K to inhibit LATS1/2
and induce YAP nuclear localization.106 Forces transmitted
through FAs are also capable of directly deforming the nucleus
to allow YAP entry through stretched nuclear pores.107 In addition
to FAs, AJs are important sites for integrating mechanical signals
to the Hippo signaling as well. For example, under low cell density,
tension-dependent recruitment of LIM domain proteins Jub (in
Drosophila) or LIMD1 and TRIP6 (in mammals) to AJs triggers
complex formation of LATS1/2 at AJs, thereby inhibiting LATS1/2
function and promoting YAP activity.108,109 By analyzing mouse
mutants with organ-specific Yap deletion, it was shown that YAP is
critically required for the development of several craniofacial
structures, including the cranial neural crest, teeth, and
palates.110–112 However, whether YAP mediates mechanical
signals to control aspects of their formation remains to be studied.
Beyond cell junctions, mechanical forces can also be detected by

mechanosensitive ion channels, such as Piezo family proteins
(Piezo1 and Piezo2), and mutations in Piezo2 are known to cause
several craniofacial syndromes.113 Piezo proteins function by
responding to pressure and mechanically deformed cell mem-
brane to open its pore for the inflow of positively charged ions,
such as Ca2+, which in turn activates downstream Ca2+-dependent
signaling.114 Piezo channels thus enable cells in a tissue to sense
crowding forces and control cell density through cell extrusion,115

and to modulate stem cell proliferation and differentiation in
response to tissue mechanical changes.116,117 Mechanosensation
through Piezo proteins also intersects with Hippo signaling21 and
how these pathways are coordinated to elicit specific cell
responses during development is an intense area of research.

PART II. SHAPING CRANIOFACIAL STRUCTURES BY FORCES
AND MATERIAL PROPERTIES
How mechanical forces and tissue properties control organ
morphogenesis and cell differentiation is an important develop-
mental question and several craniofacial structures have served as
model systems to investigate this subject. These studies have led
to paradigms that describe mechanical regulation of various
morphogenetic events, as well as integration of biochemical
signals that mediate these processes. In this section, we will center
our discussion on the mechanical regulation of developing
mandibular arches, teeth, palates, jaws, TMJs, and crania, roughly
following the order of their developmental initiation. We primarily
focus on the mouse as a model organism, where the majority of
studies have been conducted.

Mandibular arch
Pharyngeal arches are transient metameric structures composed
of a mesenchymal core and an outer single layer of epithelium

that are formed on either side of the developing head at around
mouse embryonic day 8–8.5 (E8–8.5).118,119 Together with the
frontonasal prominence in the medial aspect of the head, these
structures undergo extensive outgrowth and morphological
alterations to eventually give rise to the face and the neck of an
animal. Among them, the first pharyngeal arch (also called the
mandibular arch) is subdivided into the dorsally positioned
maxillary prominence and the ventrally located mandibular
prominence at E9.5. While the maxillary process later forms the
upper jaw and the palate, the mandibular process is the precursor
of the lower jaw. The epithelium associated with these
prominences also gives rise to other craniofacial structures,
including the tooth and the salivary gland. Incorrect development
of the mandibular arch can therefore cause many craniofacial
anomalies with facial and mandibular defects.120

The initial morphogenesis of the mouse mandibular arch
involves tissue elongation and bending towards the midline
between E8.5 and E9.5. During elongation, the mandibular arch
also acquires a morphology characterized by a narrow central
waist and a distal bulbous region. While cell proliferation and
survival are clearly required for the growth of the arch,121–123 how
tissue volume changes may drive its lengthening has not been
thoroughly studied. However, as the length of cell cycle is similar
throughout the middle and distal mandibular process, that
quantity alone does not appear to be responsible for the initial
morphogenesis of the mandibular prominence.21 At the level of
signaling regulation, the non-canonical Wnt ligand Wnt5a has
been found to be critically required for the outgrowth of
epithelium-encapsulated mesenchymal tissues, such as the
mandibular arch and the limb bud.124 Mutations in Wnt5a thus
can cause craniofacial abnormalities (and shortened limbs) in both
mouse mutants and human Robinow syndrome patients.125

Functionally, Wnt5a regulates cell polarity and controls directional
cell movement and oriented cell division to propel tissue
lengthening.15,126,127 In the central segment of the developing
mandibular process, Wnt5a acts upstream of YAP/TAZ and the
mechano-sensitive Ca2+ channel, Piezo1, to induce actomyosin
polarity and oscillation of cortical tension as measured using a
genetically encoded vinculin tension sensor21 (Fig. 2). This reduces
local tissue viscosity and facilitates cell intercalation to drive the
convergent extension of the arch. The middle arch is therefore
more “liquid-like”. In the distal portion of the arch, reduced cell
rearrangement stiffens the tissue, which has been demonstrated
by measuring the displacement of magnetic beads in the middle
and distal regions of the arch using magnetic tweezers.128 In
addition, distal arch expresses higher amount of fibronectin that
also exhibits a mediolateral angular bias. Such spatial variation in

Wnt5a
Piezo1Ca2+ influx

Intercalation

Cortical tension oscillation

Viscosity & stiffness

Fibronectin
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DistalMiddle

Fig. 2 Branchial arch elongation. In the developing mandibular
arch, Wnt5a acts upstream of YAP and Piezo1 to control cell polarity
and cortical tension oscillations in the middle segment of the arch.
This results in increased cell intercalation and tissue fluidity, driving
arch elongation. In comparison, the distal arch is stiffer as a result of
reduced cell movement and increased deposition of fibronectin
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ECM abundance and orientation can potentially further contribute
to the regulation of arch material property and directional cell
movement.128 Below we will further examine how different
physical properties modulate the development of structures
derived from the first branchial arch, including the tooth, the
palate, and the mandible.

Tooth
Tooth morphologies are amazingly diverse across different
vertebrate species, but their development all begins with the
formation of the dental lamina that is discernable as a thickening
of the oral epithelium at future tooth sites.129 In mice, tooth
development begins at around E11, when the dental lamina
stratifies and invaginates to form the dental placode.130 The
stratified dental epithelium then grows further into the under-
lying cranial neural crest-derived mesenchyme and progresses
through increasingly complex morphological changes over time
until the tooth erupts. The distinct shapes of the dental
epithelium are also used to name each tooth developmental
stage: the bud (E12.5–13.5), the cap (E13.5–E15), and the bell
(E15-post natal day 7) (Fig. 3). In adults, the tooth crown surface is
composed of the enamel, which is generated by dental
epithelium-derived ameloblasts during development. Below the
enamel is dentin, which is laid down by the neural crest-derived
odontoblasts and encloses the dental pulp and the neurovascular
bundles within.131 Because the tooth is a relatively simple
structure during its early development and amenable for
ex vivo live imaging, the mouse tooth has become a powerful

system to study the cell behavior and associated biomechanical
inputs that drive epithelial bending.132 This adds to decades of
research that have uncovered the reciprocal signaling interac-
tions between the dental epithelium and the mesenchyme,131

providing a comprehensive understanding on how mechanical
and biochemical signals work in concert to regulate cell move-
ments, divisions, and fate decisions during tooth development.
Similar to other ectodermally-derived organs, dental epithelium

begins as an epithelial monolayer, which first bends towards the
mesenchyme and then stratifies.133 While apical constriction is
responsible for the bending of several epithelial organs,134 the
dental placode clearly utilizes a different mechanism as it lacks
apical localization of actomyosin and cells are columnar shaped
without apical narrowing.135 Instead, dental epithelial cells in mice
undergo a process called “vertical telescoping”, where cells send
out centripetally-oriented apical protrusions that push on their
more centrally located neighbors, and collectively they deform the
epithelium downwards.135 The formation of these protrusions
depends on actin polymerization and branching and requires both
hedgehog (Hh) and fibroblast growth factor (FGF) signaling, as
chemically inhibiting any of these processes reduces protrusion
numbers and abolishes epithelial invagination. The same mechan-
ism also enables the invagination of the salivary gland epithelial
monolayer.135 In the developing molar, epithelial invagination is
accompanied by vertical cell divisions to produce suprabasal cells
and FGF signaling functions as a necessary cue to induce cell
proliferation and epithelial stratification.136 The increase in tissue
volume in the suprabasal space can therefore in theory generate
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Fig. 3 Mechanical regulation of the developing molar. The tooth epithelium undergoes progressive shape changes during its development.
a At the lamina stage, cells in the epithelial monolayer extend centripetally oriented protrusions to migrate vertically and push neighboring
cells towards the mesenchyme (vertical telescoping). Concurrently, vertical cell divisions contribute to epithelial delamination and generation
of suprabasal cells. b, c During the placode and bud stages, suprabasal cells organize their actomyosin cables in the planar orientation and
cells (dark green) intercalate towards the center of the bud to generate planar contractile stresses. This mechanically seals the top of the tooth
bud and facilitates epithelial invagination by bringing the connecting basal layer cells (light green) towards the center. Concomitantly,
mesenchymal cells condense around the dental epithelium and increased compressive stress due to cellular crowding triggers mesenchymal
differentiation. d The cap shape is postulated to arise as a result of differential tissue growth between the enamel knot (EK) and non-EK
epithelium. Basal constriction has also been observed in basal cells neighboring the EK, potentially resulting in the upward buckling of those
cells. e Mechanical constraints from the alveolar bones play a role in establishing the alignment offsets between the lingual and buccal cusps.
Solid blue arrows represent force directions and gradient arrows represent cell or tissue movements
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pressure to further bend the epithelium. However, to direct this
pressure into driving invagination only, a physical barrier needs to
be established apically to restrict tissue buckling upwards. This
was in part achieved by planarly-oriented tissue tension in the
suprabasal cells, which display prominent actomyosin bundles at
the supracellular level in the same direction as the tension.133 The
evidence of tissue tension was demonstrated through a series of
mechanical cutting experiments, in which an initially tensed tissue
would recoil from the point of cutting. For example, following an
incision made in the middle of the mouse molar suprabasal layer,
the bisected tissues recoiled in opposite directions and the degree
of epithelial bending was reduced, indicating the presence of
contractile forces that facilitate invagination. Complementing this
finding, an incision made outside the tooth epithelium incurred
additional epithelial bending, as the suprabasal contraction was
no longer resisted. On the contrary, if an incision was made first in
the suprabasal layer to relieve local tension and followed by a
lateral cut outside the tooth germ, no recoil was observed.
Similarly, if a lateral cut was made on tissues cultured in the
presence of Blebbistatin that inhibits MyoII function, no recoil was
detected, either. Together these results concretely show that
actomyosin-dependent epithelial contraction is integral to the
tooth invagination process.
As the molar placode enlarges in volume and gradually

transforms into a bud shape, portions of the suprabasal layer
continue to narrow and forms a neck region that connects the bud
to the surface epithelium. Live imaging of the mouse molar bud
showed that this results from a convergent extension type of
cellular movement.133 In this context, suprabasal cells migrate
towards the center of the placode and intercalate with one
another. At the same time, basal cells at the edge of the placode
are both anchored to their neighbors and attached to adjacent
suprabasal cells via E-cadherin, drawing themselves towards the
placode center. Collectively, these movements generate even
more planar tissue contraction that not only seals the top of the
dental placode but also pulls the basal cells in the neck region
towards each other in a pinching fashion, effectively driving
epithelial buckling toward the mesenchyme.
At E12.5 the developing mouse tooth bud concomitantly

induces the underlying mesenchyme to condense. Mesenchymal
cells migrate towards the invaginating epithelium in response to
the long-range chemo-attractant FGF8 secreted from the tooth
bud, which also produces SEMA3F, a short-range repulsive signal,
to augment mesenchymal compaction by the epithelium.137 The
compressive stress from cellular crowding is thought to function
as a mechanical signal to initiate mesenchymal cell differentiation,
as compressing dissected mandibular mesenchyme in culture
promotes expression of odontogenic markers Pax9 and Msx1. Cell
crowding during condensation also modulates the ECM composi-
tion by inducing the expression of collagen VI.93 The presence of a
structurally organized ECM is clearly important for maintaining
mesenchymal differentiation, as chemical inhibition of lysyl
oxidase, which catalyzes collagen crosslinking and therefore
regulates ECM stiffness, results in diminished mesenchymal
condensation, as well as Pax9 expression.93 Consequently, both
condensation-induced compression and changes in the ECM
property contribute to the regulation of odontogenesis. It remains
unclear whether mesenchymal condensation and the associated
material properties also provide mechanical cues to control the
development of the overlying epithelium.
The epithelial bud-to-cap transition between E13 and E13.5 in

mice coincides with the formation of the tooth signaling center,
known as the primary enamel knot (EK).138,139 The EK is composed
of a group of postmitotic cells that are specialized in signal
secretion, expressing various ligands, including sonic hedgehog
(SHH), bone morphogenetic proteins (BMPs), and FGFs, which
maintain the proliferation and continuous extension of the
epithelium surrounding the EK (called the cervical loop).140 The

cap shape was posited to arise as a result of differential
proliferation between the non-dividing EK and the proliferative
neighboring cervical loops.141 Support for this idea came from
tracking the development of cultured molar slices, which showed
higher growth rates in the epithelium adjacent to the EK than in
the EK itself.142 Computational modeling that combines these
experimental data with consideration of the physical constraint
provided by the less proliferative mesenchyme, and differential
adhesion between the mesenchyme and the epithelium, predicts
that the tooth bud is guided by these factors to buckle at the
presumptive cervical loop areas and to grow downward from
those sites.142–144 Surprisingly, chemical inhibition of cell pro-
liferation in slice culture does not prevent bud-to-cap morpho-
genesis,145 suggesting that while differential proliferation may
contribute to the cap shape, it is in fact not required for this
process. Proliferation-independent mechanisms must then exist to
initiate the bud-to-cap shape changes. One possible mechanism is
through basal constriction of cells on either side of the EK.145 Prior
to the cap stage, myosin heavy chain IIB and actin bundles were
observed to accumulate on the basal surface of cells that are
adjacent to the forming EK. Quantifying the shape of these cells at
different developmental timepoints between E13.5 and E15.5 in
mice further revealed that they have decreased basal width over
time.145 As a result, it is conceivable that actomyosin tension
contracts the basal surfaces surrounding the EK and drives
evagination of the inner dental epithelium away from the
mesenchyme, thus creating the cap shape. However, this would
require further experimental confirmation. The same study also
showed that inhibition of FAK signaling abolishes bud-to-cap
transition145 and therefore perhaps regional activation of integrin/
FAK signaling through interactions between the epithelium and
the mesenchyme is crucial for shaping the epithelium at this
stage. At the same time, given that EK formation depends on α-
catenin-mediated inhibition of YAP activity,146 it will be interesting
to explore how tissue forces generated by cell shape changes,
such as the basal contraction described above, regulate YAP
localization and activity to control EK differentiation.
Between the cap and bell stages, the cervical loops invaginate

further into the mesenchyme and this may be mechanically
powered by both increased actin-dependent cell motility and
oriented cell divisions along the axis of the extending epithe-
lium.142 During the bell stage of mouse molar development
between E15.5 and E16.5, the primary EK undergoes apoptosis
and secondary EKs are formed.142,147–149 Secondary EKs play an
important role in determining the cusp locations and crown
morphology in multicuspid teeth.150 In monocuspid teeth, such as
the incisors, only the primary EK is formed. Mechanical constraints
from the alveolar bones that surround the developing molars
appear to play a role in establishing the amount of offsets (or
alignment) between the lingual and buccal cusps.151 This was
realized because mouse and vole molars cultured as ex vivo
explants without the surrounding bones lose their offset patterns
but can be rescued by lateral compression imposed by artificial
mechanical constraints. Soft tissue tomography also showed that
the morphology and growth of molars are strongly associated
with those of alveolar bones, highlighting co-development of
these tissues and possible mechanical interdependence due to
their close proximity. In diphyodont animals (animals that initially
have a set of deciduous teeth that are later replaced by the
permanent set of teeth), such as the miniature pig, compressive
stress due to alveolar constraint has also been implicated in timing
the activation of permanent tooth development from an arrested
state.152 The compressive stress is generated as a result of
deciduous teeth growing faster than the expansion of alveolar
sockets, and acts as a mechanical signal to induce an integrin β1‐
ERK1‐RUNX2 signaling axis in the adjacent mesenchyme, which in
turn suspends the permanent tooth epithelium in an arrested
state. Once the compression is released after tooth eruption,
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integrin β1‐ERK1‐RUNX2 signaling is reduced and the permanent
tooth proceeds to develop.
Together these studies accentuate the importance of tissue

forces during tooth morphogenesis and point to the necessity to
consider these mechanical factors when bioengineering human
teeth based on developmental principles. For example, designing
a hydrogel that matches the elastic modulus of dental tissues
supports the formation of biomimetic tooth buds from primary
porcine dental cells.153 As we learn more about how mechanical
signals guide tooth development, increasingly sophisticated
mechanical manipulations can be implemented in novel bioengi-
neering platforms through the application of photochemistry and
optogenetics that facilitate spatiotemporal control of the hydrogel
properties154 and cellular forces.155 By recreating the mechanical
microenvironment and the biochemical-mechanical signaling
interactions observed in developing teeth, we will be able to
more precisely direct dental progenitor cell proliferation and
differentiation in culture and to bioengineer teeth with the correct
shape and architecture. Finally, as the dental mesenchyme clearly
responds to mechanical cues,137,156,157 an in-depth understanding
of the mechanical modifiers that influence their fate decision is
essential to fully realize their potential for stem cell-based
therapies and tissue regeneration.

Palate
The palate forms the roof of the mammalian mouth and physically
separates the oral cavity from the nasal cavity. Anatomically,
the palate is consisted of the primary and secondary palates; the
primary palate encompasses the triangular region between the
incisive foramen and the alveolar ridge surrounding upper
incisors, and the secondary palate comprises the rest of the hard
and soft palate posteriorly. The primary and secondary palates
have distinct embryological origins. Whereas the primary palate is
derived from the frontonasal prominence at the rostral anterior
side of the mouth, the secondary palates develop as outgrowths
from the oral surface of the paired maxillary processes on either
side of the mouth. These outgrowths are largely composed of

cranial neural crest-derived mesenchyme and surrounded by a
layer of oral epithelium.158 In mice, the secondary palatal
outgrowths become visible at around E11.5, marking the
beginning of palatogenesis. Between E11.5 and E13.5, the
secondary palatal shelves grow in size and first extend vertically
towards the mandible on either side of the tongue, while
displaying stereotyped morphologies that are distinct along the
anterior-posterior axis. From E13.5 to 14.5, the developing
secondary palates undergo palatal shelf elevation and reorient
themselves from the vertical orientation to the horizontal position
that is above the tongue. The two palatal shelves subsequently
grow towards each other and make contact at the midline. The
juxtaposed epithelial linings then merge to form the midline
epithelial seam (MES), which marks the beginning of palatal shelf
fusion at around E14.75. The MES gradually disintegrates and the
palatal shelf mesenchyme becomes one confluent structure. At
the same time, the secondary palate also fuses with the primary
palate anteriorly and with the nasal septum anterodorsally, to
form a complete palate by E17.159 As a result, palate development
involves a series of coordinated tissue movement and remodeling
that culminates in the joining of initially separated tissues.
Disruptions in this process due to gene mutations or other
environmental factors can therefore cause cleft palate, which is
one of the most common craniofacial birth defects in human.160

For example, mutations in Tgfb3 or Irf6 affect proper dissolution of
MES and epithelial adhesion, resulting in failed palate fusion in
both humans and mice.161–165 In fact, mutations in Irf6 are the
most common cause of human cleft lip and/or palate.166

Multiple aspects of palatogenesis are thought to require
coordinated generation of cell and tissue level forces to direct
their movements (Fig. 4). During shelf elevation, the anterior
palatal shelves undergo a rapid upward swinging motion to bring
the palates from their vertical position to the horizontal position;
while the medial and posterior portions of the palatal shelves
achieve elevation by controlling the flow and organization
of cells to alter the tissue shape.167,168 While the exact mechanism
remains unresolved, multiple physical properties, such as
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Fig. 4 Mechanical regulation of palatal shelf elevation and fusion. Palatal shelves elevate either through a swinging motion (black arrows) or
cell reorganizations (yellow arrows). Increased hydration and ECM expansion due to hyaluronic acid (HA) accumulation in the mesenchyme,
ECM remodeling, and actomyosin tension have all been postulated to provide the elevating forces. Palatal fusion takes place at the midline
epithelial seam (MES). Actomyosin tension is required to promote epithelial cell convergence (green cells and arrows) towards the midline and
the subsequent cell displacement (black gradient arrows) towards the periphery. Actomyosin contractility and signaling through Piezo1/2
facilitate the formation of cellular rosettes (brown cells) and cell extrusion (red cell), leading to the removal of MES cells. Lastly, the actin cables
at the edge of the MES contract and contribute to MES breakage. P, palatal shelf; T, tongue
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alterations in the mesenchymal cell density,169 regional changes in
proliferation,170 and remodeling of the ECM and cytoskele-
tons,171,172 have been hypothesized to generate the elevating
forces. For instance, in Osr2 null mouse embryos in which shelf
elevation is delayed, proliferation is specifically reduced in the
medial half of the downward-pointing palatal outgrowths.170

Similar phenotypes have also been observed in mutant embryos
with conditional Fgfr1 deletion in the cranial neural crest
lineage.173 Reduced proliferation can in theory impair the
horizontal expansion of the palatal shelves and affect the
anisotropic pressure buildup that drives shape changes. Another
possible contributor to shelf elevation is ECM remodeling.
One of the main components of the palatal shelf ECM is the
glycosaminoglycan hyaluronic acid (HA), which accounts for about
60% of the ECM mass.174 Prior to shelf elevation, HA accumulates
in the palatal mesenchyme and it has been postulated that
hydration of HA expands the ECM volume and provides the
pressure necessary to elevate the palatal shelf.175,176 This idea was
recently queried by experiments inhibiting HA synthesis specifi-
cally in the shelf mesenchyme via Osr2-Cre-mediated conditional
deletion of Has2 (encoding hyaluronic acid synthase 2).177 In these
mutants, palatal shelves are reduced in size and undergo delayed,
but complete, elevation. This result thus shows that while HA
accumulation is intrinsically required for the expansion of the
palatal shelf prior to shelf elevation, it is not the only source for
generating the elevating force. Interestingly, embryos with Has2
deletion in both the shelf and mandibular mesenchyme, or just in
the mandibular mesenchyme, exhibit mandibular hypoplasia, as
well as failed shelf elevation, which can be rescued by culturing
the mutant maxilla without the mandible and tongue.177,178

Therefore, the mandible and the tongue also require HA for their
correct morphogenesis, which is permissive for proper shelf
elevation. When malformed, these structures remain as physical
obstructions and secondarily block the elevating shelf. Conversely,
forces generated by HA hydration within the palatal tissue may
help overcome the initial blockade by the tongue during normal
palatogenesis, allowing the palate to displace the tongue dorsally
in a timely manner; although this force is not required for the
eventual shelf elevation.178,179

Collagen organization also appears to be important for palatal
shelf elevation, as deletion of the collagen crosslinker, lysyl
oxidase-like 3 (LOXL3) results in failed elevation.180 Similarly, in
mouse embryo mutants lacking the transcription cofactors YAP
and TAZ in the palatal mesenchyme, palatal elevation is delayed
and the expression of Loxl4 that encodes another lysyl-oxidase
family protein, LOXL4, as well as the expression of collagen
proteins, are both reduced.112 These results thus highlight the
importance of ECM remodeling during palatogenesis, although its
mechanistic regulation remains an important open question. In
addition, given the role of YAP/TAZ in mechanotransduction,104 it
is plausible that YAP/TAZ may be part of the mechanical feedback
loop that both senses and modulates the mechanical property of
the developing palate. It should be noted that cartilage-specific
conditional deletion of Yap/Taz using Col2a1-Cre also results in
cleft palate in mice, possibly due to malformed Meckel’s cartilage
that prevents proper tongue descent.181 However, as Col2a1-Cre
activity is in fact detectable in a subset of the posterior palate
mesenchyme at E12.5 and mutant palatal shelves fail to elevate
and fuse in cultured explants of whole maxillae without mandibles
and tongues,112 the function of the mandible and the tongue to
physically block shelf elevation in this context needs to be further
examined. Finally, besides HA and collagens, several other ECM
molecules have also been found to be expressed in the
developing palatal tissue. For example, Tenascin-C and Tenascin-
W are predominantly expressed in the medial portion of the shelf
mesenchyme prior to its elevation, potentially contributing to
differential mechanical properties along the mediolateral axis of
the tissue.171 The tenascin meshwork also aligns with actin

bundles and the long axis of nuclei, which are oriented toward the
nasomedial wall of the elevating middle and posterior palatal
shelves. These observations thus suggest that actomyosin
contractility and tissue material property may play an important
role in shaping the middle and posterior palatal shelf during
elevation. Future studies determining the functional requirement
of actomyosin-based cellular forces in shelf reorientation and the
role of tissue material properties in modulating this process will
further our understanding of this decades-old question of how
palatal shelf elevates.
While the ECM plays an important role during shelf elevation,

apoptosis and actomyosin-driven cellular extrusion are integral to
the fusion of palatal shelves. Over the past decades, we have
gained significant insights into the cellular processes facilitating
palatal fusion. Three possible mechanisms have been proposed to
drive MES dissolution: (1) epithelial-mesenchymal transition
(EMT),182–185 (2) apoptotic cell death,186–188 and (3) cell migra-
tion..189,190 Among them, apoptosis is perhaps one of the most
researched mechanisms for MES removal. When palatal shelves
come in contact at the midline, apoptosis is triggered in the MES,
and signaling through retinoic acid and Tgfβ3, as well as Irf6
function, have been shown to be critical for inducing apoptosis in
MES cells and palatal fusion.187,191–194 Consistent with these
results, 45% of the Bok–/–;Bax–/–;Bak–/– triple knockout mice, where
intrinsic apoptosis is blocked, exhibited complete cleft palate.195

However, fusion at MES was not specifically examined in these
mutants, leaving questions on whether the palate phenotype is
caused by defects in other steps of palatogenesis or by non-tissue-
autonomous effects.
How then is regulation of apoptosis integrated with cellular

processes that drive the merging of epithelial cells during MES
formation? This is in part achieved by actomyosin tension-driven
cellular convergence and extrusion. Live imaging of mouse
mutants with conditional deletion of non-muscle myosin heavy
chains IIA and IIB in the palate epithelium showed that actomyosin
contractility is required for cell intercalations towards the midline,
thus displacing cells from the center of the initially multi-layered
MES towards the oral surface.196 Similarly, drug inhibition of MyoII
upstream regulators, ROCK and myosin light chain kinase (MLCK),
in explant culture also blocks cell interaction and palatal fusion.196

Therefore, actomyosin tension permits coordinated cellular
rearrangement to promote the thinning of the epithelium.
Concurrently, as more cells are displaced towards the periphery
of MES, they would experience increased crowding and are
actively extruded from the epithelium. In this context, actomyosin-
dependent formation of cellular rosettes facilitates extrusion of
both apoptotic and live cells, and the mechanosensitive Piezo ion
channels have been found to promote this process, possibly in
response to increased cellular crowding.196 Cellular forces
generated by actomyosin contraction is therefore critical for
palatal fusion at multiple levels.
Later, following secondary palate fusion, the pressure generated

by infant suckling, a mammalian-specific feeding behavior, has
also been linked to the formation of a temporary cartilaginous
growth plate-like structure in the mid-palatal suture that other-
wise ossifies primarily through intramembranous ossification.197

Using finite element modeling, the computed patterns of
suckling-generated distortional and hydrostatic strains in palates
correlate with patterns of chondrogenic gene expression. In
addition, different parts of the palate structure exhibit distinct
mechanical properties,197 consistent with the spatiotemporal
regulation of various ECM proteins during palatogenesis.172

Together, studies discussed here demonstrate that forces of
different types and at various scales regulate multiple aspects of
palate development. Future research combining genomic, bio-
chemical and biomechanical approaches will help advance our
understanding of the mechanical control of palatogenesis, as well
as the genetic and cellular responses to physical cues. These
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efforts will in turn inform targetable mechanical pathways that
drive normal palate elevation and fusion, and guide us towards
therapeutic intervention to prevent cleft palate birth defects.

Jaw and temporomandibular joint (TMJ)
The development of the lower jaw first becomes apparent when
cranial neural crest-derived mesenchymal cells differentiate into
chondrocytes and form a rod-shaped cartilage, known as Meckel’s
cartilage, at around E12.5 in mice.198 Meckel’s cartilage then
extends in length at both ends of the cartilage. At the same time,
mesenchymal cells neighboring Meckel’s cartilage begin to
condense and differentiate into osteoblasts, which undergo
intramembranous ossification to form a set of bony tissues that
subsequently fold over the gradually degenerating Meckel’s
cartilage. Functionally, Meckel’s cartilage does not appear to be
required for the initial formation of the mandible, as the
mandibular ossification still takes place in the absence of Meckel’s
cartilage, as in Sox9 null embryos.199 However, Sox9 mutant
mandibles are smaller in size, suggesting that Meckel’s cartilage
may control the size and shape of the mandible as it develops.200

Consistent with this, reduced mechanical integrity in the
deformed Meckel’s cartilage of Ctgf null mice leads to shortened
mandibles.199

At the proximal end of the mandible, the TMJ links the jawbone
to the temporal bone of the skull, and enables mandibular
movement and mastication. The TMJ includes the condylar head
of the mandible and the mandibular fossa of the temporal bone;
both of which arise from endochondral ossification. A fibrous
articular disc further divides the TMJ into two compartments,
separating the condyle and the fossa. TMJ development begins at
E13.5 when mesenchymal cells condense to form the condylar
and temporal blastema, which then grow towards each other
while the disc forms in between as a separate condensation at
E16.5. The secondary cartilage of the condyle also joins the
developing mandible and produces new bones that sustain the
continued growth of the mandible.
Like many bones in the vertebrate body, jawbone and TMJ

morphogenesis is closely linked to muscle functions. It is therefore
not surprising that mechanical forces are important modifiers of
mandible development and morphologies both in embryos and
postnatally, thus in accordance with the Wolff’s law,201 which
stated that bone shapes and structures depend on the functional
forces of the muscles. In mouse embryos, jaw movement begins at
E14 and restricting jaw motility by exo utero suturing of the jaw at
E15.5 results in a smaller articular disc and a shorter but thicker
mandible at E18.5 as a result of reduced chondroprogenitor
proliferation and abnormal chondrocyte differentiation in the TMJ
and condyle cartilage.202,203 During bone development, feedback
between Indian hedgehog (Ihh) and Parathyroid hormone-related
peptide (PTHrP) is central to the regulation of chondrocyte
proliferation and their expression is downregulated in the condyle
cartilage of sutured mandibles.204 Interestingly, Ihh expression
can be induced by cyclic stress in cultured chondrocytes,205

suggesting that the regulation of Ihh transcription is mechan-
osensitive and can respond to mechanical stimuli to tune bone
growth during mandible development. In zebrafish, muscle
functions have also been linked to jaw joint development as
immobilizing muscles through anesthetization causes jaw joint
dysmorphology, particularly in regions of high compressive
strain.206,207 In this context, Wnt signaling is activated by
mechanical stress and biochemically transduces mechanical
signals to regulate chondrocyte proliferation, migration, intercala-
tion and cell morphology to shape the Meckel’s cartilage and
jaw joint.208

Muscle forces continue to shape the mandible in postnatal
animals. For example, muscle sizes and bite forces are associated
with mandibular shape variations in humans,209 and patients
with reduced muscle function develop altered craniofacial

morphology.210 Similarly, decreasing masticatory load in mice by
feeding them with a soft diet results in transgenerational
inheritance of mandibular shape changes, although the exact
mechanism is not understood.211Consistent with these observa-
tions, altering mechanical forces placed on mandibles and
condylar cartilage by feeding animals a soft diet, trimming their
teeth, or forced mouth opening, affects chondrocyte biology in
several different animal models.212–218 These studies showed that
mechanical stress is required to promote chondrocyte prolifera-
tion, maintain adequate differentiation, and support ECM produc-
tion. Akin to the developing mandible, Ihh expression is also
responsive to mechanical loading in the adult condylar carti-
lage,219 pointing to a common mechanism that enables continued
adaptive changes in mandibular growth to altering mechanical
environments. Importantly, as the primary cilia have been shown
to be required for Ihh signaling activation in response to
hydrostatic compression in cultured primary epiphyseal chondro-
cytes220 and primary cilia are essential for correct TMJ develop-
ment,221 it will be interesting in the future to assess if primary cilia
can mediate mechanical signals to control chondrocyte prolifera-
tion in the mandible.
Differences in the mechanical load as a result of differential

muscle patterning also have evolutionary consequences. For
instance, when compared with quail and chick embryos, the
relatively larger mandibular adductor muscles in duck embryos
generate a species-specific mechanical environment that signals
through FGF and TGFβ signaling to induce the formation of a
duck-specific coronoid process for the adductor insertion on the
mandibular bone.68,222 Another example is the loss of TMJ
articular disc in mammals with lost dentition and corresponding
changes in masticatory muscles.223,224 In monotremes, such as
platypus, a primordial disc is formed but does not mature, and a
similar phenotype is observed in mouse mutants with severely
reduced cranial musculature due to Tbx1 deletion in the
mesoderm.225 As a result, species-specific muscle forces may
participate in the evolutionary changes of disc formation in TMJs.

Cranium
The vertebrate cranium is composed of the cranial vault (or
calvaria, including the frontal, parietal, and occipital bones) and
the cranial base (including the ethmoid, sphenoid, temporal, and
part of the frontal and occipital bones), and together these bones
enclose and protect the brain within. The anatomies of the
cranium and the brain are well integrated and they accommodate
each other in terms of the volumes and the shapes, a result of
coordinated growth during development.226 While the brain is
derived from the neuroectoderm, the cranial bones are derived
from mesenchymal cells that originate from either the cranial
neural crest (e.g., progenitors for the frontal bone) or the head
mesoderm (e.g., progenitors for the parietal bone).227 In mouse
embryos, these mesenchymal cells begin to condense at E12.5
and form rudiments of frontal and parietal bones above and
posterior to the eye, respectively.228,229 Next, calvarial rudiments
undergo lateral and upward expansion as a result of osteogenic
precursors migrating out from the bone primordia.229,230 Calvarial
bones are then formed through a process known as intramem-
branous ossification when osteoblasts in the rudiments further
differentiate and directly lay down matrices to initiate bone
mineralization without going through an intermediate cartilagi-
nous step.228 The expanding cranial bones subsequently approach
each other. At the site of bone approximation, the opposing
osteogenic bone fronts containing osteogenic progenitors and the
interposed undifferentiated mesenchymal cells then become the
developing suture.231

While the brain enlarges in size throughout embryonic and
postnatal development, the skull must also expand accordingly.
The sutures, as fibrous joints between cranial bones, remain
patent (or unfused) during this process and function as an
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active site for new bone formation that enables skull expan-
sion.232 In embryos, this is achieved through maintenance of
proliferating osteoprogenitors in the osteogenic bone fronts of
the cranial bones, which can generate new osteoblasts and add
new bones appositionally.233 In postnatal animals, the suture
mesenchyme has been shown to retain a group of mesench-
ymal stem cells expressing Gli1, Prx1, and Axin2, and suture
stem cells are responsible for the postnatal growth and
turnover of the calvaria, as well as injury repair.234–236

Maintaining suture cells in an undifferentiated state is therefore
critical for the co-development of the cranium and the brain.
Several signaling pathways, including Fgf, BMP, Notch, Ephrin,
Wnt, and Hh, are all key regulators in this process and
mutations in genes encoding components of the pathways
result in pathological fusion of the sutures, or craniosynostosis,
disrupting the normal morphology and development of both
the cranium and the brain.237,238

Apart from biochemical signals, it is important to also consider
the role of tissue mechanical forces in controlling suture patency
and cranial morphology (Fig. 5), given that mechanical signals
regulate bone development elsewhere.239 Beginning as early as
E13 in mice, the calvaria is physically connected to the brain via
the dura mater that is part of the meninges. While the dura mater
is a source for secreting biochemical ligands to control both
ossification and suture patency,240,241 it can also in theory relay
mechanical forces induced by the increasing brain volume to
control the biology of the overlying mesenchymal and bone cells,
as originally proposed by Moss.242 The idea is that brain
enlargement within the confined space of the skull can gradually
generate pressure and deform the ECM and cells in the
developing cranium, which would experience a tensile strain
(mostly quasi-static, or very slow). Indeed, measuring the mouse
intracranial pressure showed that the pressure increases with age
in postnatal animals between P3 and P70 as brain increases in
volume.243 A measurable tensile strain is present in both the dura
mater and sutures, although that decreases with age presumably
due to increased suture stiffness.244,245 In human patients with

hydrocephalus, excessive shunting of cerebrospinal fluid can
cause premature fusion of sutures (synostosis) and this has been
postulated to result from reduced intracranial pressure and
decreased tensile strain at the suture.246 Similarly, synostosis is
associated with other pathological conditions, such as micro-
cephaly or intrauterine head constraint,247 where sutural strain is
also likely diminished. These observations thus indicate that
tensile forces may play a role in regulating calvarial development
and suture fusion.
Most of our understanding of how tensile forces regulate

sutures comes from experiments applying ectopic forces with the
use of loaded helical springs to expand sutures in calvaria explants
or directly on cranial bones in vivo.248,249 These experiments
showed that cells in the suture can respond to increased tension
and orient themselves in the direction of the force, as well as alter
their proliferation and differentiation potential to expand the
bones. In this context, sutural mesenchymal cells undergo
increased proliferation in response to tension.250,251 A correspond-
ing increase in the expression of Insulin-like growth factor I (IGF-1),
its receptor, and FGF receptors in midsagittal cells, along with
augmented FGF2 protein release from the suture, all indicate that
tension may control sutural cell proliferation through IGF and FGF
signaling251–253 (Fig. 5). Tensile forces also induce TBX2 expression
in midsagittal cells, where TBX2 may function to maintain the
undifferentiated state of mesenchymal cells and suture patency by
inhibiting the expression of the gap junction protein Connexin 43
(GJA1) that normally promotes osteogenic differentiation.254,255

Concurrently, tensile strain promotes BMP4 expression in
mesenchymal cells and their differentiation towards the osteo-
blast lineage as evidenced by the increasing number of
osteopontin (OPN)-expressing and osteocalcin (OCN)-expressing
cells that are recruited to the lengthening osteogenic bone
fronts.250,256,257 α-adaptin C, a component of the adapter protein 2
(AP-2) complex for clathrin-dependent endocytosis, has also been
found to be upregulated in mesenchymal cells and may play a role
in modulating signal transduction to promote osteogenic
differentiation, as blocking endocytosis suppressed tensile force-
induced osteoblast differentiation.258 An interesting observation
from another study showed that stretching sutures results in an
immediate intracellular Ca2+ influx.253 While the functional
significance of Ca2+ concentration change remains unclear in this
context, Ca2+ influx can lead to osteoblast differentiation
elsewhere.259,260 As conditional deletion of the mechano-
sensitive Ca2+ ion channel Piezo1 in osteoblasts causes incom-
plete closure of cranial sutures,261 it is intriguing to speculate that
tissue forces may signal through Piezo1 and its downstream Ca2+-
dependent signaling to regulate cell differentiation in sutures.
However, the role of endogenous tensile (or compressive) stresses
during calvarial and suture development remains unclear and
future experiments studying the functional requirement of these
forces by means of perturbing force generation or transduction is
an important next step.
In addition to the quasi-static strain discussed above, cranial

bones are also attached to muscles, which exert forces in a cyclic
pattern, such as during feeding. While limited data suggest that
muscle forces are dispensable for the formation of sutures during
embryonic development (and thus different from synovial joints,
like TMJ, on that aspect),262 muscle loading in postnatal animals
can modulate suture morphology and its interdigitation patterns.
For instance, surgical excision of temporal muscles can cause
reduced complexity of the sagittal suture interdigitations in
rats.263 Animals applying less masticatory forces, either from
eating a soft diet or due to absence of tooth eruption, also
develop structurally simpler sutures and sometimes with synos-
tosis.264,265 On the contrary, when bite forces increase, such as in
the Gdf-8 null mice that have lost the myogenesis inhibitor
myostatin and form significantly enlarged jaw muscles, there
is increased suture complexity.266 In the same mutants,

Dura

Proliferation

Osteogenesis

Suture
mesenchymeOsteogenic

front
Bone

FGF/IGF
signaling

GJA1

TBX2α-adaptin C

BMP4
Ca2+

influx

Suture
widening

Cyclic forces

Brain

Tension

Fig. 5 Integration of mechanical and biochemical signals at cranial
sutures. In the developing calvaria, mesenchymal cells in the suture
midline are proliferative and give rise to osteoprogenitors and
osteoblasts in the osteogenic front. The calvaria sits on top of the
dura mater and experiences a quasi-static tensile strain (blue arrows)
due to the expansion of the growing brain underneath and the
intracranial pressure. Such force then signals through FGF and IGF
signaling to maintain mesenchymal cell proliferation, as well as TBX2
to inhibit GJA1 and premature differentiation. In the osteogenic
front, tensile forces signal through BMP4 and Ca2+ influx to promote
osteogenesis. α-adaptin C-dependent endocytosis also functions
downstream of the tensile stress to promote osteogenic differentia-
tion, possibly by enhancing BMP signals. Cyclic forces generated by
masticatory muscle contraction promote both mesenchymal pro-
liferation and osteogenic differentiation (red arrowheads), leading to
suture widening
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age-dependent changes in cranial vault morphology have also
been observed, suggesting that muscle forces can remodel
calvarial bones.267,268 To specifically study the effects of cyclic
forces on cranial development, a series of experiments were
conducted by applying ectopic cyclic tensile or compressive forces
to animals for a period each day.269–274 When comparing to sham
controls and animals receiving static loading, cyclic forces,
regardless of tension or compression, induce suture widening,
increased number of suture cells, and heightened osteogen-
esis.269,273 Cyclic forces also trigger expression of matrix metallo-
proteases MMP-1 and MMP-2 at the suture, which are important
for bone mineralization, as well as craniofacial and suture
development.271,275 Interestingly, suture cells isolated from
neonatal rats are mechanosensitive to cyclic tension in culture
and display increased osteogenesis with upregulated RUNX2 and
OPN expression.276 This mechanically-induced osteogenic differ-
entiation program depends on ROCK activity, which promotes
nuclear TAZ localization and its subsequent activation of Runx2
expression. It is conceivable that the same mechanotransduction
pathway may be responsible in mediating mechanical signals
in vivo to regulate suture osteogenesis. In addition, because
actomyosin tension and TAZ localization can be modulated by
substrate stiffness,104 and stiffer substrate promotes suture cell
differentiation,277 it will be important in the future to understand
how tissue forces remodel suture ECM compositions and stiffness
and how changes in suture material properties modulate signaling
changes, including those mediated by the Hippo pathway and
Piezo ion channels, to control suture cell differentiation.

CONCLUSION
While there has been progress in understanding the role of
mechanical inputs in regulating the development of various
craniofacial structures, many outstanding questions remain. For
example, how do cells sense and transduce mechanical informa-
tion to regulate gene expression? In addition to YAP and Piezo
proteins, forces transmitted through cytoskeletons and nuclear
membrane complexes can directly deform the nucleus and impact
chromatin organizations.278 Given that mutations in several nuclear
envelop proteins, such as lamins, can cause craniofacial
defects,279,280 it will be important to investigate the role of nuclear
mechanotransduction during craniofacial development. Further-
more, what are the signaling cues that induce mechanical
anisotropy and inhomogeneity during organ development? What
is the feedback mechanism that modulates the amount and
direction of forces at both cellular and tissue levels to achieve
adequate shape changes? How are mechanical signals regulated
differently to generate diverse morphologies across different
species and during evolution? By integrating genetic and
biochemical approaches with novel biomechanical techniques,
such as oil microdroplets and magnetic beads to quantify absolute
force magnitudes and apply forces locally,81,281,282 we are closer
than ever to address these questions. A deeper understanding of
the mechanical control of craniofacial morphogenesis and devel-
opment will ultimately contribute to novel strategies for manip-
ulating organ-specific progenitor cells, bioengineering tissues with
the correct shape and architecture, and advancing stem cell-based
regenerative therapies that will transform patient treatment.
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