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Bacterial communities of disease vectors
sampled across time, space, and species
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A common strategy of pathogenic bacteria is to form close associations with parasitic insects that
feed on animals and to use these insects as vectors for their own transmission. Pathogens interact
closely with other coexisting bacteria within the insect, and interactions between co-occurring
bacteria may influence the vector competency of the parasite. Interactions between particular
lineages can be explored through measures of a-diversity. Furthermore, general patterns of bacterial
community assembly can be explored through measures of b-diversity. Here, we use pyrosequen-
cing (n¼ 115 924 16S rRNA gene sequences) to describe the bacterial communities of 230 prairie dog
fleas sampled across space and time. We use these communinty characterizations to assess
interactions between dominant community members and to explore general patterns of bacterial
community assembly in fleas. An analysis of co-occurrence patterns suggests non-neutral negative
interactions between dominant community members (Po0.001). Furthermore, bacterial commu-
nities of fleas shift dramatically across years (phylotype-based: R¼ 0.829, Po0.001; phylogenetic-
based: R¼ 0.612–0.753, Po0.001), but they also significantly differ across space (phylotype-based:
R¼ 0.418, Po0.001; phylogenetic-based: R¼ 0.290–0.328, Po0.001) and between flea species
(phylotype-based: R¼ 0.160, P¼ 0.011; phylogenetic-based: not significant). Collectively, our results
show that flea-associated bacterial communities are not random assemblages; rather, an individual
flea’s bacterial community is governed by interactions between bacterial lineages and by the flea’s
place in space and time.
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Introduction

Pathogenic bacteria pose serious threats to the
health of humans, wildlife populations, and agri-
cultural crops. In many cases, the spread of disease
is mediated through arthropod vectors, and vector
competency is a key parameter in epidemiological
models. However, there is wide variation in vector
competency between species (Eisen et al., 2006,
2007a, b; Wilder et al., 2008b) and even between
individuals of the same species (Wilder et al.,
2008a). The underlying causes of these differences
are clearly important, and a more thorough under-
standing of the ecological factors associated with the
prevalence and persistence of pathogenic lineages
associated with vectors will ultimately help predict
and prevent the spread of disease.

When one animal parasitizes another, the host is
exposed to many of the parasite’s bacterial commu-
nity members. As such, parasites are the primary
vectors of many disease-causing bacteria. Ticks
transmit the causative agent of Lyme Disease,
Borrelia burgdorferi (Burgdorfer et al., 1985; Pies-
man et al., 1987; Parola and Didier, 2001), and
Rickettsial diseases such as Rocky Mountain
Spotted Fever (Dumler and Bakken, 1998; Parola
and Didier, 2001; Parola et al., 2005); fleas transmit
the causative agent of bubonic plague, Yersinia
pestis (Perry and Fetherston, 1997; Gage and Kosoy,
2005), Rickettsial diseases such as Rickettsia felis
(Adams et al., 1990; Azad et al., 1997; Raoult et al.,
2001), and a number of diseases caused by strains of
Bartonella (Chomel et al., 1996; Higgins et al., 1996).
However, disease agents coexist with other non-
pathogenic members of the diverse bacterial com-
munities that all animals harbor. Entire bacterial
communities of insects known to vector bacterial
diseases have been described (for example ticks,
fleas, and lice), but with very small sample
sizes (Reed and Hafner, 2002; Benson et al., 2004;
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Jones et al., 2008). The bacterial communities of
other blood-feeding invertebrates such as mosqui-
toes and leeches have also been described (Lindh
et al., 2005; Worthen et al., 2006); somewhat sur-
prisingly, however, these parasites are not known to
vector pathogenic bacterial lineages. An unexplored
factor that may affect the ability of pathogenic
lineages to colonize and persist within an individual
vector is the composition of the vector’s bacterial
community, whereby certain assemblages of bacteria
or non-neutral interactions between specific line-
ages may alter the ability of specific pathogens to
invade the community.

In addition to interactions with coexisting bacter-
ia, pathogenic lineages also interact closely with
their vectors and hosts. These interactions may
affect the evolution of pathogenic lineages, espe-
cially if the pathogen relies on the vector or host for
dispersal. Furthermore, some lineages are passed
vertically from female vectors to their offspring (for
example some lineages within the Rickettsiales and
Bacteroidetes), and these lineages are particularly
likely to coevolve tightly with the vector. Bacterial
symbionts have been found to positively affect
insect fitness (Haine, 2008; Pais et al., 2008). For
example, vertically transmitted Wolbachia reduce
the susceptibility of Drosophila to viral infections
(Teixeira et al., 2008). Vertically transmitted bacteria
may act similarly towards bacteria detrimental to
insect health, and thereby affect the community
assemblages.

Abiotic factors may also influence bacterial com-
munity assembly within disease vectors. Seasonal
shifts in microbial communities have been observed
in soil and marine communities (Pinhassi and
Hagstrom, 2000; Riemann et al., 2000; Schadt et al.,
2003; Lipson and Schmidt, 2004; Bjork et al., 2008),
due in large part to changing environmental condi-
tions. Similarly, epidemics of arthropod-vectored
pathogenic lineages correlate with environmental
parameters (Collinge et al., 2005; Augustine et al.,
2008), suggesting that environmental conditions
may affect the ability of at least some community
members to persist.

To explore the factors affecting bacterial commu-
nity assembly in vectors, we used pyrosequencing to
describe the bacterial communities of prairie dog
fleas sampled across space and time. From a
community ecology perspective, this approach
permits: (1) testing for non-neutral interactions
between bacterial members within individual fleas
through analyses of a-diversity and (2) testing for
differences in bacterial communities across time,
space, and flea species through analyses of b-
diversity. Importantly, this is the first comprehen-
sive survey of entire bacterial communities asso-
ciated with a disease vector (in contrast to surveys
aimed at detecting the prevalence of specific
lineages) and the first to explore how time, space,
or host-effects may correlate with the composition of
those communities.

Materials and methods

Tissue collection
Black-tailed prairie dogs (n¼ 39), Cynomys ludovi-
cianus, were captured across Boulder County using
live traps. Prairie dog fleas were sampled from six
distinct colonies in 2004, and three colonies were
sampled again in 2007; no obvious ecological
differences exist between sites. Fleas were collected
from prairie dogs from 23 February to 18 March 2004
and from 16 March to 17 April 2007. Sampling dates
were chosen to maximize the potential of capturing
Oropsylla tuberculata cynomuris (peak abundance
in late winter and early spring), and dates differ
between years due to variable weather conditions
between years. For example, we only trapped if
it was warm enough for prairie dogs to be active
and if there was no snow on the ground; these
conditions occurred later in 2007 than in 2004.
Collected fleas were immediately placed in ethanol
and stored at �20 1C until DNA extraction. Fleas
collected in 2004 were identified based on morpho-
logy (Hubbard, 1947; Furman, 1982). Details of the
sampling scheme (for example fleas per prairie dogs,
prairie dogs per colony) are presented in Supple-
mentary Table 1.

DNA extraction
Fleas were washed in a solution of 0.133M NaCl,
1.11% sodium dodecyl sulfate, and 0.0088M EDTA
two times to remove as many bacteria from the
external flea parts as possible. To maximize the
removal of external bacteria, fleas were then sub-
jected to a lysozyme (11.6mg l�1) treatment for
30min at 37 1C before being washed one final time.
Cleaned fleas were crushed, and subjected to
another lysozyme treatment of 30min at 37 1C. After
this final lysozyme treatment, DNA was extracted
using the Qiagen DNeasy Tissue kit following the
manufacturer’s recommended protocol.

Molecular techniques
We sequenced the Cytochrome Oxidase II gene from
fleas (n¼ 184) to distinguish between Oropsylla
hirsuta (n¼ 140), Oropsylla tuberculata cynomuris
(n¼ 40), and a third unknown flea species (n¼ 4)
using the forward primer, COIIfLeu, and the reverse
primer, COIIrLys (Maekawa et al., 1999). Template
DNA, primers, and Qiagen hot-start PCR kit reagents
were combined and subjected to the following
conditions: 94 1C for 5min; 35 cycles of 94 1C for
20 s, 55 1C for 30 s, and 72 1C for 50 s; 72 1C for
10min. PCR products were cleaned by adding 1.5U
Exonuclease I (New England Biolabs, Ipswich, MA,
USA) and 0.75U Shrimp Alkaline Phosphatase
(USB Corp., Cleveland, OH, USA) to each sample;
37 1C for 15min followed by 80 1C for 15min.
Clean PCR products were sequenced by Functional
BioSciences (Madison, WI, USA). Multiple haplo-
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types were detected in populations of O. hirsuta
(n¼ 16) and O. t. cynomuris (n¼ 5); Accession #’s:
FN546240–FN546260.

Bacterial communities of 230 fleas were described
using bar-tagged 16S rRNA pyrosequencing primers
(27F and 338R) that amplify variable region 2
(Hamady et al., 2008). Platinum PCR Supermix 96
kits (Invitrogen, Carlsbad, CA, USA) were used for
all PCR reactions; this hot-start kit uses a high
fidelity polymerase. To minimize any contamination
of DNA in our PCR reaction mixes, we added 1/2U
of Arctic Shrimp DNase and 1.5 ml of primers (6mM

solution of both primers) to each well in the kit and
let sit at room temperature for 5–10min. The PCR
reaction mix (everything but template DNA) was
then heated to 70 1C for 25min to deactivate the
DNase. Template DNAwas added and PCR reactions
occurred under the following conditions: 94 1C for
5min; 40 cycles of 94 1C for 20 s, 52 1C for 45 s,
72 1C for 45 s; 72 1C for 10min. PCR reactions were
performed in triplicate for each DNA sample and
negative controls were used. PCR products from all
three reactions were combined and purified using
Promega Wizard PCR Preps. The concentration of all
PCR products (including negative controls) was
determined using PicoGreen dsDNA reagent (Invi-
trogen) and samples were combined inverse to their
concentration and prepared for pyrosequencing at
the University of South Carolina’s Environmental
Genomics Core Facility.

Analyses
Bacteria from each flea were described using an
oligonucleotide primer labeled with a unique bar-

code. Unique bar-tags permit the assignment of each
individual DNA sequence to the correct individual
flea subsequent to sequencing; details of this
procedure are provided elsewhere (Hamady et al.,
2008). Sequences were aligned using NAST (DeSan-
tis et al., 2006) and then binned into phylotypes
based on 97% sequence identity. Each sequence was
classified according to the Ribosomal Database
Project’s taxonomy (http://rdp.cme.msu.edu/) and
a consensus lineage was calculated for each phylo-
type. A few phylotypes (n¼ 40) detected in negative
controls were removed from all analyses. The
contaminant DNA, all closely related b-proteobac-
teria, appears to have originated in the Invitrogen
PCR kits; we are confident that sequences originat-
ing from contaminants were removed before ana-
lyses as they are not closely related to any of the
commonly detected community members (Supple-
mentary Figure 1).

Classifying phylotypes taxonomically provides an
overall description of the bacterial communities
associated with fleas, but the presence and absence
of individual phylotypes within individual fleas can
also be used to explore the interactions between
bacterial lineages. To test for non-neutral interac-
tions of bacterial lineages associated with fleas, we
constructed a presence and absence matrix of any
bacterial phylotype with an average relative abun-
dance across all fleas of at least 0.4%. These 23
phylotypes (Table 1; Supplementary Figure 1)
account for nearly 50% of all detected bacteria and
interactions between these most common bacteria
are most likely to be responsible for community
dynamics. We used ECOSIM to test for non-neutral
patterns of co-occurrence of bacterial phylotypes

Table 1 Most abundant phylotypes, on average, in bacterial communities of prairie dog fleas

Classification Avg. Rel. Abund.
in all fleas (%)

Prevalence
(# fleas)

Avg. Rel. Abund.
when present (%)

1. Proteobacteria; Alphaproteo; Rickettsiales 10.11 96 24.32
2. Bacteroidetes; Flavobacteria 9.27 160 13.38
3. Proteobacteria Alphaproteo; Bartonella 7.85 65 27.88
4. Proteobacteria; Betaproteobacteria 2.67 82 7.52
5. Proteobacteria; Alphaproteo; Rickettsiales 2.51 82 7.07
6. Proteobacterai; Betaproteo; Methylophilus 2.05 140 3.38
7. Bacteroidetes; Flavobacteria 1.89 135 3.23
8. Proteobacteria; Betaproteo; Neisseriales 1.74 63 6.38
9. Bacteroidetes; Flavobacteria 1.57 114 3.17
10. Bacteroidetes; Sphingobacteria; Cardinium 0.94 12 18.23
11. Proteobacteria; Betaproteo; Neisseriales 0.90 51 4.08
12. Firmicutes; Bacilli; Staphyloccoccus 0.88 126 1.62
13. Bacteroidetes; Flavobacteria 0.85 130 1.51
14. Proteobacteria; Alphaproteo; Rickettsiales 0.80 83 2.22
15. Proteobacteria; Alphaproteo; Bartonella 0.78 43 4.23
16. Bacteroidetes; Sphingobacteria; Cardinium 0.78 13 14.59
17. Proteobacteria; Betaproteo; Rhococyclales 0.69 114 1.40
18. Proteobacteria; Alphaproteo; Bartonella 0.69 14 11.42
19. Proteobacteria; Betaproteo; Burkholderiales 0.59 121 1.12
20. Proteobacteria; Betaproteo; Burkholderiales 0.59 120 1.13
21. Proteobacteria; Betaproteo; Burkholderiales 0.55 133 0.95
22. Proteobacteria; Alphaproteo; Rickettsiales 0.47 18 6.00
23. Proteobacteria; Alphaproteo; Rickettsiales 0.44 69 1.48
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(Gotelli and Entsminger, 2004); row sums and
column sums were held constant. ECOSIM tests
for whether the observed distribution of phylotypes
is significantly different from randomly assembled
presence/absence matrices. As the algorithm used to
generate phylotypes is heuristic and may split
closely related lineages into separate phylotypes,
especially with large datasets, we combined closely
related lineages (1, 5, 14, and 23; 2 and 13; 4, 8, and
11; 7 and 9; 19 and 20; see Supplementary Figure 1)
and repeated the ECOSIM analysis. We also parti-
tioned the data by year and repeated these analyses.

Although a-diversity measurements compare the
presence/absence patterns of specific lineages,
b-diversity measurements compare one community
to another using all community members in the
comparison. The output of b-diversity measures is a
pairwise distance matrix; in this case a representa-
tion of how similar each flea’s bacterial community
is to every other flea’s bacterial community. This
distance matrix can then be analyzed to see whether
particular factors (in this case: time, space, and flea
species) influence patterns of community assem-
blage. We used weighted and un-weighted UniFrac
to measure phylogenetic b-diversity (Lozupone and
Knight, 2005). For the phylotype-based analyses,
phylotypes comprising at least 2% of the bacterial
community in any one flea (n¼ 240 phylotypes)
were included in the analysis and abundances
were normalized and fourth-root transformed (trans-
formed so that highly abundant lineages do not
dominate analyses). As a means to estimate b-
diversity using the phylotype data, we transformed
this modified phylotype abundance matrix with
a Bray–Curtis transformation (transforms the
‘phylotype� sample’ abundance matrix to a
‘sample� sample’ distance matrix) using PRIMER-E
(Lutton, UK). We used a two-way nested Analysis
of Similarity to test for significant differences
between groups (for example Year, Colony, and Flea
species); null similarity distributions were calcu-
lated by repeatedly randomizing the input matrix
(PRIMER-E). The overall contribution of individual
phylotypes within a community to observed differ-
ences can be explored using SIMPER, an analysis
tool within PRIMER-E (phylotype-based method
only). The output of this analysis ranks each
phylotype based on its percent contribution to
differences.

Results and discussion

Bacterial diversity within individual fleas
In all, 115 924 16S rRNA gene sequences were
generated from 230 prairie dog fleas (number of
sequences per flea; range¼ 203–1300, mean¼ 504,
median¼ 469, standard error¼ 15). Sequenceso200
basepairs in length were discarded and remaining
sequences ranged from 200 to 296 basepairs in
length (mean¼ 228 basepairs). Sequences were

assigned to 9986 unique phylotypes, but most of
these phylotypes were rare. In all, 99.2% of detected
phylotypes (9907/9986) had average relative abun-
dances of o0.1%; similarly, 97.6% of detected
phylotypes (9746/9986) comprised o2% of commu-
nity membership in any individual flea. The 23 most
abundant phylotypes represented nearly 50% of
community membership (Table 1). Furthermore, 22
of the top 23 phylotypes were classified as Proteo-
bacteria or Bacteroidetes (Table 1; Supplementary
Figure 1). Also, only four phyla (Proteobacteria,
Bacteroidetes, Actinobacteria, and Firmicutes) re-
present 498%, on average, of individual bacterial
communities in fleas (Figure 1). The diversity
contained within these phyla is enormous, but the
lack of diversity at the phylum-level corroborates
previous suggestions that blood-feeding insects
harbor bacterial communities low in diversity due
to the immune response of host blood or low
nutrient quality of blood (Graf et al., 2006; Worthen
et al., 2006).

Measurements of a-diversity provide a means to
explore interactions between lineages within a
community. Here, each individual flea provides an
estimate of community composition, and investigat-
ing a large number of these estimates (n¼ 230) can
lend insight into the types of interactions bacterial
lineages have with one another (for example
negative, neutral, or positive). For example, the
presence of Rickettsia felis has been suggested to
reduce overall bacterial richness (as estimated using
RFLP data) within cat fleas, Ctenocephalides felis,
presumably through negative interactions (Pornwir-
oon et al., 2007). Similarly, we find that bacterial
lineages assemble non-randomly in fleas (Po0.001).
We find the same non-random pattern when fleas
are partitioned based on year (Po0.001), suggesting
that our results are not due to stochastic variation of
phylotype prevalence occurring between years. We
also find the same patterns when closely related
phylotypes are combined (Po0.001).

Interactions between bacterial lineages within
arthropods have been suggested to alter population
dynamics and virulence of pathogens (Lipsitch
et al., 1996; Macaluso et al., 2002; Lively et al.,
2005), but there have been few large-scale studies of
bacterial communities in vectors to explore interac-
tions between lineages. A recent study, however,
explored community dynamics of five bacterial
lineages (three were pathogenic lineages) within a
large number of ticks (n¼ 900) and found only
neutral interactions between community members
(Clay et al., 2008). However, the ability of this study
to detect non-neutral interactions was limited by
focusing on only five lineages. As we described flea-
associated bacterial communities using universal
bacterial primers, our results provide a more
accurate estimate of bacterial community dynamics
between all community members. Our study, how-
ever, is limited because we do not use a targeted
detection approach; some lineages present in
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very low abundance may have gone undetected.
Ultimately, combining the targeted detection ap-
proach with the universal detection approach may
best improve our understanding of bacterial com-
munity interactions within disease vectors.

Bacterial diversity across individual fleas
b-Diversity measurements provide a means to test
for patterns in bacterial community assembly
(Lozupone et al., 2007). These measures have
suggested that community assemblages correlate with
salinity (Lozupone and Knight, 2007), diet (Ley et al.,
2008), pH (Jones et al., 2009; Lauber et al., 2009), and
host genotype (Khachatryan et al., 2008). We used a
similar approach to explore the factors affecting
bacterial community assembly in prairie dog fleas
sampled across space and time. This is the first time
that bacterial communities of a disease vector have
been sampled at this depth or breadth. Weighted
phylotype, weighted phylogenetic, and unweighted
phylogenetic measures of b-diversity were used to
assess patterns in bacterial community assemblages
of fleas sampled across time, space, and flea species.

In prairie dog fleas of Boulder County, time (2004
vs 2007) had the greatest significant correlation
with bacterial community assembly (R¼ 0.612–
0.829; Figure 2; Table 2). This suggests that shifts
in communities occur range-wide across a large
temporal scale. Bartonella and Rickettsiales are
among the lineages responsible for differences
across years; Bartonella decreased from 2004 to
2007, whereas Rickettsial abundance increased
(Table 3). This result is consistent with the finding
that Bartonella infection rates vary significantly
across years in Boulder County prairie dogs (Bai
et al., 2008). Notably, a number of lineages were
detected in 2004, but were not detected or were very
rare in 2007 (Table 3). Longitudinal studies of
microbial communities have shown that soil and
marine microbial communities shift through time
(Pinhassi and Hagstrom, 2000; Riemann et al., 2000;
Schadt et al., 2003; Lipson and Schmidt, 2004; Bjork
et al., 2008), and changes in community assembly
were attributed to shifts in environmental variables.
In adult fleas, nutrient input consists of blood and
changes in blood quality are unlikely to explain
the inter-annual shift in communities. However,
environmental factors (untested here) may affect

Figure 1 Phylum-level diversity and abundance in prairie dog fleas across (a) years, (b) flea species, (c) colonies in 2004, and (d)
colonies in 2007. Average relative abundance within individual fleas: Proteobacteria (52.9%); Bacteroidetes (21.5%); Firmicutes (13.1%);
Actinobacteria (10.1%); Unclassified (1.1%); Tenericutes (0.5%); Acidobacteria (0.2%); TM7 (0.2%); OD1 (0.1%); all other detected
bacteria (o0.1%).
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the composition of the regional species pool that
seeds flea-associated bacterial communities. A long-
itudinal study of vector-associated microbial com-
munities in conjunction with the monitoring of
environmental parameters would lend insight into
this possibility.

In addition to temporal shifts in bacterial com-
munity composition, significant differences are also
found across different prairie dog colonies within
years (R¼ 0.290–0.418; Table 2). Importantly, the
phylotypes most responsible for differences among
colonies include Bartonella spp. and lineages of
Rickettsiales. This finding is consistent with a
previous finding that Bartonella infection in
Boulder County prairie dogs varies widely across
colonies (Bai et al., 2008). Finally, almost all
phylotypes occur in all colonies and differences
between colonies are largely based on different
abundance patterns of specific lineages, suggesting
that dispersal constraints of certain lineages are not
largely affecting community assembly and that
differences between colonies are largely due to
varied abundances of community members. It is
unclear why there are significant differences among
colonies. One possibility is that dispersal of com-
munity members is limited by the movement of

fleas, which are in turn limited by the movement of
their prairie dog hosts. Tests of genetic structure
among fleas, using mtDNA sequences, and prairie
dogs, based on microsatellite genotypes, revealed
significant, but relatively weak, genetic structure for
both taxa (data not presented). Alternatively, the
degree of microbial community differentiation may
reflect stochastic variation in the demography of the
various bacterial species within the flea.

Among O. hirsuta and O. t. cynomuris, bacterial
communities differ very slightly. The phylotype-
based approach indicates that bacterial commu-
nities differ between flea species (R¼ 0.160,
P¼ 0.011), but both weighted and unweighted
UniFrac results indicate no differences between flea
species (Table 2). Furthermore, correlations between
community assemblages and flea species are much

Table 2 Nested two-way ANOSIM R-values of pairwise flea
distances

Phylotype UniFrac

Weighted Weighted Unweighted

R sig. R sig. R sig.

Year/colony
Between year 0.829 o0.001 0.612 o0.001 0.753 o0.001
Between colony 0.418 o0.001 0.290 o0.001 0.328 o0.001
C3 vs C6 0.207 o0.001 0.102 0.027 0.235 o0.001
C3 vs C11 0.614 o0.001 0.405 o0.001 0.317 o0.001
C6 vs C11 0.458 o0.001 0.371 o0.001 0.396 o0.001

Colony/flea species—2004a

Between colonies 0.425 o0.001 0.318 o0.001 0.416 o0.001
C3 vs C6 0.180 0.039 0.135 0.088 0.234 0.012
C3 vs C11 0.481 o0.001 0.291 o0.001 0.297 0.002
C6 vs C11 0.542 o0.001 0.423 o0.001 0.507 o0.001
Between fleas 0.160 0.011 -0.014 0.527 -0.038 0.777

aOnly data from 2004 was used because flea species were not
randomly distributed across colonies in 2007.

Figure 2 3D PCoA plots of individual flea bacterial communities
as determined using UniFrac (Lozupone and Knight, 2005). (3D
PCoA plots were introduced in Ley et al., 2008). Communities are
displayed according to (a) year (red: 2004; blue: 2007), and (b) flea
species (red: O. hirsuta; blue: O. t. cynomuris; yellow: unknown
flea species). Analyses of similarity between time, colony, and
flea species are presented in Table 2.

Table 3 Top 10 phylotypes responsible for differences across
years and their average relative abundances

Phylotype classification % Variation Average relative
abundance (%)

2004 2007

1. Bacteroidetes (2)a 3.57 13.79 0.04
2. AlphaproteobacteriaR (1) 2.55 6.18 17.89
3. Betaproteobacteria (6) 2.32 3.06 0
4. Bacteroidetes (7) 2.22 2.81 0
5. Bacteroidetes (9) 1.86 2.33 0
6. AlphaproteobacteriaB (3) 1.82 8.52 6.38
7. Bacteroidetes (13) 1.76 1.26 0.01
8. AlphaproteobacteriaR (5) 1.64 1.71 4.09
9. Betaproteobacteria (21) 1.60 0.81 0.02
10. Betaproteobacteria 1.55 0.88 0

B: Bartonella; R: Rickettsiales.
aNumbers refer to classifications presented in Table 1.
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less than for year or colony. Despite the overall
similarity of communities in the two flea species
(the third unknown flea species was omitted from
data analyses because only four were detected),
there are notable differences in the abundances of
individual lineages. Rickettsiales and Bartonella
were again among the lineages most responsible
for differences between flea species (phylotype-
based method; Table 4). Rickettsiales and Bartonella
were much less abundant in O. t. cynomuris than in
O. hirsuta. Also, bacterial communities of O. hirsuta
are much more variable than O. t. cynomuris
communities (Figure 2). These two flea species
differ widely in their ability to transmit Yersinia
pestis, the causative agent of plague: O. t. cynomuris
has more than three times greater transmission
efficiency of bubonic plague than O. hirsuta (Wilder
et al., 2008b). Perhaps the presence or absence of a
specific lineage, such as the Rickettsial lineage
studied here, or the difference in community
composition variability across flea species accounts
for the difference in vector competency. Unfortu-
nately, Y. pestis was not detected in this study and
the impact of community assembly on plague
dynamics could not be analyzed.

Conclusions
Microbial communities in fleas differ substantially
across time and space, but not between flea species
or between individual prairie dogs. These results
suggest that the characteristics of individual fleas or
prairie dogs have relatively little effect on microbial
communities within disease vectors. Instead, micro-
bial communities may be strongly influenced by
stochastic factors or currently unknown environ-
mental factors that vary between years and among
colonies. Without more samples across time, it is
not possible to test the effects of prevailing
climatic conditions or biotic factors. Similarly, too
few colonies were surveyed to permit tests of

whether particular factors that vary among colonies
can explain some of the variation of community
composition across space. However, the present
results clearly point the way to an improved
sampling scheme for future studies, and underscore
the importance of spatial and time-series data in
microbial ecology studies. Collectively, our results
suggest that flea-associated microbial communities
are not random assemblages of bacterial species
present in the regional pool of fleas. The strong
difference between communities from fleas col-
lected in 2004 and 2007 indicates that major,
region-wide shifts in flea-associated bacteria occur
across time. Within years, however, significant
differences in bacterial communities across prairie
dog colonies are notable. Together, the temporal and
spatial effects on bacterial community assembly in
fleas parallel the temporal and spatial variation
observed in Y. pestis and B. washoensis infection of
prairie dogs (Collinge et al., 2005; Augustine et al.,
2008; Bai et al., 2008). The overall lack of differ-
entiation of bacterial communities between flea
species suggests that O. hirsuta and O. t. cynomuris
do not represent unique niches. However, certain
lineages (for example Rickettsiales and Bartonella)
differ substantially between the two flea species,
and specific lineages may facilitate or inhibit
pathogenic lineages within an individual flea.
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