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Raman microscopy is a powerful imaging technique for biological materials providing information
about chemistry in context with microstructure. A 532 nm laser is often used as excitation source,
because high spatial resolution and signal intensity can be achieved. The latter can be controlled by
laser power and integration time, whereby high power and long times give good signal to noise ratio.
However, most biological materials absorb in the VIS range and fluorescence masking the signal or
even sample degradation might be hindering. Here, we show that on lignified plant cell walls even very
short integration times and low laser powers induce a change in the ratio of the lignin bands at 1660
and 1600 cm~1. Time series on lignin model compounds revealed this change only in aromatic molecules
with two OH-groups, such as coniferyl alcohol. Therefore, we conclude that monolignols are present
in the cell wall and responsible for the observed effect. The solvent selectivity of the changes points
to alaser induced polymerization process. The results emphasize how crucial careful adjustment of
experimental parameters in Raman imaging of biological materials is and show the potential of time
series and repeated imaging to get additional insights (e.g. monolignols).

Phenolic compounds in plants comprise a wide range of molecules with several functions including signaling’,
disease resistance?, defense®, wound healing?, mechanical stability>® and waterproofing for water transport”. In
the plant cell wall, 4-vinylphenols called monolignols polymerize into lignin and are, together with hemicellu-
loses, the embedding matrix for cellulose microfibrils®*’. Lignin is a very complex polymer, with several differ-
ent linkages present!>!? that generate lignocellulosic biomass recalcitrance, e.g. in pulp or biofuel industry. The
number of studies on the biosynthesis, structure, deposition and use of this polymer have enormously increased
over the years e.g.1*-%°. First of all, to know how the natural lignification occurs in vivo and also to overcome the
recalcitrance issue?'.

Marker-free techniques such as UV absorption and fluorescence microscopy that profit of the lignin
auto-fluorescence have been used in the past decades to study the lignin polymer??-?*. Although these techniques
are very useful in monitoring lignin, they often need narrow excitation and emission filters to discriminate
between specific aromatic compounds. Raman imaging has become a well-stablished experimental technique for
chemical analysis of a large range of materials. The Raman Effect allows recording the molecular fingerprint of the
sample. Information on all chemical groups is gained at once without taking multiple images on the same sample,
as in fluorescence microscopy. Furthermore, the possibility of applying this method in aqueous native conditions
makes it very attractive for the characterization of biological samples? and plenty of successful examples are avail-
able today in the literature”’~*, including wood***, plants***” and studies on the aromatic lignin**-*!. The lateral

resolution of any optical system, including Raman imaging, is determined by the diffraction limit of light (r,,)**
_ 061\
¥ NA 1

being A the laser excitation wavelength and NA the numerical aperture of the objective used. The shorter the
wavelength, the higher is the lateral resolution (eq. (1)) as well as Raman scattering intensity as it is proportional
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to the (£)**. This is why short excitation wavelength and high laser power give the best signal-to-noise-ratio

(S/N) as well as the best spatial resolution in Raman imaging. However, when measuring biological specimen the
choice of the adequate Raman laser excitation wavelength depends greatly on the nature of the sample**.
Biological samples often absorb in the UV/VIS range and can be changed or damaged if the applied beam inten-
sity is too high. If the wavelength is very short and the exposure time too long, sample burning might occur due
to absorption of UV radiation or an increase in the thermal energy*>*. Also lignin is known to be photodegraded
by UV-Violet light, but no chemical degradation has been observed for wavelengths greater than 434nm?*.
Auto-fluorescence of lignin is reported in the range of 515-600 nm*®, while its absorption maximum lies in the
UV region at about 350 nm, which causes the ultimate degradation of wood*’, commonly observed by darkening
in outdoor facades™. Yet for Raman imaging of plant cells and other biological materials, a submicron resolution
is necessary to relate chemical changes to single cells or cell organelles or cell wall layers. Therefore, most routine
Raman experiments are usually run with a VIS laser; e.g. with 532 nm laser a compromise between signal, resolu-
tion and non-destructive character is achieved.

Up to now, very few publications have dealt with changes of plant cell walls caused by laser exposure in the
VIS range. Agarwal and Atalla (1986)*' reported the effects of the laser power on plant cell walls with excitation
wavelength of 514.5 nm during Raman microprobe experiments. They stated that powers higher than 5mW had
effects on the intensity of the aromatic bands. Back then, the effect of the exposure time and kinetics of band
ratios could not be studied as far too long acquisition times (58 min/spectrum) were necessary to record spectra
with good S/N ratio. Interestingly, later on with a different wavelength (633 nm, 20 mW, in air) and still relatively
high exposure time (15s) Agarwal reported no changes in the main aromatic (lignin) band at 1600 cm™! in the
S, cell wall layer with repetitive laser exposure®. In one study on thermomechanical pulps, laser-induced fluo-
rescence was even useful to get information on quinone/hydroquinone groups, due to their molecular oxygen
sensitivity when excited with 514.5 nm>?.

Herein we study in detail the effect of 532 nm laser irradiation on lignified plant cell walls by repeated imag-
ing experiments on different wood species and on the model plant Arabidopsis thaliana. We aim to elucidate
the dependence of the spectral changes on laser power (expressed as laser intensity) and laser exposure time
(expressed as energy density) and the implications on the structure of the lignin polymer. The observed spectral
changes have been explained based on studies of lignin-model compounds under different environmental condi-
tions. Controlled time series or repeated measurements can lead to new additional information on the aromatic
nature of biological samples.

Results and Discussion

Repeated laser exposure of plant material changes its aromatic structure. Raman imaging was
performed on a spruce microsection scanning an area with consecutive increasing size. The last and biggest
measurement is shown in Fig. 1 and thus comprises regions measured three times (3x, inner square), two times
(2%, frame around the inner square) and the outer part just once (1x). The laser power was set to the maximum
(35mW) for an exposure time of 0.13 s at every position (pixel). Figure la—c shows the distribution maps for the
main aromatic band at 1600 cm™! (C=C stretching of phenol ring), the C=C stretching of the ethenyl moiety of
coniferyl alcohol at 1660 cm™! and the fluorescence (by plotting changes in background intensity from 1800-
2500 cm™!, where no Raman bands are visible), respectively. With increasing number of measurements, the over-
all intensity of the aromatic C=C at 1600 cm™' remained relatively constant (Fig. 1a). However, the intensity of
the ethylenic band at 1660 cm™~! decreased in the area comprising two and three measurements, as demonstrated
by a darkening of these areas framed as “2x” and “3x” compared to the area marked as “1x” (Fig. 1b). Contrarily,
the intensity in the fluorescence map increased at already irradiated positions (Fig. 1¢c). For comparison of the
spectra, the smallest area measured (3x, corresponding to 900 spectra) was used as a frame for averaging exactly
the same area of the first, second and third measurement (Fig. 1d). The most prominent changes were observed
in the bands attributed to double bond stretches (doublet at 1600 and 1660 cm™') and in the increasing intensity
of the fluorescence background. For better visualization of the compositional changes, the spectra were normal-
ized against the main aromatic band at 1600 cm™! (Fig. 1e). This confirmed the decrease of the intensity of the
C=C stretch at 1660 cm™! with every measurement repetition. The band at approximately 1137 cm™", attributed
to coniferyl aldehyde® experimented a broadening and a decrease in intensity. This behavior was proven to be a
general phenomenon for lignified plant cell walls as it was observed in several tree and plant species, including
pine (Pinus nigra), poplar (Populus alba) and Arabidopsis thaliana (see Supplementary Figs S1-S3, respectively).

Energy density and influence of measurement repetition on the ethenyl/aromatic C=C ratio
in wood. In the last section, laser power and integration time were kept constant. However, it is important
to know if these parameters induce spectral changes above a certain threshold and/or measurement repetition.

The influence of the laser power and irradiation time on the intensities of the bands at 1600 and 1660 cm ™! of
sequential measurements of spruce areas (including cell corner and cell wall) is shown in Fig. 2a-c. To monitor
the changes, the ratio 1660/1600 was plotted. This compensates for differences in intensity of single bands due to
changes of the focal plane. Clearly, the exposure time plays a major role in the final value of the 1660/1600 ratio, as
it decreases with increasing exposure time and number of trial measurement. In addition, for constant exposure
times, the band ratio decreased with increasing laser power (i.e. laser intensity). The most dramatic decrease was
observed for the largest exposure time and highest number of measurement repetition (Fig. 2¢c). The measure-
ments also showed that for the first two exposure times (t < 0.13s), a power of 10 mW always delivers similar
ratios independently of the number of sequential measurements. For the set up used, this threshold corresponds
to an energy density of approximately 580 kJ/cm?.

The average spectra of the three consecutive images taken on the same area, at 30 mW and different expo-
sure times (t;, t, and t;), are displayed in Fig. 2d-f. For the extreme case (Fig. 2f), the ethylenic C=C band at
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Figure 1. Repeated laser exposure causes chemical changes during Raman imaging of Spruce wood. (a)
Integration over the main aromatic C=C stretching of lignin, (b) the ethylenic C=C stretching and the (c)
fluorescent background. Integration over a specific Raman band gives a picture of the distribution and relative
amount of the functional groups responsible for the band. The Raman images are scaled from the minimum
(black) to the maximal intensity (white) of the integrated band in the image. The Raman scan shown is the

last of three consecutive measurements of increasing size and thus comprises regions measured three times
(3x), twice (2x) or just once (1x). The inserted frames depict the successive number of Raman images taken
exemplarily in (b). The aromatic C=C remains stable over the three consecutive measurements (a). In contrast,
the ethylenic C=C, attributed to coniferyl alcohol, decreases abruptly with increasing number of measurements
(b). The fluorescence increases as shown by an increase of the background intensity at the area framed by “3x”
(b). The common square (framed by “3x”) was used as a mask to average the spectra of the three consecutive
Raman scans of exactly the same area for comparison (d). The spectra were normalized over the aromatic C=C
ring stretching for visualization of changes in composition in (e).

1660 cm ! descended abruptly and after the third measurement no lignin bands (neither the 1600 cm™! band, nor
the 1660 cm ™! band) are present (marked with an asterisk in Fig. 2c) and only cellulose bands are visible in the
spectrum. The fluorescence background also diminished after the third measurement.

Lignin is a phenolic compound polymerized in vivo from the so-called monolignols (p-coumaryl, coniferyl
and sinapyl alcohol)®*. The monolignols are synthesized in the cytosol*® and are deposited in a diffuse manner
during secondary cell wall formation®. The ratio of the Raman bands 1660 and 1600 cm ™! has earlier been used
to determine the polymerization degree of lignin since the ethenyl C=C groups are present in coniferyl alcohol
and aldehyde, both precursors of lignin. Using a VIS laser with X, = 633 nm, Morikawa et al.>® showed that after
formation of the S3 cell wall layer in Japanese cypress the ratio did not change in cell corners located at positions
with increasing distance from the cambium, since all lignin precursors are fully bound to the polymer. However,
using a 532 nm laser, our results indicate that the amount of energy given to the sample during the measurements
influences the value of the ratio 1660/1600, from the very first measurement, in areas at analogous positions i.e.
same distance from cambium (see Fig. 2, measurement 1). In the same manner, by repeatedly measuring (up to
three times) the same position, the ratio 1660/1600 in spruce also changed (Fig. 2, measurements 2 and 3), even
at locations very far away from the cambial zone (approximately 7 cm) in the inner heartwood (data not shown).
These observations highlight the importance of a careful selection of optimal measuring conditions, gathered in
a single parameter, the energy density or fluence, during Raman imaging of plant material. The magnitude of the
laser intensity (W/cm?) and energy density (kJ/cm?) is shown in Supplementary Fig. S4 for the optical objectives
with magnifications of 20 x (NA 0.4, air) and 100x (NA 1.4, oil), for the three different laser powers and irradia-
tion times used in this work.

Chemical changes in wood are related to changes in coniferyl alcohol. The decrease in the ratio
1660/1600 in wood changed depending on the laser power and exposure time applied, as depicted in Fig. 2. The
most affected band at 1660 cm ™! is attributed to C=0 stretching of aldehydes and C=C stretching of the ethe-
nyl moiety occurring in alcohol lignin monomers® (monolignols), from which lignin is polymerized. To prove
whether the aldehydes or alcohols are involved in the observed laser exposure changes, Raman spectra of them
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Figure 2. Change of the ethylenic/aromatic C=C ratio (1660/1600) during repeated Raman imaging of Spruce
wood in dependence on laser power and exposure time. Ratio 1660/1600 vs number of measurements for
different laser powers at three repetitive exposure times (a) t;, (b) t, and (c) t;. With the smallest exposure time
t; the ratio shows a mild decrease for a laser power of 30 mW after the first measurement, but no changes are
depicted for lower exposures. For an exposure time t,, the ratio 1660/1600 changed after the first measurement
for laser powers higher or equal than 20 mW. With a laser power of 10mW the ratio 1660/1600 only changed
after the two consecutive measurements with an exposure time of 1.03 s. Example of the first, second and third
measurement repetition for the highest laser power (30 mW) and exposure times t;, t, and t; are shown in (d-f),
respectively.

were acquired in time series experiments. With continuous laser irradiation (A, =532nm) one Raman spec-
trum was collected every 0.04s. Coniferyl and sinapyl aldehyde Raman spectra did not show any changes in the
1660 cm ™! band region over time (data not shown), whereas coniferyl and sinapyl alcohol did (Fig. 3a,b, shown
for coniferyl alcohol.). Therefore, the changes were solely assigned to monolignols. In Fig. 3a the blue spectrum
corresponds to the first measurement of coniferyl alcohol (zero time), whereas the orange spectrum was taken
after 2.5s. Similar as observed for wood (Fig. 2), the signal of C=C group decreased upon laser exposure. In
addition, the CH stretching of C=C at 3015 cm ™" decreased and new bands arose in the region from 2990 to
2830 cm™!. These new bands, assigned to CH stretches of sp*-hybridized carbons likely come from the carbons
of the former double bound of the 3-hydroxy-prop-1-en-1-yl moiety (named R, in the remainder of the text) of
coniferyl alcohol.

Kinetics of the aromatic structural change in coniferyl alcohol, DHP (dehydrogenation polymer
of lignin) and lignin.  To compare the spectral changes of the monomer and the lignin polymer upon laser
radiation, the time series procedure was followed for coniferyl alcohol, DHP (dehydrogenation polymer of lignin,
an artificial synthetized lignin polymer), and a cell corner (CC) of Spruce, which is known to be composed of
almost pure lignin. The ratio 1660/1600 was calculated from the band intensities and is depicted in Fig. 3b-d for
coniferyl alcohol, DHP and the cell corner of spruce, respectively. The correspondent single spectra after irradia-
tion of approximately 0.5 s and 20 s are shown in Supplementary Fig. S5a—c. The band intensities, from which the
ratio was calculated, are depicted in Fig. S5d-f. For all laser powers, all compounds experienced an exponential
decay in the band ratio over time. At 30 mW (laser intensity~1.4 x 10 W/cm?), the quickest intensity decrease
of the ratio was observed for coniferyl alcohol. By contrast, DHP and CC of Spruce showed a comparable slight
decrease (Fig. 3b-d and Supplementary Fig. S5d-f).

In particular, for coniferyl alcohol, the laser power influences the rate of decrease of the band ratio (Fig. 3b):
the higher the laser power, the faster the ratio decrease. For the same laser intensity, the initial ratios varied
between coniferyl alcohol, DHP and CC of spruce, being the first the one with the highest ratio (~2.75). On the
contrary, DHP and CC showed lower and similar ratios at the beginning (~0.5-0.65).
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Figure 3. Spectral changes of coniferyl alcohol under laser exposure and time series of reference model
compounds taken with \., =532 nm. (a) Raman spectra of coniferyl alcohol at t;, meaning measured at the
earliest time possible, and at ty+ 2.5, with a laser power of 30 mW. The Raman bands affected are marked
with an arrow depicting the functional groups that undergo a modification upon laser exposure in coniferyl
alcohol. Most notably is the decrease of the C=C stretch at 1660 cm ™. Also two bands representing the C-H
stretch (3013 cm™!) and bend (1297 cm™?) lose intensity. New bands around 2914 cm™! (unsaturated C-H
stretch) arise. Raman band intensities at 1600 and 1660 cm ™! measured over time from the three substances
were used to calculate the ratio 1660/1600 displayed in (b) for coniferyl alcohol, for laser powers of 10, 20 and
30mW, and (c) DHP and (d) cell corner of spruce wood, for a laser power of 30 mW. The ratio decay followed
an exponential trend for all compounds. An exponential decay function was used to fit the ratio over time for
all three compounds. For coniferyl alcohol, a stronger decay was observed the higher the laser power. The fitting
parameters are displayed in Table 1.
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T(s) 16.88 167 |275 1.39
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0.06
k(s 0.06 0.60 | 0.36 0.72
0.96
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Table 1. Rate of change (k) and half life time (t,,,) of the ratio between the 1660/1600 (cm ') Raman bands
during time series for Coniferyl alcohol at 10, 20 and 30 mW, DHP at 30 mW and cell corner of Spruce
microsection at 30 mW. Different laser powers were applied only to coniferyl alcohol, in order to determine
the kinetics of the process. Due to the presence of noise when reducing the laser power, for DHP and cell
corner, only the upper extreme (30 mW) was studied. During the time series measurement, the irradiation was
continuous and one spectrum was taken every 0.04s.
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From the decay curve of the ratio 1660/1600 as a function of the exposure time, the rate of change (k) and
half-life (t,,,) were evaluated for coniferyl alcohol, DHP and CC of spruce with the following exponential
function:

=A, X )
y 1 X € (2)

Here y is the ratio 1660/1600, x is the irradiation time and 7 is the characteristic mean life time which is
T= % =1.44 X t,,,, beingk the decay rate and t, ,, the half-life time. The fitting results are shown in Table 1.
First, k rose with increasing laser power for coniferyl alcohol, and in turn, £, ,, diminished. At maximum power
(30mW), the value of the ratio changed at a rate of k=0.06s~! and was half of the initial ratio after 1.165s, which
corresponded to an applied energy density of about 1600 kJ/cm?. Interestingly, with 20 mW (laser inten-
sity~9.2 x 10°W/cm?) two processes are involved (double exponential decay). A quick process is observed at short
times (k= 0.96s7!) while for longer times, a slow process dominates. The slowest ratio change was recorded for
10mW (k=0.06s"") (laser intensity~4.6 x 10°W/cm?), similar to the second process when applying 20 mW.
When comparing the coniferyl alcohol with model compounds taken at the maximum laser power (30 mW)
(Fig. 3b,c, Table 1), DHP presented the lowest k and highest , ,. DHP is an artificial compound polymerized to a
very high degree, and almost no free coniferyl alcohol should be present. In the case of CC, the trend line also
depicted an exponential trend and the kinetic parameters are comparable with the values obtained for coniferyl
alcohol for the same laser power. This might be an indication of the presence of coniferyl alcohol molecules in cell
corners of native wood. It could be hypothesized that this is a further polymerization (in german more appropri-
ately described by the word “Nachpolymerisierung”) of lignin. Also the fact that polymerization studies on lignin
showed an exponential decay of the number of lignin guaiacyl monomer units over time® points to this process.

VIS induced changes of coniferyl alcohol: plausible mechanisms. Lignin in wood is known to be
degraded by UV light*. However, longer wavelengths i.e. blue light, have been shown to not cause any changes in
the fluorescence emission spectra of lignin after repeated measurement®'. Yet the present work shows that green
light induces chemical changes in wood and lignin reference model compounds. From the groups affected in the
Raman spectra, the changes have been attributed to monolignols. The drop in the ratio 1660/1600 indicated a
decrease in the relative number of ethenyl (C=C) groups, which might occur when these groups are degraded or
when alcohol monomers polymerize into lignin, as occurs in nature®*¢2. Therefore in a next step the spectrum of
coniferyl alcohol after laser exposure was compared with the spectra of the two possible outcomes, a phenolic ring
without R, (degradation product), and a dimer of coniferyl alcohol (polymerization product) (Fig. 4a). Although
in theory the reduction of the ethenyl C=C could be explained by both mechanisms, neither the polymer nor the
degraded component spectra coincide completely with the laser induced product of coniferyl alcohol.

4-Vinylphenols like coniferyl alcohol can undergo photochemical reactions upon UV irradiation® and
the polymerization of coniferyl alcohol was already studied in several papers by Radotic and co-workers®%°,
They produced so-called photopolymers by exposing coniferyl alcohol to UV light. Interestingly, they did not
find radicals to be involved in the reaction®, which is in contrast to other research on 4-vinylphenols, where
radical-reactions were assumed®®®’. They therefore proposed an alternative reaction pathway involving pro-
tons, which is shown in Fig. 4b. This reaction involves two OH-groups, one attached to the ring, the other one
attached to the ethenyl moiety. Therefore, additional Raman time series of similar substances with varying
OH-configuration were recorded under equal experimental conditions. The data revealed that 532 nm irradiation
only had an effect when both ring and propenyl moiety bear an OH-group (Fig. 4c). This is an indication that only
monolignols can be responsible for the observed laser induced changes in plant cell walls.

Another fact described by Radotic et al.®® was that coniferyl alcohol shows an absorption band at 350 nm
under UV light exposure, which they tentatively assigned to quinone methide, a strong fluorescence compound.
This band was suppressed completely when they recorded absorption spectra of coniferyl alcohol in ethanol,
pentanole and DMSO (dimethyl sulfoxide). Further experiments of us revealed that the laser degradation of the
532 nm-susceptible substances i.e. coniferyl and sinapyl alcohol did not happen in acetone, ethanol or isopro-
panol as solvent, but changed in water, DMSO and air (in the latter air moisture might be responsible) (Fig. 4c).
These facts support the proposed reaction by Radotic et al.%, that quinone methide is involved in the reaction and
that the process can be controlled over this species. In contrast to sinapyl and coniferyl alcohol, Raman measure-
ments of DHP and spruce wood in EtOH suffered chemical changes after repeated measurement. The decrease of
the 1660 cm ™! band was accompanied by the rise of a band at 1630 cm™! (data not shown). This band could derive
from either conjugated C=0 or C=C stretches®® or represent an aromatic ring stretch. Varsanyi® gives a spectral
range up to 1628 cm™! already for 1,4-dilight substituted rings (i.e. H-units of lignin), and assigns values up to
1660 cm ™! when more substituents are present. Due to the inherent complexity of the lignin polymer, this band
has to be left aside for now, as we cannot relate it to any of the processes described above.

At 532 nm, coniferyl and sinapyl alcohol showed no molecular absorption band (see Supplementary Fig. S6),
which rules out polymerization mechanisms running over an excited state. Since these compounds do not absorb
at the wavelength used, a photoinduced electron-transfer mechanism can be excluded. The results showed that
the energy transferred to the molecules was not sufficient to dissociate bonds’, but may be enough to oxidize
them. Taking into account the oxidation energy of coniferyl alcohol in aqueous solution, 1.03 x 10*2k]”!, and the
energy density applied, the theoretical number of coniferyl alcohol molecules that could be “activated” was calcu-
lated (Table 2). Only with the initial energy density given by the minimum laser power (Supplementary Fig. $4),
around 1.96 x 10 molecules of coniferyl alcohol could be theoretically oxidized (Table 2). This number increased
linearly with time due to the continuous irradiation given when performing the time series experiments. This
agrees with a previous study on diethyl ether clusters, were a 532 nm laser was used for the ionization”?.
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Figure 4. Raman spectra of coniferyl alcohol and its degradation and polymerization product, proposed
reaction mechanism and summary of the references measured. (a) Comparison of the laser-exposed spectrum
of coniferyl alcohol with two reference substances miming its degradation (top) and a polymerization product
(bottom). Neither of the two compounds fits perfectly (red arrows), but are sufficiently similar to deduce

that the aromatic ring is still present (grey arrows, also the aromatic stretch at 1600 cm ™ is still here). (b) The
reaction mechanism proposed by Radotic et al.*. (¢) Molecular structure of the five compounds measured
over time. The references present the same backbone, but differ in the OH configuration. Note that only those
compounds, which bear both an OH-group at the ring and at the propenyl moiety, were affected by the 532nm
laser.

10 t,=0.04 1.96 x 103 1.84 x 10*
20 t,=0.04 3.92 x 102 3.69 x 10
30 t,=0.04 5.88 x 10 5.53 x 10

Table 2. Maximum theoretical initial number of molecules of coniferyl alcohol able to oxidize monolignols
for different energy density at t, = 0.04s. The ionization energy of coniferyl alcohol is about 0.64 eV/molecule”!
which corresponds to 1.22 x 1072 kJ/molecule.

When the measurements of coniferyl alcohol and wood were carried out at X\, =785nm, no changes in the
ratio 1660/1600 were observed over time, even after 200 at 220 mW, neither for native wood, nor coniferyl and
sinapyl alcohol (data not shown). The energy applied corresponded to energies comparable to lower irradiation
times and power with an X\, =532 nm. This might imply that the minimum photon energy plays a role in the
oxidation of coniferyl alcohol. The energy carried per photon is described as
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E=hx <
A (3)

where h is the Planck constant, ¢ the speed of light and A the wavelength of the excitation source. The energy was
about 3.74 x 10722k]J for a X\, =532 nm while for X\, =785nm the energy was reduced to 2.53 x 10722k].
Although both energies would be theoretically enough to “activate” coniferyl alcohol”’, only the shorter wave-
length was successful.

Time series of coniferyl and sinapyl aldehyde did not depict any changes of the band ratio over time. Neither
did reference substances bearing only one OH group, which proved that monolignols are the ones affected by
532 nm laser irradiation. Beside coniferyl and sinapyl alcohol, also DHP and spruce wood experienced a decrease
of the number of ethylenic C=C groups, which indicates the presence of coniferyl alcohol molecules in DHP
(about 20% as estimated by H-NMR) and wood. Adding EtOH, isopropanol or acetone suppressed the modifica-
tion of monolignols, which has been an indication that a polymerization process takes place. For a degradation
mechanism, the same result would be expected for all solvents. Nevertheless, adding the same solvents to DHP
and native wood caused changes in the band ratio accompanied by a new band, which due to the heterogeneity
of the native lignin could not be explained. For Raman imaging of spruce wood, when using the highest exposure
time (t;) and the highest laser power (30 mW), the lignin band disappeared after the third consecutive measure-
ment (see Fig. 2¢,d, marked with asterisk). It seems that first, the energy is dissipated in further polymerizing
the unbound monolignols into lignin. When the energy is too high, the polymerization is fully completed and
the polymer overheats and finally degrades. From the results obtained in this work, we can state that the 532nm
laser irradiation only affects coniferyl/sinapyl alcohol units, because only these molecules have two OH-groups
necessary for the induced photo-polymerization. According to this work, coniferyl/sinapyl alcohol units that exist
in DHP and wood can be probed selectively by times series experiments.

Experimental

Sample preparation and sectioning. 4-year-old spruce trees (Picea abies (L.) Karst.) were obtained from
the company Lieco (Austria). Sections of 5um were obtained by cryomicrotomy (CM3050 S, Leica, Austria).
Pine (Pinus sylvestris L.), Arabidopsis (Arabidopsis thaliana) and Poplar (Populus alba L.) material was obtained
from different areas and was sectioned (3 to 15 um thick) by rotary microtomy (RM2255, Leica, Austria) at room
temperature in the presence of deuterium oxide (D,0) to maintain the native moisture. The sections were placed
on a glass slide with a drop of D,0O and were covered with a glass coverslip (No. 1.5, 0.17 mm thick). The coverslip
was sealed with nail polish to avoid D,O evaporation during the measurements.

Abietin (90% purity), Coniferyl alcohol (98%), Coniferyl aldehyde (98%), Isoeugenol (98%) and
Sinapinaldehyde (98%) were purchased from Sigma Aldrich (Austria) and used as received.

Sinapyl and cinnamyl alcohol were made by NaBH, reduction from their respective aldehydes, which were
purchased from Sigma Aldrich (Austria) and used as received. Details can be found in the Supplementary
Methods S7.

Dehydrogenation polymer of ferulic acid was obtained from Grigory Zinovyeyv, from the Division of
Chemistry and Renewable Resources (Department of Chemistry, University of Natural Resources and Life
Sciences, Vienna, Austria).

Confocal Raman Microscopy. Raman images of all samples were taken with a Raman microscope
(Alpha300RA, WITec GmbH, Germany). The samples were exited with a linear polarized (0°) coherent compass
sapphire VIS laser with X\, = 532nm (WITec GmbH, Germany) through a 100x oil immersion objective (numer-
ical aperture (NA) = 1.4, coverslip correction 0.17 mm) (Carl Zeiss, Germany). The scattered Raman signal was
collected through the same objective and directed through an optic multifiber (50 um diameter) to a spectrometer
(UHTS 300 WITec, Germany) (600 g.mm* grating, spectral resolution about 3.8 cm ™!, maximum and minimum
error of about 4.8 and 2.9 cm ™!, respectively) and finally to the CCD camera (Andor DU401 BV, Belfast, North
Ireland). The maximum spatial resolution that can be achieved is given by r =0.61X\/NA, which for the parame-
ters and confocal set up given is about 230 nm. The Control Four (WITec GmbH, Germany) acquisition software
was used for the Raman imaging set up.

Three concentric images of increasing size were taken on the samples in order to illustrate the effect of the
repeated laser irradiation on the intensity of specific aromatic bands during the measurements. For this example,
the laser power was set to a maximum of 35 mW, and the integration time to 0.13 s, which corresponded to a laser
intensity of 1.3 x 108 W/cm? on the sample.

The laser power and the integration time (exposure time) were also changed in order to study the effect of
the excitation energy on the aromatic bands. In order to record this effect, 3 sequential images of equal size were
measured at the same position. For each set up, 3 replicates were measured for statistical analysis. The replicates
were obtained at areas including cell wall and cell corner, located at the same distance from the outer part of
the stem (about 50 pm from the cambial cells), which ensured a similar initial chemical profile. This procedure
was carried out for three different laser powers (10, 20, and 30 mW, power measured before the objective) and
exposure times (t; =0.04s, t, =0.13s, t;=1.03s). The laser intensities and energy densities for each set up can be
found in Supplementary Material S4.

The changes in the Raman spectrum of coniferyl and sinapyl alcohol, coniferyl aldehyde, sinapinaldehyde,
cinnamyl alcohol, isoeugenol and abietin were monitored by performing time series experiments with an accu-
mulative exposure time of 0.04 s and laser powers (at \., =532 nm) of 10, 20 and 30 mW, respectively. In this case,
the compounds were measured dry and with a 20x objective (NA 0.4) without the presence of a coverslip. In order
to compare the changes during sample excitation, the same procedure was applied for DHP and a cell corner of
a Spruce microsection. Furthermore, coniferyl alcohol was measured in ethanol, acetone, isopropanol (UV/IR
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grade, Carl Roth, Germany), DMSO (99.5%, Sigma Aldrich, Austria) and water (Merck Millipore) under a cover-
slip on an objective slide. Sinapyl alcohol was only measured air-dried and in ethanol.

Coniferyl and sinapyl alcohol were also measured over time using a near infrared laser with X\, =785nm.
785 nm experiments were conducted on the same instrument, using a linear polarized XTRA II laser (Toptica
Photonics, Germany) The scattering was detected with an optic multifiber (100 pm) directed to a spectrometer
(UHTS 300, WITec, Germany) equipped with blazed gratings (600 and 1200 g.mm ™!, BLZ 750 nm) and a CCD
camera (Andor DU401 DD, Belfast, North Ireland).

Fluence. The fluence or energy density of a laser refers to the total amount of energy per unit of area. The
fluence on the sample changes depending on the laser power set, the irradiation time and the objective used, i.e.
transmittance and numerical aperture (NA), since these parameters determine as well the laser focus spot. In
order to determine the energy density (kJ/cm?) on the sample (see Supplementary material $4) the energy of the
laser and the illuminated area were determined. First, the laser power before the objective was measured with a
power meter for the specific excitation wavelength (PM100D, Thorlabs, USA). The laser power after the objective
was corrected for the transmittance factor of the objective and multiplied by the exposure time (t,, t, or t;), since
the energy density is a function of time, in order to obtain the energy irradiated on the sample. In addition, the
maximal lateral resolution (eq. (1)) was used as radius for calculating the laser spot area, given as a circle with a
Gaussian distribution.

With the purpose of confirming the possibility of an ionization of the hydroxyl group as a starting mechanism
for the polymerization of coniferyl alcohol when VIS radiation was applied, the maximum theoretical number of
OH-groups of the molecule coniferyl alcohol that could be oxidized with the applied energy per unit of area was
calculated (see Table 2).

Vibrational analysis.  The equilibrium geometry and vibrational analysis of the molecules were calculated using the
GAMESS package”7*. The SCF-DFT functional B3LYP together with the 6-311G basis set was used for all calcula-
tions. Vibrational modes were displayed with MacMolPlt v7.77> The bands were assigned according to our (polariza-
tion) measurements, our calculations as well as to standard literature®®®7¢ and to studies of related compounds”-*

Data analysis. For visualization of the effect, every first, second and third measurement (image) of each
replicate was averaged. The spectra are shown without pre-processing and after baseline correction and normal-
ization against the 1600 cm ™' band.

For the quantification of the effect of the exposure time and laser power on the 1600 and 1660 cm™!' Raman
bands, the average spectrum of each image was calculated in the software Project Four Plus 4.1 (WITec GmbH,
Germany). The spectra were extracted and the Rayleigh line cut before the average spectra were baseline cor-
rected (Rubber band mode, 10 iterations, and 64 points) in OPUS (Bruker, Germany). After baseline correction,
the height of the bands at 1600 and 1660 cm™! was determined. The band height was set as the intensity from a
virtual baseline, fitted to the right and left lowest intensities of the band of interest, to the maximum of the band.
The ratio between the two band heights 1660/1600 was calculated for each average spectrum and the population
standard deviation between replicates determined.

From the time series on coniferyl alcohol, first, the spectra were extracted, the Rayleigh line removed and
baseline corrected (Rubber band mode, 10 iterations, 64 points) in OPUS (Bruker, Germany). The band heights
were read with the same method for spruce images, DHP and cell corner of Spruce.

Conclusions

Studying aromatic components in biological materials by Raman imaging using the 532 nm laser irradiation has
to include careful adjustment of experimental parameters, namely laser power and irradiation time. In lignified
plant cell walls as well as in an artificial lignin polymer (DHP) a clear change in the ethenyl/aromatic C=C ratio
was observed at high energy densities. Studies on references components and under different environmental
conditions (solvents) could explain the effect as a polymerization/degradation of monolignols. Time series exper-
iments are recommended to adjust experiment parameters and derive additional information on monolignols
located within the secondary plant cell wall and the junctions between cells.
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