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Abstract
Microbially induced calcification is an ancient, community-driven mineralisation process that produces different types of
microbialites. Symbiolites are photosynthesis-induced microbialites, formed by calcifying co-cultures of dinoflagellates from
the family Symbiodiniaceae and bacteria. Symbiolites encase the calcifying community as endolithic cells, pointing at an
autoendolithic niche of symbiotic dinoflagellates, and provide a rare opportunity to study the role of bacteria in
bacterial–algal calcification, as symbiodiniacean cultures display either distinct symbiolite-producing (SP) or non-
symbiolite-producing (NP) phenotypes. Using Illumina sequencing, we found that the bacterial communities of SP and NP
cultures differed significantly in the relative abundance of 23 genera, 14 families, and 2 phyla. SP cultures were rich in
biofilm digesters from the phylum Planctomycetes and their predicted metagenomes were enriched in orthologs related to
biofilm formation. In contrast, NP cultures were dominated by biofilm digesters from the Bacteroidetes, and were inferred as
enriched in proteases and nucleases. Functional assays confirmed the potential of co-cultures and bacterial isolates to
produce biofilms and point at acidic polysaccharides as key stimulators for mineral precipitation. Hence, bacteria appear to
influence symbiolite formation primarily through their biofilm-producing and modifying activity and we anticipate that
symbiolite formation, as a low-complexity in vitro model, will significantly advance our understanding of photosynthesis-
induced microbial calcification processes.

Introduction

Interactions between bacteria and microalgae range from
common trophic relationships, over pathogenesis, to spe-
cialised commensalistic, and mutualistic symbioses [1–3].
When, as in the current study, bacteria and microalgae
coexist in the form of microbial biofilms, the whole range of

these biological interactions can ensue [4, 5], which can
create emergent features at the community level [6]. One
such emergent feature that has accompanied life on Earth
for hundreds of millions of years is microbially induced
calcification [7–9], a mineralisation process that arises if a
microbial community produces extracellular polymeric
substances (EPS) that promote mineral precipitation, par-
allel to metabolically raising the CaCO3 saturation state (Ω)
above a critical point [10–13]. For example, photosynthesis
induces microbial calcification through the assimilation of
CO2 and HCO3

−, and the release of OH− from carbon
concentrating mechanisms, as these activities raise the
extracellular pH and increase Ω [9, 14]. This well-known
form of photosynthesis-induced microbial calcification is
involved, e.g., in the formation of stromatolites [8] and
calcifying reef sediments [15].

Reef sediments are home to a diverse range of micro-
algae [16, 17]. Dinoflagellates from the family Symbiodi-
niaceae, hereafter also referred to as symbiodiniaceans, are
best known for their endosymbiotic life histories with
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corals and other marine organisms [18] but they also exist
as free-living cells in the environment [19], especially in
reef sediments [17]. The recent discovery that cultures
of free-living symbiodiniaceans commonly engage in
photosynthesis-induced microbial calcification and pro-
duce microbialites, so-called symbiolites, into which they
embed themselves as endolithic cells, led to the realisation
that these ecologically important microalgae could be
involved in the microbial calcification of reef sediments
and that their life history could involve an autoendolithic
phase [20, 21]. The concept of an autoendolithic symbio-
diniacean life history still awaits verification in the envir-
onment but experimental evidence suggests that the
underlying mechanisms operate under natural conditions
[22] and the existence of an autoendolithic niche would
provide a conceptual framework for the frequently
observed association of free-living symbiodiniaceans with
reef sediments [17, 23].

Evidence for an essential role of bacteria in
symbiodiniacean-induced calcification stems from experi-
ments in which symbiolite formation could be inhibited by
antibiotics and reinstated at an increased rate by introdu-
cing bacterial isolates from calcifying cultures [20]. The
antibiotics treatments also visibly reduced EPS, suggesting
that the symbiolite-producing (SP) and non-symbiolite-
producing (NP) phenotypes could be tied to the production
of bacterial EPS, which are known to strongly influence the
calcification potential of microbial biofilms [7, 10, 13,
24, 25]. Of particular importance in this context could be
acidic polysaccharides (APs), as symbiolites co-localised
with this reactive group of EPS that is known to form ionic
bonds with cations such as Ca2+ and Mg2+ and that is
thought to provide nucleation points for mineral pre-
cipitation [12, 26, 27].

The current study aimed at characterising
symbiodiniacean-associated bacterial communities and the
properties that could underpin their role in symbiolite for-
mation. We conducted a comparative Illumina-based
microbiome study to test if the SP and NP phenotypes of
symbiodiniacean cultures are associated to differences in
their bacterial communities. This diversity study was com-
plemented with (1) composite metagenome inference to
predict differences in community traits and (2) functional
assays to relate algal growth and the production of APs with
calcification dynamics. Further, we characterised the
microbiomes of three strongly calcifying strains before,
during, and after calcification to determine how relative
community composition and inferred community traits
change in relation to culture growth and calcification phase.
Finally, to reach a better understanding of the potential of
different microbiome constituents to produce biofilms and
APs, we assessed these traits in twelve bacterial isolates
from SP cultures.

Materials and methods

Symbiodiniacean strains, culturing conditions, and
sampling

Experiments were conducted with 14 symbiodiniacean
strains, 4 of which were represented by pairs of sister cul-
tures, resulting in a total of 18 distinct cultures. Of these, 11
cultures had a SP phenotype and 7 a NP phenotype
(Table 1). Cultures of 100 mL were grown in f/2 medium
[28] at 26 °C and 130–150 µmol photons m−2 s−1 on a
12 h:12 h light/dark cycle and were monitored daily on an
inverted microscope to identify the first appearance of
symbiolites and other mineral deposits that did not produce
endolithic cells [22]. All cultures, except 362, Mf, and 185,
were sampled after 11–18 days, when SP cultures were in
an actively calcifying phase. Cultures 362, Mf, and 185
were sampled in a pre-calcifying (day 10), actively calci-
fying (day 13), and post-calcifying (day 17–18) state
(Supplementary Fig. S1). For this, whole cultures were
harvested and pelleted at 15,557 g for 10 min at 4 °C. Pellets
were transferred to pre-weighed 1.5-mL reaction tubes,
centrifuged at 13,800 g for 10 min at 4 °C, weighed and
stored at −20 °C.

DNA extraction, sequencing, and bioinformatic
analysis

DNA was extracted using a PowerBiofilm DNA Isolation
Kit (MoBio Laboratories, Carlsbad, CA, USA). Bacterial
16S rDNA hypervariable regions V5–V6–V7 were ampli-
fied using the 799F2 [29] and 1193R [30] primers. A single-
indexed sequencing design with barcode on the forward
primer was applied and libraries were sequenced on an
Illumina MiSeq platform (MrDNA, Shallowater, TX, USA).
Data were demultiplexed and quality filtered using default
settings in QIIME [31]. Dereplication, sorting, and de novo
operational taxonomic unit (OTU) clustering at 97% simi-
larity was performed using VSEARCH [32]. Chimeras were
filtered using the reference-based implementation of
UCHIME [33] within VSEARCH against the SILVA [34]
rDNA database (v132). QIIME was used to assign taxo-
nomies to each OTU, also against the SILVA database
(v132).

Composite metagenome predictions

The functional potential of microbiomes was predicted
using the R [35] package Tax4Fun [36], and Piphillin [37]
(Supplementary Fig. S2), and for the latter a 90% similarity
threshold was used to match OTU sequences against the
Kyoto Encyclopedia of Genes and Genomes (KEGG)
organism database (May 2017 release).
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Assessing culture growth dynamics and AP
production in bacterial–algal biofilms

Cultures were grown in f/2 medium on 96-well plates for
suspension cultures (Sarstedt, Nürnbrecht, Germany) and
were monitored daily on an inverted microscope to identify
the first appearance of symbiolites and other mineral
deposits that did not produce endolithic cells (Supplemen-
tary information). Algal growth was assessed using optical
density at 675 nm (A675) as a relative proxy for cell con-
centration [38]. Every 3 days, triplicate wells were sacri-
ficed to quantify AP content, using an alcian blue staining
[39] and measuring [40] protocol. A xanthan gum standard
curve was produced (Supplementary Fig. S3) as in Claquin
et al. [40] to express AP measurements as xanthan gum
equivalents (µg Xeq).

Quantification of biofilm and AP formation by
bacterial isolates

Eleven previously isolated strains of bacteria (nine
belonging to the phylum Proteobacteria and two from
Bacteroidetes) and one newly isolated strain of Labrenzia
(Table 2) were assayed for their potential to produce APs
and biofilms under static conditions. Bacterial isolates were

pre-cultured in Marine Broth (Difco Laboratories, Detroit,
MI, USA; 48 h at 25 °C and 160 RPM), inoculated on three
96-well plates (Sarstedt) at A600 of 0.05 and grown at 25 °C
for 72 h. One plate (n= 7 wells per strain) was used to
produce A600 growth curves to confirm that all strains
reached stationary phase within 72 h (Supplementary
Fig. S4). The second plate was used to assay biofilm for-
mation (n= 6 wells per strain) using crystal violet [41], and
the third to measure AP production (n= 6 wells per strain)
using the protocols described above.

Statistical analyses

OTU tables were analysed using the R packages Phyloseq
[42] and Vegan [43]. Alpha diversity indices were com-
puted with and without rarefying to determine the effect of
differing library sizes, and the Kruskal–Wallis rank sum test
used to contrast SP vs. NP cultures. Dunn’s Kruskal–Wallis
multiple comparisons tests (with Holms correction) were
used to contrast pre, active, and post-calcifying phases in
each of the three SP cultures sampled in series. As rarefying
did not change the alpha diversity trends, the following
analyses were performed on non-rarefied data [44].

Unconstrained ordination was used to explore differ-
ences in microbial communities and inferred metagenomes.

Table 1 Symbiolite-producing (SP) and non-symbiolite-producing (NP) Symbiodinium sp. and Breviolum sp. cultures.

Culture ITS2 Species Host Location [Reference] or GenBank accession no.

SP cultures

362 A1 Symbiodinium microadriaticum Cassiopea andromeda Gulf of Aquaba [93]

185 A2 Symbiodinium pilosum Zoanthus sociatus Jamaica [93]

Mf A2 Symbiodinium sp. Orbicella faveolata Florida [94]

89 A2 Symbiodinium sp. Gorgonia ventallina Bermuda [95]

107 A2 Symbiodinium sp. Heliopora sp. Enewetak [22]

108 A2 Symbiodinium sp. Heliopora sp. Enewetak [22]

13 B1 Breviolum pseudominutum Aiptasia tagetes Bermuda [96]

RT13 B1 Breviolum pseudominutum Aiptasia tagetes Bermuda [96]

64 B1 Breviolum minutum Cassiopea xamachana Jamaica [96]

RT64 B1 Breviolum minutum Cassiopea xamachana Jamaica [96]

RT146 B1 Breviolum pseudominutum Oculina diffusa Bermuda [96]

NP cultures

379 A4 Symbiodinium linucheae Plexaura homamala Bahamas [95]

Culture X A12 Symbiodinium sp. Unknown Aquarium tank [97]

146 B1 Breviolum pseudominutum Oculina diffusa Bermuda [96]

351 B1 Breviolum minutum Pocillopora damicornis Hawaii [96]

RT351 B1 Breviolum minutum Pocillopora damicornis Hawaii [96]

Aip24B B1 Breviolum sp. Exaiptasia pallida Aquarium tank MN394860

MACPC B1 Breviolum sp. Unknown Aquarium tank MN394859

Culture names, Internal transcribed spacer 2 (ITS2) type designations, species names (if formally described), hosts of origin, geographic location of
isolation, and reference for the molecular genetic identification of the strains. Underlined strains represent those used in time series experiments.
Italicised strains had sister cultures included in this study (e.g., RT64 and 64).
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Counts were converted to proportions and subsequently to a
Bray–Curtis dissimilarity matrix (function distance in Phy-
loseq). Permutational multivariate analysis of variance
(PERMANOVA; adonis function in Vegan) was performed
to test for significant differences. Homogeneity of disper-
sions around group centroids produced from principle
coordinates was assessed using the betadisper function
(Vegan) and was visualised using principal coordinate
analysis. For the comparison of SP vs. NP cultures, we
tested for marginal effects of state (SP and NP) after con-
trolling for the variability attributable to symbiodiniaceae
genera (Symbiodinium vs. Breviolum, see Lawson et al. [45]
for proposed genus-level differences in symbiodiniacean
microbiomes) using the adonis2 function. For the series
data, phase was first tested as a factor (across the whole data
set), and second, permutations of a second test were con-
strained to phase as a nested factor (three levels) within
individual cultures. Differential abundance of OTUs was
tested using the package DESeq2 [46] with the Wald test
and a parametric fit to correct for multiple comparisons and
calculate log2 fold differences. DEseq2 was also applied to
Piphillin outputs and differential abundance tests of the
Tax4Fun output were analysed with multtest [47].

Relationships between AP content and chlorophyll a
(in vivo A675) content of the bacterial–algal biofilms were
examined with a linear model and goodness of fit para-
meters were assessed.

Raw data and scripts to reproduce these analyses are
available in the open access repositories Figshare (https://doi.
org/10.6084/m9.figshare.9782399; https://doi.org/10.6084/
m9.figshare.9782402; https://doi.org/10.6084/m9.figshare.
9782405) and GitHub (https://github.com/nitschkematthew/
Symbiodinium-bacteria-interactions), respectively.

Results

Taxonomic and functional diversity of SP vs. NP
cultures

Illumina sequencing yielded 4.07 × 106 high quality 16S
rRNA sequences, which clustered into 221 OTUs at 97%
similarity. The microbiomes of SP and NP cultures were
significantly dissimilar, with differences in dispersion around
SP and NP centroids, and did not vary significantly between
the genera Symbiodinium and Breviolum (Fig. 1a and Sup-
plementary Table S1). Both OTU richness and the Inverse
Simpson index were lower in SP than in NP cultures but only
richness (138 ± 0.67 vs. 149 ± 3.91 OTUs, respectively) dif-
fered significantly (Supplementary Fig. S5 and Supplemen-
tary Table S2). This difference in richness was reflected in
the SP-specific vs. the NP-specific core microbiomes, where
only five OTUs were specific to the SP-core, while 35 OTUs
were specific to the NP-core (Supplementary Table S3).

OTUs were assigned to four bacterial phyla (Supple-
mentary Fig. S6). Proteobacteria were dominant (>50%) in
all SP and most NP cultures. Bacteroidetes were sig-
nificantly more abundant in NP cultures (30.67% vs.
11.94%), while Planctomycetes were significantly more
abundant in SP cultures (14.05% vs. 4.37%), a trend driven
by a single clade (SM1A02) in the family Phycisphaeraceae
(order Phycisphaerales) (Fig. 1 and Supplementary
Table S4). The only NP culture to contain Planctomycetes
at abundances comparable to SP cultures was MACPC, but
OTUs were mainly assigned to the order Planctomycetales.
Actinobacteria occurred mostly at background-levels
(0.01–0.47%), with notable abundances only in SP cul-
tures RT146 (4.34%) and RT64 (6.87%).

Table 2 Bacterial isolates from symbiodiniacean cultures.

Strain Phylum Order Family Species Accession Strain of origin (ITS2 type)

362B Proteobacteria Alteromonadales Alteromonadaceae Marinobacter salsuginis KP645213 362 (A1)

203A Proteobacteria Alteromonadales Alteromonadaceae Marinobacter salsuginis KP645210 203 (C2)

97B Proteobacteria Alteromonadales Alteromonadaceae Marinobacter salsuginis KP645206 97 (A2)

370 Proteobacteria Alteromonadales Alteromonadaceae Marinobacter adhaerens KP645214 370 (A1)

154 Proteobacteria Alteromonadales Alteromonadaceae Marinobacter adhaerens KP645209 154 (A2)

97A Bacteroidetes Flavobacteriales Flavobacteriaceae Muricauda aquimarina KP645205 97 (A2)

362A Bacteroidetes Flavobacteriales Flavobacteriaceae Muricauda aquimarina KP645212 362 (A1)

Sym1 Proteobacteria Oceanospirillales Oceanospirillaceae Neptumonas phycophila KM591221 12 (B1)

Sym2 Proteobacteria Alteromonadales Pseudoalteromonadaceae Pseudoalteromonas atlantica KP645203 12 (B1)

74 Proteobacteria Alteromonadales Alteromonadaceae Alteromonas macleodii KP645204 74 (B1)

203B Proteobacteria Rhodospirillales Rhodospirillaceae Thalassospira permensis KP645211 203 (C2)

RT13P1 Proteobacteria Rhodobacterales Rhodobacteraceae Labrenzia alexandrii MN395029 RT13 (B1)

List of bacterial strains used in this study, including their taxonomic affiliation, GenBank accession numbers, and the Symbiodiniaceae strain of
origin (ITS2 type). The Labrenzia alexandrii strain RT13P1 was isolated during the present study. All other strains were isolated previously from
cultures in Frommlet et al. [20].
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SP and NP cultures differed significantly in the relative
abundances of 14 families and 23 genera (Fig. 1b and
Supplementary Table S4). The genus Labrenzia was highly
abundant (Supplementary Fig. S7, 68% in SP culture 89)
and constituted a study-wide core microbiome member
(Supplementary Table S3). The genus Marinobacter,
another core member of all cultures, was significantly more
abundant in SP strains, whereas the NS3a marine group,
Aquibacter, and Winogradskyella (Flavobacteriaceae), were
significantly more abundant in NP strains. Of particular note
are the sister cultures RT146 and 146 because despite being
the same clonal Breviolum pseudominutum isolate, Wino-
gradskyella was abundant in NP 146 (22.18%) but
accounted for <0.01% in SP RT146. The only other culture
containing Winogradskyella at a relatively high abundance
was NP culture Aip24B (3.22%).

Composite metagenomes inferred using Tax4Fun and
Piphillin resulted in 5644 and 4809 predicted KEGG
orthologs (KOs) across 265 and 295 metabolic pathways,
respectively, with Tax4Fun predicting a significant separa-
tion of SP vs. NP compared with Piphillin (Supplementary
Fig. S8 and Supplementary Tables S5 and S6). Despite
differences in prediction depth, both methods indicate that
SP metagenomes were significantly enriched in KOs related

to (1) biofilm formation, (2) bacterial chemotaxis, and (3)
the phosphotransferase system (PTS), responsible for the
uptake of carbohydrates such as glucose and mannose
(Supplementary Fig. S8). SP metagenomes were also
inferred as significantly enriched by Tax4Fun in side-
rophore biosynthesis and by Piphillin in flagellar assembly.
Of 37 peptidase and 19 DNase orthologs inferred as dif-
ferentially abundant, 30 and 14, respectively, were of
greater abundance in NP cultures (Supplementary Fig. S9).
Full Tax4Fun and Piphillin outputs are available as Sup-
plementary Tables S7 and S8.

Microbiome succession in SP cultures

SP cultures 185, 362, and Mf showed progressive com-
munity shifts as they transitioned through pre, active, and
post-calcifying phases (Fig. 2a and Supplementary
Tables S9, S10). The test for study-wide differences in
phase was not significant, likely due to the larger distances
between culture microbiomes than within-culture phases
(Supplementary Table S9). However, after constraining to
within-culture permutations, the effect of phase was sig-
nificant (Fig. 2a, Supplementary Table S9, F= 21.31, R2=
0.09, P= 0.001). Succession was driven by changes in

Fig. 1 Unconstrained ordination of OTUs and differential abun-
dance of bacterial families in SP and NP cultures. Principal coor-
dinate analysis (a) of a Bray–Curtis dissimilarity matrix of all OTUs
for SP (green symbols) and NP (red symbols) symbiodiniacean cul-
tures belonging to the genera Symbiodinium (circles) and Breviolum

(triangles). Centroids (white squares) are connected to points via lines.
Significant Log2 fold differences (b) indicating which OTUs (sum-
marised at the family taxonomic level) are of greater abundance in NP
(negative Log2 values) and SP (positive Log2 values) cultures.

Role of bacteria in symbiolite formation



community evenness rather than richness (Supplementary
Fig. S10) and four core taxa, Marinobacter, SM1A02,
Nitratireductor, and BD1-7 clade, exhibited temporal
changes independent of culture identity (Fig. 2b). Other
changes were more strain-specific and involved less abun-
dant OTUs (Supplementary Fig. S11). Composite meta-
genomes also reorganised significantly from phase to phase
(Supplementary Fig. S12 and Supplementary Tables S11
and S12). A major trend, independent of inference method,
was that actively calcifying and post-calcifying metagen-
omes were more similar to each other than to the pre-
calcifying metagenomes.

AP accumulation in SP vs. NP cultures

Most SP and NP cultures exhibited typical sigmoidal A675

batch culture growth curves, reaching their carrying capa-
cities within 14–17 days (Fig. 3, Supplementary Fig. S13).
Cultures 13, 108, 185, Mf, and Culture X exhibited strong
positive linear relationships (R2 > 0.9) between A675 and
AP. The remaining cultures had either weak linear (R2 <
0.5), or clear non-linear relationships due to late accumu-
lation of APs (Supplementary Fig. S14 and linear model
estimates in Supplementary Tables S13, S14). Furthermore,
cultures 13, 64, RT64, 89, 108, RT146, 185, 146, and
351 showed bi-phasic AP accumulation, where after a first
increase until day 7–9, AP-concentrations dropped slightly
around day 9–13, before entering a second period of AP

production (Fig. 3 and Supplementary Fig. S13). Typically,
SP cultures became calcifying when A675 reached OD=
0.06–0.11 and AP 10.69–14.05 µg Xeq. The fast AP pro-
ducer Mf calcified earliest, with all replicates producing
symbiolites on day 9. All other SP cultures became calci-
fying between day 9–13, except RT13, which was delayed
in both AP production and calcification compared with its
sister strain (Fig. 3 and Supplementary Fig. S13). Sym-
biolites and APs co-localised in all tested cultures (Fig. 3
and Supplementary Fig. S15). Culture 146, despite near-
identical A675 and AP values to its sister culture during the
first phase, subsequently failed to accumulate comparable
AP content and failed to calcify (Fig. 3). Besides, qualita-
tive observations during microscopic monitoring of RT146
and 146 also revealed contrasting biofilm phenotypes, with
thin-layered, surface-bound biofilms in the SP culture
compared with loosely attached, three-dimensional aggre-
gates in the NP culture (Supplementary Fig. S16).

Biofilm and AP production in bacterial isolates

Bacterial isolates exhibited clear differences in biofilm and
AP formation (Fig. 4). Thalassospira permensis formed the
least amount of biofilm of all strains (A588= 0.46 ± 0.04).
Marinobacter salsuginis and Pseudoalteromonas atlantica
formed large quantities of biofilm (up to A588= 1.83 ± 0.06)
with high AP content (up to 58.49 ± 5.21 µg Xeq), whereas
Labrenzia alexandrii produced large quantities of biofilm

Fig. 2 Succession of microbial communities as SP cultures age and
calcify. Principal coordinate analysis (a) of a Bray–Curtis dissimilarity
matrix of all prokaryotic OTUs for SP strains 185 (triangles), 362
(circles), and Mf (squares) at the pre-calcifying stage (grey symbols),
actively calcifying stage (green symbols), and post-calcifying stage
(red symbols). The centroids of each of these stages, pooling each

phase across strains (n= 9), are indicated by the convergence of
matching coloured lines. Statistical outputs of the nested adonis
(Supplementary Table S9) are indicated in the bottom left. OTUs
summarised at the genus level (b) that exhibit temporal dynamics in all
three SP strains (n= 9 at each time point).
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(A588= 1.80 ± 0.05) but the lowest AP content of all strains
at 4.34 ± 0.12 µg Xeq. Strains of the same species exhibited
variability in biofilm formation and AP content. For
example, M. salsuginis strains varied 2-fold in biofilm and
2.5-fold in AP production, and biofilms of Muricauda
aquamarina strains 97A and 362A differed in AP content
(36.389 ± 3.68 and 7.06 ± 1.24 µg Xeq, respectively).

Discussion

Symbiodiniacean microbiomes in culture

The studied microbiomes were composed of four com-
mon marine bacterial phyla [48, 49]. Proteobacteria and
Bacteroidetes, the two most abundant phyla, are ubiqui-
tous members of marine bacterioplankton that were found
to dominate symbiodiniacean microbiomes before [45].
This earlier study identified Marinobacter, the purple

sulfur bacteria family Chromatiaceae, and Labrenzia as
core members of the symbiodiniacean microbiome; a
combination of taxa known as biocathode MCL com-
munity [50]. We did not detect Chromatiaceae but Mar-
inobacter and Labrenzia were study-wide core members,
as were an additional 25 bacterial genera/clades, 8 of
which had not been found previously in association with
symbiodiniaceans [45] and 7 uncultured taxa, from 7
different families (Supplementary Table S3). In part,
these differences can be due to the different genetic
markers that were targeted. However, the fact that
microbiomes of sister cultures of the same algal strain
also differed significantly within our study indicates that
symbiodiniaceans associate with a wide range of bacteria
and that communities are likely to diverge from their
ancestral state over time. Hence, the full range of bacteria
that can associate with symbiodiniacean cultures and
influence emergent properties such as symbiolite forma-
tion is probably not yet characterised.

Fig. 3 Co-localisation of APs and symbiolites and AP production
during culture growth. a A symbiolite (left) in SP culture 185 with
endolithic cells, and the same view following alcian blue staining of
acidic polysaccharides (right), showing clear co-localisation of AP
patches with symbiolites. Symbiolite mineral phase is digested during
staining. Scale bar= 40 µm. b Chlorophyll a content (left vertical axis,

green symbols) of sister strains, measured as optical density (OD) at
675 nm, and acidic polysaccharide content (right vertical axis, blue
symbols) of culture biofilms, presented as μg xanthan gum equivalents.
Grey areas represent the time window of calcification onset, where at
least two of three replicates had begun producing symbiolites. Values
represent means (n= 3). Error bars represent SE.
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Compositional and functional differences of SP vs.
NP microbiomes

Our study revealed that SP and NP microbiomes differed
significantly in the abundance of 23 bacterial genera, 14
families, and 2 phyla, providing first comprehensive evi-
dence for the importance of distinct microbiome con-
stituents in the formation of symbiolites.

At the phylum level, SP cultures contained an abundance
of Planctomycetes, which are known for their association
with particles and surfaces in aquatic environments and for
their affiliation with micro- and macro-algae, which provide
them with sulphated polysaccharides as carbon sources
[51]. Planctomycetes have been shown to increase in
abundance during blooms of diatoms, cyanobacteria, and
dinoflagellates [52, 53] and they are commonly enriched in
microbial mats, biofilms and calcifying microbial systems,
including stromatolites [54, 55], ooids [56], and other forms
of microbialites [57]. However, as discussed by Diaz et al.
[56], natural calcifying communities are often too complex
and metabolically redundant to allow for a clear deduction
of functional contributions to mineral precipitation by spe-
cific taxonomic groups. Symbiodiniacean cultures provide a
rare opportunity to overcome this limitation because their
SP and NP phenotypes are linked to distinct differences in
bacterial microbiome structure. Hence, the prevalence of
Planctomycetes in SP cultures, represented by a single clade

(SM1A02) within the family Phycisphaeraceae, suggests
that the SM1A02 clade could have an actual function in
producing symbiolites.

The SM1A02 clade is thought to comprise important
degraders of particulate and high-molecular weight organic
matter in permeable surface sediments [58, 59], which
means that this clade could support symbiolite formation
through its impact on the bacterial–algal biofilm structure.
Furthermore, the fact that high permeability and high rates
of remineralization are characteristic features of reef sedi-
ments [60]; a habitat that constitutes a hotspot for free-
living symbiodiniaceans [61], combined with the knowl-
edge that the resulting high primary productivity induces a
calcification process in reef sediments that is analogous to
symbiolite formation in vitro [15, 22], provide further clues
for a connection between the SM1A02 clade and micro-
bially induced calcification.

At the family level, the high-relative abundance of
Chitinophagaceae (Bacteroidetes) and of Halieaceae and
Marinobacteraceae (Gammaproteobacteria) in SP cultures
suggests that these bacteria could also have a functional role
in symbiolite formation. Functional features that could be
relevant in this context and which are further discussed
below include: (1) the capacity of chitinophagaceans to
digest cellulose [62], a constituent of dinoflagellate cell
walls [63], which points at a function similar to that of the
Planctomycetes; (2) the capacity of halieaceans, such as the
core microbiome clade OM60(NOR5), of aerobic photo-
heterotrophy [64, 65], similar to Labrenzia [66]; and (3) the
propensity of marinobacteraceans to produce biofilms [67].

Members of the phylum Bacteroidetes, which were sig-
nificantly more abundant in NP cultures, also commonly
associate with phytoplankton cells and particulates of algal
origin [68] and metabolise complex polymers [69]. Their
genomes reflect this by featuring a general enrichment of
proteases, glycosidases, and polysaccharide binding
domains [49], which could explain the enrichment of pep-
tidase and nuclease orthologs in NP metagenomes. The
Bacteroidetes family with the highest differential abundance
in NP cultures, the Rhodothermaceae, is not well enough
studied to infer whether it represents these phylum-level
features [70] and the Cryomorphaceae are not known to
degrade complex organic matter [71]. However, the Fla-
vobacteriaceae and the Cytophagales families Amoebophi-
liaceae and Cyclobacteriaceae are typical representatives of
the Bacteroidetes and they share their potential to utilise
macromolecules with the most differentially abundant
family in NP cultures, the Nannocystaceae (deltaproteo-
bacteria) [72].

The fact that the most differentially abundant taxa all
degrade high-molecular weight polymers suggests that
SP and NP phenotypes could result directly from the
outcome of resource competition between these taxa and

Fig. 4 Biofilm formation and AP production by bacterial isolates.
Biofilm formation, presented as absorbance of solubilized crystal
violet at 588 nm (horizontal axis), and acidic polysaccharide content of
biofilms, presented as μg xanthan gum equivalents (vertical axis), in 12
monoclonal bacterial isolates (symbols). Species are indicated by
symbol colour and annotated according to strain. Values represent
means (n= 6). Error bars represent SE.
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consequently, how the EPS matrix is modified and how it
influences mineralisation [10, 73]. The surface-attached,
thin-layered biofilms of RT146 and its SP phenotype vs. the
loosely structured biofilms of its NP sister culture 146 could
be a manifestation of such differences in EPS modification
(Supplementary Fig. S16), in this case likely caused by the
high-relative abundance of Winogradskyella (Flavobacter-
iaceae) in culture 146, as Winogradskyella sp. extracts are
known to inhibit biofilm production [74].

Evidence for a strong potential of symbiodiniacean-
associated bacterial communities to produce substrate for
EPS digesters stems from (1) the presence of known biofilm
producers such as Marinobacter [67], (2) the significant
enrichment of orthologs related to biofilm formation in SP
metagenome predictions, and (3) the high levels of biofilm
formation by bacterial isolates from these communities.
Considering the crucial role of EPS in mineralising micro-
bial systems [10], this propensity to produce EPS must lay
an important foundation for the formation of symbiolites
[22].

Another feature of SP metagenomes was an enrichment
in orthologs of the PTS, containing fructose, glucose,
mannose, mannitol, and cellobiose components. This sug-
gests that SP communities might be adapted to utilise
simple sugars, the source of which could be symbiodinia-
ceans, as these microalgae are well-known for their poten-
tial to exude sugars and other small molecules when in
hospite with cnidarian hosts [75]. Endozoicomonas, a genus
commonly found within coral holobionts, have expanded
PTS genes specific for cellobiose [76], a sugar component
of algal cell walls, suggesting that specific sugar-transport
systems may be diagnostic of a symbiodiniacean-associated
niche. Beyond a direct role in carbon metabolism, the PTS
system also regulates cellular functions, such as chemotaxis
[77] and biofilm formation [78]. Mannitol release from algal
mats, for example, is hypothesised to induce biofilm for-
mation in Vibrio spp., where the sensing of mannitol by the
PTS system induces a switch to biofilm synthesis at the
transcriptional level [78]. This, combined with an abun-
dance of biofilm synthesis orthologs, may thus predispose
SP microbiomes to use the release of sugars from symbio-
diniaceans as a cue for settlement and EPS production,
ultimately facilitating calcification.

Microbiome successions in SP cultures

Temporal changes in SP microbiomes indicate that the
community composition during the actively calcifying
phase formed part of a continuous development from
young, pre-calcifying to older, post-calcifying commu-
nities. Actively calcifying communities were more similar
to post-calcifying than to pre-calcifying communities,
which is consistent with earlier results that showed that

symbiodiniacean cultures enter the calcifying phase during
late stages of batch culture growth [22]. The significant
decrease of Marinobacter and increase of SMA1A02 in all
cultures over the course of the three calcification stages
indicates that communities shifted from EPS production
[67] to EPS consumption [58] and secondary production
processes [71]. Furthermore, the decrease of the BD1-7
clade and the increase of the Nitratireductor over time,
indicate a shift from organically poor pre-calcifying to
organically rich post-calcifying cultures, as (1) BD1-7 and
other Cellvibrionales are adapted to grow under oligo-
trophic conditions and many are mixotrophic, using light
as an alternative energy source [65], and (2) Nitratir-
eductor and other Phyllobacteriaceae are indicators of
nutrient rich habitats [79]. The fact that study-wide core
microbiome members such as Owenweeksia and
Mf105b01, which were significantly more abundant in NP
cultures, also increased over time in certain SP cultures,
further supports the concept that the NP and SP phenotypes
are not primarily the result of fundamentally different
microbiomes but are rather related to relative differences in
microbiome composition.

Importance of APs in symbiolite formation

The reversible metal-binding properties of APs play an
important role in microbial calcification, as they either
inhibit or promote mineral nucleation, depending on the
EPS microstructure [12, 26, 73]. Earlier work on SP bio-
films revealed a patchy AP distribution that co-localised
with symbiolites [20]. The current study corroborated this
observation in three additional strains (Supplementary
Fig. S15), affirming that AP must play an important role in
symbiodiniacean-induced calcification. The observed non-
linear AP production dynamics (Supplementary Fig. S14)
and the fact that AP patches did not match the compara-
tively uniform distribution of algal cells in the biofilm
(Fig. 3 and Supplementary Fig. S15) further suggest that
bacteria are the main AP producers in the studied
bacterial–algal co-cultures [40]. Therefore, the patchy AP
distribution could be due to (1) a patchiness of bacterial
communities, either established stochastically, or through
chemotactic community assembly processes, as SP meta-
genomes were enriched in chemotaxis and flagellar
assembly orthologs, or (2) reflects functional dependencies
between bacterial groups.

Remarkably, the size and shape of AP patches precisely
matched that of the associated symbiolites. This suggests
that either symbiolite size and shape is controlled by AP
production, but without AP production being influenced by
symbiolite formation, or alternatively, that the interaction is
reciprocal, in that symbiolite formation itself or the driving
forces underlying the process, create a microenvironment
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that is conducive to, or even forces bacteria to produce more
AP. The latter mechanism could be linked to the hyper-
alkaline state that photosynthesis-induced carbonate pre-
cipitation is based on [14], as alkalitolerant bacteria have
been shown to survive pH stress by buffering their local
microenvironment via the production of EPS flocs that
contain acidic functional groups [80]. Finally, the con-
gruence of AP patches and symbiolites may be further
preserved when AP become entombed between growth
laminae, similar to organics within ooids [81, 82].

Quantitative measurements confirmed the importance of
APs, as SP cultures had produced 10.69–14.05 µg Xeq
when calcification occurred, whereas NP cultures generally
remained below these values. Sister cultures RT146 and 146
exemplify this difference well, with the SP culture RT146
producing more APs than its NP sister culture, which is
likely related to heterotrophic breakdown of APs by the
high proportion of Bacteroidetes in the latter. However,
symbiolite formation cannot simply be a function of AP
concentrations either, as Culture X reached amongst the
highest levels of APs yet failed to produce symbiolites. As
the formation of non-motile, vegetative cells are thought to
play a decisive role in establishing bacterial–algal biofilms
that produce symbiolites [22], this NP phenotype, despite
high levels of APs, could be related to the fact that motility
patterns of symbiodiniacean strains vary [83]. Interestingly,
Culture X occasionally produced small mineral deposits that
did not incorporate cells, i.e., did not form functional
symbiolites (Supplementary Fig. S17). This phenotype
could potentially emerge from an excess of AP nucleation
points relative to the amount of non-motile, vegetative cells
and suggests that symbiolite formation probably requires a
balance between photosynthesis-induced changes in Ω and
the number of AP nucleation sites.

Bacterial isolates from SP communities clearly varied in
their potential to produce biofilms and APs. Particularly
noteworthy are Marinobacter and Labrenzia isolates, as
these genera were among the most abundant OTUs across
all cultures and isolates of both genera produced high
amounts of biofilm, while only Marinobacter spp. produced
significant quantities of APs. These genera may thus
represent different roles in symbiolite formation: both pro-
ducing an EPS scaffold, but only Marinobacter producing
nucleation points for mineral precipitation. Nevertheless,
the role of Marinobacter spp. in symbiolite formation is
probably more complex, as not all strains of this genus
produced equally large quantities of APs and because M.
salsuginis is also known for its algicidal compounds [84].
Another well-known producer of EPS [85] and APs [86] is
P. atlantica, which could explain that our strain of this
bacterium was foremost in combining these two traits and
that it effectively promoted symbiolite formation in an
earlier study [20].

SP in vitro communities vs. calcifying communities
in nature

Microbially induced calcification is driven by the net-
metabolic activity of a community on Ω [11]. Often, calci-
fying communities are organised as mats that are vertically
structured into 5–7 functional groups [87, 88]. The studied
SP communities harboured only three of these groups:
phototrophs, aerobic heterotrophs, and anoxygenic photo-
trophs, the latter being represented by aerobic anoxygenic
phototrophs (AAPs), not by the typical purple and green
sulfur bacteria. The communities lacked obligate fermenters
and obligate anaerobic heterotrophs like sulfate reducers/
oxidisers. Thus, the role of fermenters in breaking down
complex organics into substrates for SRBs and of the latter
in inducing mineral precipitation by raising Ω [87] are
evidently not required for the formation of symbiolites
in vitro. Aerobic heterotrophs and AAPs are also not likely
to contribute to the metabolic induction of symbiolite for-
mation, as heterotrophy decreases Ω. Hence, our study
consolidates the view that symbiolite formation is induced
by symbiodiniacean photosynthesis and that bacteria sup-
port symbiolite formation through their production and
modification of EPS components (Fig. 5) [20, 22]. To what
extent AAPs and other bacteria that were common in both
SP and NP cultures contribute to the production of
symbiolite-promoting EPS components cannot be answered
yet but the high level of biofilm production by isolate
RT13P1 hints at a strong potential of AAPs in producing
EPS under oligotrophic conditions.

Also noteworthy is that the close spatial proximity of
photoautotrophic and heterotrophic microorganisms in the
thin SP biofilms, which can prevent mineral precipitation in
natural systems [11], does evidently not prevent symbiolite
formation. The fact that SP communities lack obligate fer-
menters and SOBs, two functional groups that decrease Ω,
could constitute an important community feature to achieve
net calcification. Whether analogues of SP communities in
nature would reflect this low functional complexity awaits
testing in the field. However, independent of this open
question, SP and NP cultures in themselves provide a
unique in vitro model to study how single clones of
eukaryotic phototrophs and bacterial communities of low
functional complexity achieve microbially induced calcifi-
cation. To further elucidate the role of biofilm modification
in symbiolite formation, SP cultures could be treated with
exogenous peptidases or DNAses [89], or NP cultures could
be treated with protease or DNAse inhibitors [90] to
potentially invert their phenotypes (Fig. 5), and the metal-
binding properties of biofilms could be quantified through
the use of mass spectrometry [91]. Also, we envisage that
through the generation of axenic symbiodiniacean cultures
and improved bacterial culturing techniques this model
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system can reach a state where bacterial strains can be
added in a modular fashion to create calcifying and non-
calcifying communities of varying complexity.
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