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Abstract
Osteoarthritis (OA) is a leading cause of chronic disability whose mechanism of pathogenesis is largely elusive. Local
inflammation is thought to play a key role in OA progression, especially in injury-associated OA. While multiple
inflammatory cytokines are detected, the timing and extent of overall inflammatory activities in early OA and the manner by
which joint inflammation correlates with cartilage structural damage are still unclear. We induced OA via destabilization of
the medial meniscus (DMM) in NFκB luciferase reporter mice, whose bioluminescent signal reflects the activity of NFκB, a
central mediator of inflammation. Bioluminescence imaging data showed that DMM and sham control joints had a similar
surge of inflammation at 1-week post-surgery, but the DMM joint exhibited a delay in resolution of inflammation in
subsequent weeks. A similar trend was observed with synovitis, which we found to be mainly driven by synovial cell density
and inflammatory infiltration rather than synovial lining thickness. Interestingly, an association between synovitis and
collagen structural damage was observed in early OA. Using Second Harmonic Generation (SHG) imaging, we analyzed
collagen fiber organization in articular cartilage. Zonal differences in collagen fiber thickness and organization were
observed as soon as OA initiated after DMM surgery, and persisted over time. Even at 1-week post-surgery, the DMM joint
showed a decrease in collagen fiber thickness in the deep zone and an increase in collagen fiber disorganization in the
superficial zone. Since we were able detect and quantify collagen structural changes very early in OA development by SHG
imaging, we concluded that SHG imaging is a highly sensitive tool to evaluate pathological changes in OA. In summary, this
study uncovered a dynamic profile of inflammation and joint cartilage damage during OA initiation and development,
providing novel insights into OA pathology.

Introduction

Osteoarthritis (OA) is a widespread debilitating disease that
has no cure [1–3]. OA is characterized by joint cartilage
destruction and loss of cartilage matrix, as well as patho-
logical changes of other joint tissues, such as synovial
inflammation and subchondral bone sclerosis [4, 5]. Current
treatments generally rely on symptom relief, rather than
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disease modification. To design strategies to slow down
OA, it is important to understand the mechanisms that
underlie the initiation and progression of this disease.
However, pathological changes in early stages of OA tend
to be subtle and often elude investigation. In recent years,
some of these changes have been discovered with the use of
advanced imaging technologies [6]. For example, fibrilla-
tion of the cartilage surface that was not visible by eye
could be observed using optical coherence tomography, and
alterations in mechanical properties were discovered using
atomic force microscopy (AFM) [7–10]. Additionally, loss
of glycosaminoglycan (GAG) content and water retention
could be detected by AFM or magnetic resonance imaging
and Fourier transformed infrared imaging [11–13]. Quan-
titative polarized light microscopy has been employed to
visualize collagen, taking advantage of collagen’s birefrin-
gence [7, 14–17]. However, collagen structural changes in
early stages of OA have not been systematically investi-
gated, even though collagen is a key component of the
cartilage matrix.

Parallel to structural alterations, biochemical changes
take place in early OA [18–20]. One such aspect of bio-
chemical change is inflammation, which is especially pro-
nounced in injury-induced OA [9, 21]. Inflammation has
been associated with pathological changes in the extra-
cellular matrix in many diseases causing extracellular
matrix (ECM) remodeling, including fibrosis and matrix
degradation [22–25]. In cartilage, pro-inflammatory cyto-
kines, such as IL-1β and TNFα, can initiate a cascade of
catabolic events [26]. A key step in this cascade involves
the activation of the nuclear factor kappa B (NFκB) path-
way. NFκB subsequently induces the expression of cata-
bolic genes, such as matrix metalloproteinases (MMPs).
These MMPs cleave cartilage ECM components, causing
cartilage destruction and OA [27, 28]. On the other hand,
cytokines known to have anti-inflammatory activities, such
as IL-10 and IL-1Ra, are also induced following joint injury
[29–32]. The overall inflammatory activity from these sti-
muli during the course of early OA development and the
effects on joint pathology are still not clearly understood.

In this study, we employed two imaging tools to inves-
tigate early inflammatory and collagen changes in the joint
of a widely used mouse experimental OA model, the
destabilization of the medial meniscus (DMM). We tracked
the activity of NFκB, a key mediator of inflammation [33],
through live bioluminescence imaging of luciferase
activity in NFκB reporter mice during early OA develop-
ment. In addition to evaluating synovial inflammation and
cartilage GAG loss, we also studied collagen fiber structural
changes by Second Harmonic Generation (SHG) imaging, a
powerful two-photon imaging technique ideal for imaging
of non-centrosymmetric molecules such as collagen
fibers [34–36]. SHG imaging allows for high-resolution

assessment of several collagen fiber properties, including
thickness and orientation [34, 37, 38]. It involves the
simultaneous interaction of two photons with a molecule,
leading to the scattering of a single photon that possesses
twice the energy, and therefore, half the wavelength, of the
incident photons. This is a coherent process, which requires
that the scattering molecule lacks a center of symmetry for
net second harmonic signal generation. This is the reason
for which collagen fibers are specific sources of particularly
strong SHG signal in cartilage ECM. By using biolumi-
nescence and SHG imaging in this study, we observed a
dynamic change of NFκB activity and synovial inflamma-
tion, as well as distinct zonal alteration of collagen orga-
nization in articular cartilage in the early stages of OA
development.

Materials and methods

Experimental animals

All animal care and experimental procedures were approved
by the Institutional Animal Care and Use Committee at
Tufts University (B2016-177). Mice were caged under
standard light-dark cage conditions. The NFκB (Balb/C)
reporter mouse NFκB-RE-luc, consisting of 6 NFκB
response elements, was purchased from Taconic (NY,
USA). Destabilization of the medial meniscus (DMM)
surgery was performed on 8-week-old male mice according
to established protocol [39–41]. Briefly, the right knee joint
was opened along the medial border of the patellar ligament
and the medial meniscotibial ligament was severed. The left
knee joint received a sham surgery, in which the ligament
was exposed, but not severed.

In vivo NFκB bioluminescence imaging

To visualize NFκB bioluminescence, the mouse knee (i.e.,
stifle joint) was shaved and a skin incision was created.
Mice were serially imaged using the Xenogen IVIS 200
Biophotonic Imager (PerkinElmer) at the same hour of the
day at 1, 3, 7, 11, 13, 15, 17, and 19-weeks post-surgery
with 3–4 mice per time point. Before each imaging session,
a baseline bioluminescent signal was measured. Then, 50 ng
of Luciferin (Goldbio) was intra-articularly injected through
the patellar ligament with a 30-gauge needle, and another
bioluminescent image was acquired 5 min later. As controls,
non-surgery age-matched mice were also imaged. Signal
intensity was quantified using Living Image (PerkinElmer).
A region of interest was drawn over each knee and the mean
signal radiance was measured. The pre-injection signal was
subtracted as background from the signal detected following
luciferin injection.
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Histological analysis

Isolated knee joints were fixed in 4% paraformaldehyde
overnight and then decalcified in 10% EDTA. Samples were
embedded in paraffin and sagittally sectioned at 5 μm
thickness. Sections were stained with 0.1% Safranin O
(Sigma-Aldrich) to assess glycosaminoglycan (GAG) content
and counterstained with Gill’s hematoxylin (Ricca Chemical
Company) and 0.02% Fast Green (Sigma-Aldrich). Articular
cartilage damage was blindly scored using a modified
Mankin system to account for Safranin O staining loss and
articular cartilage structural damage [42–44]. With respect to
Safranin O staining loss, a score of 0 indicates no staining
loss. Scores of 1 to 6 indicate partial staining loss in varying
areas of cartilage, while scores 7 to 12 indicate complete loss
of staining in varying percentage areas of cartilage. With
respect to cartilage structural damage, a score of 1 to 6
indicates minor damage of the structure in less than half of
the articular surface in varying percentage areas of cartilage
(less than or greater than ½ of the cartilage surface, less than
or greater than ½ of the cartilage depth), while higher scores
(i.e., 7 to 12) indicate severe and widespread damage of the
structure [42, 44]. Then scores of cartilage matrix loss and
structural damage were added. While tidemark duplication,
fibrocartilage, chondrocyte clones, hypertrophic chondrocyte,
and subchondral bone changes are all part of OA pathology,
these features were less obvious in our time frame of study
[42, 44]. Thus, OA score was mainly driven by Safranin O
and articular cartilage damage scores. Synovitis severity in
the anterior and posterior parts of the joint was determined
following established methods, in which factors contributing
to synovitis (resident cell density, inflammatory cell infil-
trates, and synovial lining thickness) were each assigned a
specific point from 0 to 3, with 3 being the most severe [45,
46]. The sum of all three categories was calculated as the
total synovitis score.

Immunohistochemistry (IHC) for collagen I, collagen II,
collagen X, and macrophages (F4/80) was performed on
serial sections from the same joints used for Safranin O
staining [40, 46, 47]. For antibodies used and antigen
retrieval methods, refer to Supplemental Table 1. The per-
centage of F4/80(+) cells in the inner synovial lining (3–4
layers) were scored blindly and quantified (ImageJ, NIH).
Sections without primary antibody incubation served as
negative controls for staining.

Light microscopy

Bright field or fluorescent images were taken on an Olym-
pus IX-71 microscope, using the Olympus DP70 or DP80
digital cameras. The optical parameters and camera expo-
sure time were kept constant among samples of the same
experiment.

Second harmonic generation (SHG) imaging and
two-photon excited fluorescence (TPEF) imaging

Joints were embedded in OCT without fixation or dec-
alcification, and cryo-sectioned at 40μm thickness. Sections
were collected with cryofilm type-IIc-[10] (Section-Lab Co,
Japan) to preserve tissue integrity. Sections were rehydrated
for 15 min in PBS before imaging. SHG and TPEF imaging
were performed at the same time using a Leica TCS SP2
confocal microscope equipped with a tunable (710–920 nm)
titanium-sapphire laser (Mai Tai; Spectra Physics). For both
imaging procedures, an excitation of 800 nm was used. For
SHG imaging, photons emitted at 400 ± 10 nm were
detected using a non-descanned photomultiplier tube
detector. Endogenous TPEF emitted by chondrocytes was
detected at 525 ± 25 nm [48–52]. A water-immersion 63x
objective (NA 1.2; 220 μm working distance) was used for
articular cartilage imaging. Both forward and backward
SHG signals were collected for analysis in MATLAB.

Each SHG cartilage image was separated into the
superficial, transitional, and radial zones. These zones were
delineated based on the following well-established notion:
in the superficial zone, fibers and the long axis of chon-
drocytes lie parallel to the articular surface; in the radial
zone, fibers and the long axis of chondrocytes lie perpen-
dicular to the articular surface; in the transitional zone,
fibers are sinusoidal [53–56]. The demarcation of the radial
zone and the calcified cartilage zone was determined by the
presence of the endplate, which presented itself as a dark
line under SHG imaging. To assess relative thickness of the
collagen fibers, the forward/backward ratio of SHG inten-
sity was calculated following established methods [17, 34–
38]. To quantify the orientation and organization of the
collagen fibers, we used algorithms we established pre-
viously [57] to analyze the FSHG images. A weighted
vector summation approach was used first to assign a
dominant orientation of the fiber(s) crossing each pixel.
This orientation information could thus be displayed on a
per pixel basis as a distribution for a given field of view to
characterize the overall organization of the fibers and
identify the presence of any dominant orientation angles.
These distributions were then used to calculate the direc-
tional variance of the fibers within a field, as a quantitative
metric of fiber organization. The value of the directional
variance varies between 0 and 1, with 0 indicating perfectly
parallel fibers, and 1 corresponding to completely random
organization [48, 58].

Statistical analysis

Data are shown as mean ± SEM. Non-parametric data from
Mankin scoring and synovitis scoring were evaluated via
Kruskal-Wallis analysis followed by Dunn’s multiple
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comparison test. All other experiments were evaluated with
ANOVA followed by Bonferroni’s multiple comparison
test. Spearman’s correlation was performed for correlation
analysis. All statistical analysis was performed using Prism
(version 5.01; GraphPad). Significant outliers (>3 standard
deviation away from the mean) were detected using the
QuickCalcs outlier calculator (GraphPad) for parametric
data, and custom R code for box plot detection of outliers
(>1.5 interquartile range) for non-parametric data (R 3.3.2,
R foundation) and removed from analysis. A p-value of
0.05 or less was considered significant.

Results

A dynamic inflammatory profile in early OA
development

To directly track inflammatory activity in the early stages of
OA, we performed DMM surgery on NFκB-RE-luc reporter
mice, and monitored luciferase intensity in the knee joint as
a readout for inflammation in live mice from 1 week to
19 weeks post-surgery [59–61]. For each mouse, the right
knee was subjected to DMM surgery; the left knee was
subjected to sham surgery, which served as an internal
control for NFκB activity. High levels of bioluminescent

signals were observed at 1 week following surgery, but
there was no difference in signal intensity between the sham
and the DMM joints (Fig. 1a, b), suggesting that the initial
surge of inflammation likely resulted from the knee incision
itself during both DMM and Sham surgery. By 3 weeks
post-surgery, signals from the sham joint returned to levels
similar to those of the non-surgery age-matched controls; in
contrast, signals from the DMM joint, although reduced,
remained higher than the sham signals until 7 weeks post-
surgery. This indicates that destabilization of the knee joint
through ligament transection induces a prolonged inflam-
matory phase, likely from the trauma of ambulation with the
destabilized joint. After 7 weeks, the bioluminescent signals
of both the DMM and the sham joints were further reduced
to levels similar to those in non-operated controls (Fig. 1a,
c), suggesting eventual resolution of acute inflammation
after joint injury.

Increased synovitis and subsequent induction of
cartilage damage in early OA

Since synovitis is known to be associated with inflammation
and OA, we determined the level of synovitis in the
weeks after surgery using an established synovitis
scoring system [45, 61, 62]. This system accounts for
the resident synovial cell population, the infiltrating

Fig. 1 Bioluminescence imaging demonstrating dynamic changes of
NFκB activity in NFκB-RE-luc reporter mice following osteoarthritis-
inducing surgery. a Images of in vivo bioluminescence imaging at
multiple time points following DMM and sham surgery on the right
and left knees of the mice, respectively. As controls, left and right
knees of age-matched non-surgery mice were also imaged. At least 3
mice were used for each group. b Quantification of NFκB signal
detected from serial bioluminescence imaging. c Quantification of

NFκB signal detected from serial bioluminescence imaging in age-
matched non-surgery controls. For statistics, ANOVA analysis was
conducted, followed by Bonferroni post-hoc test. The value at 1 week
post-surgery was significantly higher than those of 3 weeks and
7 weeks post-DMM. Additionally, the value at 3 weeks in the DMM
sample was significantly higher than that of the sham. Asterik (*)
denotes p ≤ 0.05
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inflammatory cells, and the thickness of the synovial lining.
Our results showed that in the first 3 weeks following
surgery in both the DMM and sham joints, resident cell
density was higher and there were more inflammatory
infiltrates than at subsequent weeks (Fig. 2a), an observa-
tion consistent with an early phase of inflammation that
eventually resolves. Additionally, the DMM joint generally

had higher resident cell density, a greater amount of
inflammatory infiltrates, and a thicker synovial lining
compared to sham (Fig. 2a). Furthermore, the anterior
region of the synovium had higher synovitis scores than the
posterior region, which is likely related to the fact that the
open knee surgery took place in the anterior area of the joint
(Fig. 2a) [39].

Fig. 2 Analysis of synovitis and macrophage presence in osteoarthritic
mice. The synovium of NFκB-RE-luc reporter mice were analyzed
after DMM and sham surgery at 1, 3, 7, and 10 weeks. a Quantification
of synovitis based on the following categories: resident cell density,
presence of inflammatory infiltrates, and synovial lining thickness.
Anterior and posterior synovitis were scored separately and summed
for total score. Kruskal-Wallis statistical analysis followed by Dunn’s
test was conducted. b Images of immunohistochemical (IHC) analysis

using the F4/80 antibody to detect resident and activated macrophages.
Scale bar= 50 μm. c Quantification of macrophages detected from
IHC images in (b). At least 3 mice were used for each time point.
Values at 1 week post-DMM were used as a reference to be compared
with values from the DMM samples at subsequent time points in
statistical analysis. ANOVA analysis was conducted, followed by
Bonferroni’s post-hoc test. Asterisk (*) denotes p ≤ 0.05
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Since macrophages are known to contribute significantly
to joint inflammation, we evaluated macrophage presence in
the synovium after OA induction. We used an F4/80 anti-
body that broadly recognizes activated resident and infil-
trating macrophages [63]. In both the DMM and the sham
joints, there were significant increases in macrophage pre-
sence at 3 weeks and 7 weeks post-surgery, but no sig-
nificant difference was noted for macrophage presence in
the synovium between the sham and DMM joints (Fig. 2b,
c). This result indicates that there is a delay in the surge of
macrophage population compared to the NFκB activity and
inflammatory infiltrates following surgery.

Progressive GAG loss and articular structural
damage in the DMM joint

To investigate the cartilage structural loss following DMM
surgery, we performed Safranin O staining to evaluate GAG

content and assessed cartilage structural integrity by
examining articular surface alterations such as fibrillation
and clefts. Cartilage damage, reflected by the loss of surface
integrity and Safranin O staining, was then quantified using
the established modified Mankin system, where a higher
score indicates increased damage [42]. As expected, a
progressive increase in joint cartilage destruction was
observed in the DMM knees, but not the sham knees
(Fig. 3a, b). By 7 weeks and 10 weeks post-surgery, the
DMM knees showed much higher scores in contrast to
sham, indicating significant cartilage damage (Fig. 3a, b). In
addition to GAGs, collagen II is a major matrix component
in articular cartilage [64]. Thus, we evaluated collagen II
protein levels via immunohistochemistry (IHC) (Fig. 3c,
and Supplemental Fig. 1 for “no primary antibody” control).
While no obvious differences in collagen II protein levels
were found between the DMM and sham joints (Fig. 3c),
further detailed quantification of collagen II protein level is

Fig. 3 Histological assessment
of joint structure damage in
osteoarthritic mice. a Safranin
O/Fast Green staining of mouse
knee sections at 1, 3, 7, and
10 weeks post-surgery,
indicating structural changes and
matrix loss. b Cartilage structure
and matrix loss were quantified
using the modified Mankin
scoring system. Separate scores
were obtained for the femur and
the tibia, and these scores were
combined as “total scores”.
Values at 1 week post-DMM
were used as a reference to be
compared with values at
subsequent time points in
statistical analysis. At least 3
mice were used for each time
point. Kruskal-Wallis statistical
analysis was conducted,
followed by Dunn’s test.
Asterisk (*) denotes p ≤ 0.05. c
Collagen II staining of mouse
knees joints at 1, 3, 7, and
10 weeks post-surgery. DAPI
staining served as a counter
staining to indicate nuclei.
Images of collagen II IHC and
DAPI staining were overlaid.
Scale bar= 400 µm

Imaging the inflammatory and collagen fiber landscape... 661



needed. It has been widely reported that in late OA, fibrosis
takes place; the development of fibrosis is exemplified by
the appearance of collagen I protein, which is not normally
present in articular cartilage [65, 66]. Although collagen I
protein was present in the bone and lateral meniscus in our
IHC analysis, no collagen I was observed in the articular
surface of the DMM joint up until 10 weeks post-surgery;
however, collagen I protein was clearly present in the
articular surface at 21 weeks post-surgery (Supplemental

Fig. 2). Thus, our data suggests that fibrosis is not present in
early OA, but does take place in late OA, which is con-
sistent with prior observations [65].

Second Harmonic Generation imaging indicates
reduced collagen fiber thickness in early OA

In addition to collagen content, collagen structure is known
to change in late OA [14, 36, 67]. Second harmonic

Fig. 4 Second Harmonic Generation (SHG) imaging assessment of
collagen fiber thickness in osteoarthritic mice. Cartilage of the tibial
plateau of NFκB-RE-luc reporter mice were analyzed after DMM and
sham surgery at 1, 3, 7, and 10 weeks. a Illustration of the delineation
of various zones after SHG imaging. SZ: superficial zone, TZ: tran-
sitional zone, RZ: radial zone, CZ: calcified cartilage zone. b Repre-
sentative images of the forward signal (FSHG), backward signal
(BSHG), and forward/backward signal ratio (FSHG/BSHG) acquired
for DMM, sham, and non-surgery control samples from 3 weeks post-

surgery. c Quantification of FSHG/BSHG signal ratios in the super-
ficial, transitional, and radial zones of DMM and sham joints. At least
5 mice were used for each time point. d Quantification of average
FSHG/BSHG signal for all zones in DMM and sham joints. e Quan-
tification of average FSHG/BSHG signal for all zones in age-matched
non-surgery controls. Data is presented as right knee signal relative to
left knee signal. Comparisons were made between DMM and sham
values using ANOVA statistical analysis followed by Bonferroni’s
post-hoc test. Asterisk (*) denotes p ≤ 0.05. Scale bars= 25 μm
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generation (SHG) imaging is widely accepted as an
advanced approach to resolve fine structures of non-
centrosymmetric structures such as fibrillar collagen [68,
69]. Thus, we performed SHG imaging to investigate
changes in collagen fibers in OA progression. To visualize
chondrocytes, we performed two-photon excited fluores-
cence microscopy imaging at the same time, in which
endogenous fluorescence from the coenzyme FAD could be
obtained, indicating cells within the matrix [48, 49, 53–56]
(Fig. 4a). Since different zones of articular cartilage
(superficial, transitional, and radial) consist of collagen
fibers with different thicknesses [53–56], we analyzed fiber
thickness in distinct zones. These zones were delineated
based on their different alignment of collagen fibers and

chondrocytes observed under the microscope (Fig. 4a).
H&E staining confirmed the presence of all three zones in
the DMM, indicating the mildness of OA in these early
stages (Supplemental Fig. 3). Based on established works
that assessed collagen fiber thickness using SHG imaging
[9, 37, 68], we calculated the ratio of the SHG signal col-
lected in forward (FSHG) and backward (BSHG) directions.
Thicker collagen fibers result in significantly increased
FSHG signals as compared to the BSHG signals [17]. Then,
based on the forward SHG images and backward SHG
images of articular cartilage, we generated FSHG/BSHG
signal ratio maps (Fig. 4b).

Our results show that there were significant changes of
the FSHG/BSHG ratio in the DMM and sham joint cartilage

Fig. 5 Second Harmonic Generation (SHG) imaging assessment of
collagen fiber orientation in osteoarthritic mice. Cartilage of the tibial
plateau of NFκB-RE-luc reporter mice were analyzed after DMM and
sham surgery at 1, 3, 7, and 10 weeks. a Illustration of analysis on
SHG image to calculate the directional variance of collagen fibers.
Scale bar= 25 µm. b Representative images of the directional variance
heat maps for sham, DMM, and age-matched non-surgery control. c

Quantification of collagen fiber directional variance in the superficial,
transitional, and radial zones. At least 5 mice were used for each time
point. d Quantification of directional variance of collagen fibers for
age-matched non-surgery controls (right knee/ left knee) in the
superficial, transitional, and radial zones. Comparisons were made
between DMM and sham values using ANOVA statistical analysis
followed by Bonferroni’s post-hoc test. Asterisk (*) denotes p ≤ 0.05
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at multiple time points (Fig. 4c, d), while the FSHG/BSHG
ratio in the cartilage of the non-surgery joint remained the
same over time (Fig. 4e). This suggests that knee surgery
altered collagen fiber thickness. Interestingly, there were no
differences in the FSHG/BSHG ratio in the superficial and
transitional zones prior to 7 weeks post-surgery, but the
FSHG/BSHG ratios of the DMM knees in the radial zone
were significantly different than the sham at 1, 3, and
7 weeks post-surgery (Fig. 4c). When all articular cartilage
zones were considered, the FSHG/BSHG ratios of the
DMM knees were lower than those of the sham knees at all
time points (Fig. 4d), suggesting that the collagen fibers
were thinner after DMM surgery. This trend started from
the deep zone early in OA development, and extended
through all the zones as OA progressed.

Second Harmonic Generation imaging indicates
increased variability of collagen fiber orientation in
early OA

We next evaluated collagen fiber orientation in the DMM
and sham joints. First, the angle of the fibers in reference to
the articular surface was determined using a previously
established method [48, 57], with 0° and 180° being parallel
to the surface, and 90° being perpendicular to the surface
(Fig. 5a). Consistent with published data [48, 70, 71], SHG
showed clear differences in fiber orientation in the three
zones of articular cartilage. In the superficial zone, the hues
of collagen were mainly red or magenta, revealing that the
majority of these fibers aligned parallel to the surface. In the
radial zone, the fibers were mainly blue and green, showing
that these fibers are typically perpendicular to the surface. In
the transitional zone, the hues of the fibers were broadly
distributed, indicating more randomly oriented fibers
(Fig. 5a). To compare the state of collagen fiber orientation
among different cartilage layers, we calculated the “direc-
tional variance” [48]. This parameter measures the varia-
bility of fiber orientation with respect to neighboring fibers,
indicating the spread of the data (Fig. 5a). A higher direc-
tional variance value indicates a higher variance in
collagen fiber orientation and more disorganized fibers,
while a lower directional variance value indicates fibers that
are more aligned with respect to each other [48]. This is
reflected by the “directional variance heat map” (Fig. 5a).
Representative images of “directional variance heat maps”
for the sham, DMM, and non-surgery control samples are
shown in Fig. 5b.

Both the superficial and radial zones showed notable
differences at multiple time points in the directional var-
iance of collagen fibers between the sham and DMM joints;
however, no significant difference in directional variance
was found in the transitional zone, or between the non-
surgery left and right knees (Fig. 5c,d). In the superficial

zone, the DMM joint showed significantly higher direc-
tional variance of collagen fibers compared to that of the
sham joint, and increased over time (Fig. 5c). Interestingly,
we detected opposite changes in the radial zone, where the
DMM joint showed decreased directional variance relative
to the sham joint (Fig. 5c), suggesting that the collagen
fibers in the deep zone became more organized in OA.
Thus, changes in collagen fibers take place not only in the
superficial layer but also in the deep layer of the articular
cartilage during early OA development.

We further confirmed the authenticity of SHG imaging in
reflecting collagen II content by using sections stained with
an anti-collagen II antibody, since collagen II is the major
collagen in articular cartilage [72, 73]. Confocal imaging of
Col II immunofluorescence signals showed agreement of
collagen II fiber signals with SHG imaging (Supplemental
Fig. 4), supporting the notion that collagen II fibers are a
major contributor to SHG signals. However, confocal
imaging was not able to resolve fine details of collagen fiber
alignment, unlike SHG imaging (Supplemental Figs. 5–6).
This is probably related to the fact that confocal imaging
relies on indirect signals from exogenous proteins (i.e.,
antibodies) binding to the collagen proteins; uneven binding
of antibodies will result in distortion of the shape of the
fibers as viewed by confocal imaging. In contrast, SHG
imaging relies directly on signals from the endogenous
collagen fibers, and truthfully reflects the collagen
landscape.

Discussion

In this study, we used advanced imaging analyses to
uncover novel pathological changes in the joint in early
phases of experimental OA, including inflammation and
zonal collagen structural alterations. Bioluminescence
imaging analysis using NFκB-RE-luc reporter mice indi-
cated an initial surge in inflammation that gradually
resolved over time; but compared to the sham, OA mice
showed a significant delay in resolution of inflammation.
Although NFκB activity eventually returned to the basal
level in our study, it is not clear whether its activity is
altered when OA becomes even more severe. In human
radiographic OA, which likely represents stages later than
those in our study, IHC analysis still detected a significantly
higher level of synovial NFκB, indicating chronic inflam-
mation [74]. Chronic inflammation is known to associate
with pain in multiple tissues [75, 76]. One study used a pain
OA model, monosodium iodoacetate (MIA) injection, that
shows acute joint destruction. There, a surge of NFκB
activity was observed immediately after MIA injection,
accompanied by an immediate increase in pain [59]. We
focused on early pathological changes prior to pain
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development during chronic OA development using the
DMM model, in which pain only developed 12 weeks later
[77]. But based on the demonstrated association of NFκB
activity with pain, it will be interesting to correlate early
NFκB activity with the level of pain developed at later
stages in chronic OA.

Our detailed synovitis analysis corroborated the NFκB
imaging analysis. Regarding regions of the synovium that
exhibit inflammatory changes, one prior study evaluated
overall synovitis in DMM mice, and showed a higher level
of synovitis in the anterior compartment [78]. Our data is
consistent with this report; this finding is not entirely sur-
prising, since the ligament severed in the DMM surgery is
located at the anterior area of the joint [39]. However, there
is a paucity of prior studies that separately analyzed various
contributors of synovitis in different compartments of the
joint during early OA progression. Our data showed an
intriguing dynamic of synovitis in the DMM joint, which is
mostly driven by cell density and inflammatory infiltrates,
rather than the thickness of synovial lining. Despite that,
synovial lining thickness was overall higher in the DMM
joint. It is not clear how levels of these three contributors to
synovitis will change in later stages in our system. But at
least in humans, a study showed that the amounts of
inflammatory infiltrates actually increased in late OA
compared to early radiographic OA, suggesting inflamma-
tory cells may participate in the manifestation of chronic
pathogenesis [74]. Since macrophages have also been
known to be present in OA, we examined the presence of
activated macrophages by performing F4/80 staining. The
level of activated macrophages was low at 1 week post-
surgery, but significantly increased afterward. Interestingly,
the trend of activated macrophage presence did not follow
the same trend as synovitis. On the other hand, since the F4/
80 antibody that we used can detect pro-inflammatory
macrophages (M1), pro-resolution macrophages (M2), and
synovial resident macrophages, the dynamic presence of
each type of macrophages is still unclear [79–82]. Thus,
further studies are needed to determine the specific con-
tributions of different subpopulations of inflammatory cells
in early OA. Nevertheless, since inflammation is known to
induce cartilage-degrading enzymes such a MMPs, it is
possible that this prolonged period of inflammation sustains
catabolic activities to a point of irreversibility, constituting a
critical window for OA progression.

Profiles of cartilage structural changes are also dynamic.
In the early stages of OA, we found structural damage, such
as fibrillation and clefts, was relatively trivial, which is
consistent with other studies [40, 83]. It has been generally
regarded that collagen experiences fewer changes in OA
than GAGs, based on the 14C labeling analysis of human
cartilage that indicated a higher turnover rate of GAGs than
collagen [14, 84]. By using SHG imaging, however, we

discovered that collagen organization did in fact change
rapidly upon OA initiation, beginning from the earliest time
point post DMM surgery and in different layers of the
articular cartilage, reflecting the dynamics of ECM during
OA pathogenesis.

In terms of collagen fiber thickness, at 1 week post-
surgery, collagen fibers in the radial zone were already
thinner, while collagen fibers in the superficial and transi-
tional zones did not become thinner until 7 weeks post-
surgery, suggesting that the change in fiber thickness in
cartilage matrix begins in the deep layer rather than the
superficial layer during OA progression. While no reports
on collagen fiber thickness have been carried out at very
early OA time points, as in our work, previous studies
examined later stages of OA. In these studies, both an
increase and decrease in collagen fiber thickness was found
[7, 8, 37, 85–87]. The discrepancy could be due to the
balance of damaged collagen II fibers naturally found in
articular cartilage and the occurrence of collagen I fibers,
which are thicker than collagen II fibers, in later stage OA
[88]. In the time frame of our study (1 to 10 weeks),
however, no collagen I expression was detected (Supple-
mental Fig. 2). Thus, we do not believe that fibrosis inter-
fered with our interpretation of the SHG signals. Collagen X
is another collagen type that has also been found to be
elevated in OA articular cartilage [89, 90]. However, since
collagen X is not a fibrillar collagen, it does not interfere
with SHG signal interpretation [72, 73]. Additionally, we
did not observe an increase in collagen X in the time frame
of our study, which is consistent with the study indicating
collagen X upregulation only takes place in later stages of
OA (Supplemental Fig. 7) [90].

While changes in collagen fiber thickness may first take
place in the deep zone, changes in collagen orientation seem
to first take place in the superficial zone, showing an
upward trajectory in directional variance following DMM
surgery. This study is consistent with prior studies on
human cartilage using polarized light microscopy and on
sheep cartilage using MRI [14, 91], and supports the
hypothesis that the mouse DMM model recapitulates col-
lagen structural changes in human OA, even though these
prior studies were focused on later time points of OA
pathogenesis. A recent report using AFM-based nano-
indentation demonstrated a significant reduction of mouse
cartilage modulus in the superficial zone starting from
1 week post-DMM surgery [92]. However, the underlying
cause for this reduction is not known. Our study provides a
mechanistic explanation for the change in biomechanical
properties of cartilage matrix in OA, which may be caused
by a combination of altered directional variance and
thickness in collagen fibers. Contrary to the superficial
zone, however, the deep zone showed more organized
collagen fibers in OA (Fig. 6). Whether this change results
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in alteration of biomechanical properties of the deep zone
remains to be discovered. The notion of inhomogeneity of
articular cartilage has previously been raised concerning
normal cartilage [93]. Here, we showed that inhomogeneity
is also present in collagen fibers under the pathological
condition of OA, and may even exhibit opposite trends in
different layers.

The dynamic profiles of joint inflammation and collagen
structure changes in our OA studies suggest that cartilage
structural changes may be independent of inflammatory
changes at the onset of the disease. Specifically, joint
inflammation and synovitis were equally pronounced in the
DMM and sham joints at the first week post-OA induction
surgery; at the same time points, collagen fibers were
already thinner and more disorientated. On the other hand,
this does not exclude the possibility that the prolonged
inflammatory phase that follows sustains the collagen fiber
changes over the course of early OA development, due to
the gradual induction of MMP activities. In fact, in humans,
synovitis strongly correlates and predicts human radio-
graphic OA [94–96]. Interestingly, we found an association
between the trend of collagen fiber thickness changes in the
deep zone with that of synovitis in both the DMM and
Sham knees; however, DMM surgery leads to an overall
shift toward higher synovitis and thinner collagen fibers
(Supplemental Fig. 8A). It is also interesting to note that the
trend of collagen directional variance in the superficial zone
follows that of the Mankin score in OA progression, indi-
cating a coordinated change between different components
of cartilage matrix (Supplemental Fig. 8B). As the biolo-
gical rationale behind such observations is still elusive, it is
too early to conclude whether such correlation is causative
or not.

In summary, by using the bioluminescence imaging and
SHG imaging approaches, we were able to take a first look

at inflammatory activities and detailed collagen structural
changes in OA at much earlier time points than previously
reported and obtained significant and intriguing results.
While SHG imaging has been used to visualize collagen in
cartilage [34–38, 97], our study uniquely quantified the
properties of collagen fiber thickness and directional orga-
nization. The sensitive nature of these imaging approaches
will not only be powerful for evaluating early pathology in
other subtypes of OA or in human OA specimens, but it will
also enable us to assess changes in the joint more effectively
to evaluate interventions in developing OA treatment
options.
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